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Abstract

Microorganisms can form biofilms, which are multicellular communities surrounded by a 

hydrated extracellular matrix of polymers. Central properties of the biofilm are governed by this 

extracellular matrix, which provides mechanical stability to the three-dimensional biofilm 

structure, regulates the ability of the biofilm to adhere to surfaces, and determines the ability of the 

biofilm to adsorb gasses, solutes, and foreign cells. Despite their critical relevance for 

understanding and eliminating of biofilms, the materials properties of the extracellular matrix are 

understudied. Here, we offer the reader a guide to current technologies that can be utilized to 

specifically assess the permeability and mechanical properties of the biofilm matrix and its 

interacting components. In particular, we highlight technological advances in instrumentation and 

interactions between multiple disciplines that have broadened the spectrum of methods available 

to conduct these studies. We review pioneering work that furthers our understanding of the 

material properties of biofilms.
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1. Introduction

Biofilms are defined as consortia of single cell microorganisms that are physiologically 

distinct from their free-swimming counterparts. A distinguishing feature of microbial 

biofilms is the presence of an adhesive matrix of highly hydrated extracellular polymeric 

substances (EPSs), comprised of polysaccharides, proteins, lipids, and nucleic acids (for 

detailed reviews regarding matrix composition we direct the reader to (Flemming and 

Wingender, 2010, Sutherland, 2001b, Sutherland, 2001a)). The matrix is a primary 

component of the biofilm, contributing to 50–90% of the total dry biomass (Flemming and 

Wingender, 2010). Biofilms are typically described as surface attached communities, but 
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microbes can also form suspended aggregates, microbial mats, and flocs with biofilm-like 

properties, where all arrangements rely on some mixture of EPS for aggregation, structure, 

and maintenance of the community lifestyle (Flemming and Wingender, 2010, De Beer and 

Stoodley, 2013).

Over the past decades extensive information has been gained about the genetic traits and 

physiological processes of biofilm inhabiting cells, and how these properties correlate with 

the ability to form biofilms. However, important characteristics that are brought about by the 

extracellular matrix, such as the adherence to physiological or synthetic substrates, 

adsorption of gasses, solutes, and foreign cells, and resistance to deformation and rupture, 

are understudied. This is due, in part, to the intrinsic structural heterogeneity and complexity 

of the matrix, which complicates interpretation of results and identification of underlying 

mechanisms (Figure 1).

In this review we shall discuss the study of permeability and mechanical properties of 

biofilms. Molecular gradients of nutrients, dissolved gasses, and signaling molecules that 

arise within the matrix, as determined by the permeability, lead to genetic and physiological 

heterogeneity of the inhabiting cells (Stewart and Franklin, 2008). While traditionally 

studied separately, permeability and mechanical properties in the biofilm matrix are closely 

linked. For example, the mechanical properties and permeability of the biofilm are both 

influenced by the pore size, heterogeneity, and internal structure, of the matrix. This overlap 

between material properties should be considered when determining the appropriate tools 

required to characterize a specific biofilm system.

To develop greater insight into a structure-function relationship in biofilms, several 

questions need to be asked (Figure 1). For example, what is the pore size of the matrix? 

Which structural components of the matrix dominate its permeability properties? What are 

the dynamics of the matrix, i.e. is it a static arrangement or do the individual components 

engage in dynamic interactions, leading to structural rearrangements? All of these questions 

require different methodologies or combinatorial approaches to assess permeability and 

mechanical properties within a specific biofilm system.

Recent technological advances in instrumentation and the interaction between multiple 

disciplines have enhanced the availability of tools required for such studies. In this review 

we shall give an overview of pioneering work and recent findings by investigators that 

further our understanding of the permeability and mechanics of biofilms. We shall also 

provide the reader with a guide to current technologies that can be utilized to assess these 

properties, where these methods are specifically designed to measure properties of the 

biofilm matrix and its interacting components (Figure 2).

2. Permeability of Biofilms

2.1 Measuring concentration gradients in biofilms using microsensors

The physiochemical properties of the biofilm matrix influence the exchange of nutrients, 

dissolved gasses, molecules, and cells between the environment and the biofilm. The 

transport of water and solutes through a biofilm depends on the structure and composition of 
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the biofilm constituents. Specifically, biofilms reduce both water flow and solute diffusion 

relative to bulk water, which can result in steep concentration gradients between the biofilm 

and the surrounding water phase (Jorgensen and Revsbech, 1985, De Beer et al., 1993, De 

Beer and Stoodley, 1995, Stewart, 2003, Staal et al., 2011). In circumstances where flow is 

completely absent from the biofilm, transport of solutes is diffusion dominated. Here, 

molecules move by random walk through the porous matrix or physically interact with 

matrix components. In other structural arrangements where channels form throughout the 

biomass, flow is introduced and a combinatory effect of advection within the channels and 

diffusion within the microcolonies influences mass transport (Yang and Lewandowski, 

1995, Stewart, 2012).

One major challenge in measuring the permeability of biofilms, particularly the steep 

concentration gradients of solutes, is the limited ability to penetrate the biofilm structure 

without affecting its properties. Microsensor technology has been used to analyze the spatial 

distributions of solutes in biofilms since the 1960s (Whalen et al., 1969, Bungay et al., 

1969), and consists of using a microscale probe at most 10–20 microns in size to measure 

the concentration of a particular chemical. Probes have been used to measure the 

concentrations of oxygen, carbon dioxide, sulfide, pH, oxidation-reduction potential, 

ammonium, nitrate and nitrite in biofilms (Li and Bishop, 2004, Yu and Bishop, 2001, 

deBeer et al., 1997). These probes are thought to be small enough as to not harm the biofilm 

significantly upon entry, such that they provide reliable data on chemical concentrations at 

microscale within the biofilm.

A commonly studied molecule in the context of biofilms is oxygen, due to the large interest 

in understanding the metabolic activity of biofilm bacteria. Early works on oxygen 

microsensing described the development of appropriate probes, and provided detailed 

profiles of oxygen concentration based on the position within a biofilm (Bungay et al., 1969, 

Whalen et al., 1969). Later studies began using the oxygen profiles to calculate physical 

constants based on models developed for nutrient transport within the biofilm (Revsbech, 

1989, Lewandowski et al., 1993). Oxygen sensing has also been used to understand the 

transport limitations posed by various types of biofilm macrostructure, and to understand the 

consequences of void space within these structures (de Beer et al., 1994b, Rasmussen and 

Lewandowski, 1998). The high level of spatial resolution afforded by microsensors allow 

for the three-dimensional measurement of oxygen concentration, which provides clues to the 

structure of biofilms (Yu et al., 2004). By making oxygen the limiting substrate for growth, 

it has been possible to determine parameters for growth kinetics by fitting growth models to 

experimental data (Yurt et al., 2003).

Bacterial nitrification is important in several industries and multiple studies have been 

undertaken to better understand how these biofilms are structured and stratified by metabolic 

processes (Schramm et al., 1996, Li and Bishop, 2003) as well as how the metabolic profile 

changes due to the environment (Li and Bishop, 2002). Further investigations of nitrifying 

bacteria showed spatiotemporal changes of concentrations of measured molecules, to help 

locate where specific processes occur in a biofilm (Li and Bishop, 2004).

Billings et al. Page 3

Rep Prog Phys. Author manuscript; available in PMC 2016 February 26.

A
uthor M

anuscript
A

uthor M
anuscript

A
uthor M

anuscript
A

uthor M
anuscript



Biofilms often contain multiple species of bacteria, which can be profiled using a wide range 

of metabolic fingerprints, and the use of multiple sensors allows for a better understanding 

of how such communities are arranged. Bacterial nitrification is important in several 

industries and multiple studies have been undertaken to better understand how these 

biofilms are structured and stratified by metabolic processes (Schramm et al., 1996, Li and 

Bishop, 2003) as well as how the metabolic profile changes due to the environment (Li and 

Bishop, 2002). Further investigations of nitrifying bacteria showed spatiotemporal changes 

of concentrations of measured molecules, to help locate where specific processes occur in a 

biofilm (Li and Bishop, 2004). Similar work in mixed anaerobic/aerobic biofilms also 

showed spatially distinct metabolic regions (Yu and Bishop, 2001). By creating an array of 

microelectrodes on a micro-fabricated device, one group was able to simultaneously 

measure multiple chemical signatures at once in the same location, which may provide a 

more detailed and accurate resolution of spatially dependent processes (Lee et al., 2007).

Microsensors enable the online spatial and temporal resolution of chemical concentrations, 

which can improve understanding of transport within the biofilms and help model biofilm 

organization. One shortcoming of this technology is its limitation to very small length scales 

to measure local concentrations of a single parameter (e.g. oxygen, pH, carbon dioxide) 

surrounding the probe. Nevertheless, microsensor techniques have proven to be a valuable 

technology when investigating concentration gradients in biofilms.

2.2 Measuring mass transport with imaging-based techniques

Imaging based technologies are widely used to observe and quantify the transport of solutes 

through biofilms. Perhaps the most common and widely available optical technique is 

fluorescence-based microscopy. Fluorescence facilitates direct visualization of molecules in 

real time inside the biofilm. This enables investigators to calculate their effective diffusivity 

(Deff), determine interactions between the probe and the matrix, and to map voids, channels, 

and microcolony structures in biofilms. In comparison to microsensor technology, 

fluorescence imaging can typically cover a larger region of interest, ranging from hundreds 

of nanometers up to millimeters (Schmolze et al., 2011). In recent years, confocal and two-

photon fluorescence microscopy has yielded three-dimensional information of fluorescence 

distribution through greater depths of biomass with less invasive methods relative to 

microelectrode probing. Furthermore, fluorescence imaging can be used to visualize the 

biofilm matrix by directly labeling matrix components (Ma et al., 2007, Barnes et al., 2012, 

Lawrence et al., 2007, Wrangstadh et al., 1990). This method has provided valuable 

information on the matrix structure, localization, and composition. Fluorescence imaging 

techniques provide high spatial resolution for identifying cell micro-clusters, densely packed 

films, and fluid filled channels and voids. However, imaging is limited to fluorescence 

labeling of a molecular probe, and the introduction of the label can perhaps perturb the 

probe’s behavior.

The size of particles used for fluorescence imaging range from small molecules (fluorescent 

dyes, peptides, or lipids) to larger macromolecules (proteins and glycan chains), up to 

micro-sized fluorescent beads (Figure 3 a,b) (De Beer et al., 1994a, Stoodley et al., 1994, 

Stewart, 1998, Wilking et al., 2013). One of the earliest approaches to assess diffusion 
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though the bulk biomass resulted from bathing biofilms with fluorescent tracers. To 

calculate an internal effective diffusion coefficient (Deff) within a biofilm, several studies 

have relied on the introduction of fluorescent tracers into the biofilm coupled with time-

lapse microscopy to record the change in fluorescence intensity (F) of tracers over time. 

Fluorescent dyes (fluorescein, Rhodamine B, and BoDipy) and fluorescently labeled 

dextrans and Ficolls provide a reasonable estimate of diffusion through a biofilm (De Beer 

et al., 1994a, De Beer et al., 1997, Lawrence et al., 1994, Thurnheer et al., 2003). Due to the 

variation in matrix polymers and overall biofilm structure, departures from predicted 

diffusion coefficients may occur. Such deviations may indicate either electrostatic or 

hydrophobic interactions between the fluorescence probe and the matrix components, or 

rapid movement of the fluorescent tracer through water filled channels and voids.

One of the pioneering studies in biofilm permeability utilized fluorescence imaging to 

investigate the behavior of fluorescein plumes microinjected into the biofilm at different 

locations (De Beer et al., 1994a). When fluorescein was injected into microcolonies, the 

plume maintained a spherical shape, indicating limited or no fluid flow through these 

structures even with increasing the liquid velocity within the growth chamber. However, 

when fluorescein was injected into fluid-filled voids, the plume sphere elongated as the fluid 

velocity increased, indicating flow within the void (De Beer et al., 1994a). This work 

highlighted the fact that biofilm structure has significant impact upon the movement of 

solutes within a biofilm. Fluorescence microscopy has also been utilized to study the 

transport of antimicrobials through biofilms. An increase in antibiotic tolerance is a common 

property of biofilm-associated cells (Lewis, 2001, Stewart and Costerton, 2001, Stewart, 

2002, Hoiby et al., 2010, Hogan and Kolter, 2002). In some cases, tolerance can increase 

orders of magnitude above the minimal inhibitory concentration (MIC) of planktonic cells, 

rendering many of the cells virtually resistant to antibiotic monotherapy (Sandoe et al., 

2006, Svensson et al., 1997, Girard et al., 2010). Since the matrix serves as a selective filter 

of solutes, likely through electrostatic and hydrophobic interactions, the matrix perhaps 

influences transport of antimicrobial agents. Several groups have experimentally addressed 

this question by examining transport of fluorescently labeled antibiotics (Rani et al., 2005, 

Jefferson et al., 2005, Oubekka et al., 2012, Tseng et al., 2013, Billings et al., 2013) or 

antibiotics that trigger downstream fluorescence upon interaction with the cells (Stone et al., 

2002). In addition, antibiotic penetration through biofilms has been intensively studied, even 

beyond fluorescence based methods (Stewart, 1996, Stewart, 1998, Singh et al., 2010, 

Pibalpakdee et al., 2012, Walters et al., 2003, Shigeta et al., 1997). The results have 

demonstrated that transport is dependent upon the composition of the extracellular matrix, 

the physiochemical properties of the antibiotic, and the overall heterogeneity of the biofilm 

structure. It is important to recognize that although antimicrobials may rapidly pass through 

a biofilm by means of channels and pores in the matrix mesh, sorption to the matrix, steric 

hindrances to its target molecules, and inactivation of the antibiotic may reduce the 

bioavailability such that an antibiotic cannot reach its target at effective concentrations.

Another property that is worth considering for mass transport within biofilms is the active 

mobility of cells, where fluorescence microscopy can be used to track cell movement in real 

time. Conventional paradigm dictates that biofilms are sessile communities of cells and that 
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motility is reserved for active dispersal. However, recent work by Houry et al. demonstrated 

that some species of motile bacteria infiltrate deep into the biofilm matrix, originating from 

planktonic subpopulations (Houry et al., 2012). Time-lapse confocal microscopy was used 

to track single cell movement within the biofilm using the expression of green fluorescent 

protein (GFP) as a marker. This motile sub-population of cells produce tunnels that collapse 

after 2–5 seconds or transient pores up to 10 μm in diameter. The behavior was identified in 

Bacillus thuringiensis and Yersinia entrocolitica. However, this behavior was not observed 

in the motile species Bacillus subtilis or Pseudomonas aeruginosa. The authors propose that 

stealth swimming in the biofilm matrix may require a bacterium to overcome the kinetic 

energy threshold of forces generated by the EPS. This sub-population is perhaps biologically 

significant since stealth swimmers could potentially facilitate the transport of nutrients and 

oxygen deep into the biofilm. Of note, the diffusion of FITC-labeled Dextran (250 kDa) into 

a B. thuringiensis biofilm was enhanced by the presence of the intra-biofilm swimming 

phenotype. These results suggested that cellular motility within a biofilm should be 

considered, along with diffusion and advection, when describing mass transfer within 

biofilms of specific species (Boles and Horswill, 2012).

2.2.1. Laser scanning microscopy techniques—Both fluorescence recovery after 

photobleaching (FRAP) and fluorescence correlation spectroscopy (FCS) are powerful 

quantitative tools for measuring local diffusion coefficients for multiple locations within a 

biofilm beyond initial diffusive rates. These techniques provide a greater spatial resolution 

to resolve transport properties within a biofilm. Importantly, these methods allow for 

separation of free diffusion from anomalous diffusion, facilitating the discrimination of 

solutes that interact with matrix components from those that are nonreactive (Oubekka et al., 

2012). Furthermore, these techniques can be applied after the fluorescent probe has reached 

equilibrium within the biofilm matrix to monitor the reactivity of the solute on extended 

timescales, which can be on the order of days.

FRAP is a method used to extract transport information of mobile fluorescent molecules in a 

user defined region of interest (ROI). It is based on the principle of irreversibly quenching 

fluorophores when exposed to a brief, high intensity pulse of light in the user-defined 

region. Fluorescence recovery that occurs within the ROI is the result of bleached and non-

bleached fluorophores redistributing within the bleached parameter space. Measuring and 

plotting fluorescence recovery intensity profiles as a function of time can determine 

transport properties of the fluorescent molecules (Axelrod et al., 1976, Edidin et al., 1976).

In the context of living systems, FRAP has been predominantly used to study mobility of 

molecules within membranes (Liebman and Entine, 1974, Poo and Cone, 1974) or 

intracellular space (Cole et al., 1996, White and Stelzer, 1999, Carrero et al., 2003). 

However, a few studies have managed to use the technique to characterize the diffusion of 

small molecules and particles within biofilms. One of the first studies by Lawrence and 

colleagues (Lawrence et al., 1994) developed a FRAP based method to quantify the mobility 

fluorescently labeled dextrans of different molecular weights through biofilms. With this 

experimental approach, the authors defined a large, rectangular ROI that measured 800 μm2 

of biofilm area. Due to the large area encompassed by the ROI, the authors measured 

average diffusion coefficients within a heterogenous mix of channels and micro-cell clusters 
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(Lawrence et al., 1994). Although this study demonstrated the utility of FRAP with biofilm 

studies, other groups reported different diffusion coefficients for the same fluorescent 

molecules, perhaps due to the macroscale bleaching ROI and the one-dimensional diffusion 

parameter in the z-direction considered by Lawrence et. al. for fitting of FRAP recovery 

curves. Other groups have reduced the size of the bleach spot to focus on specific structural 

regions within the biofilm (e.g. cell clusters) (Bryers and Drummond, 1998, Birmingham et 

al., 1995). Further, a standard two-dimensional diffusion model, based on the model 

presented by Axelrod et. al. (Axelrod et al., 1976), serves as a general fitting model. These 

assume a Gaussian laser beam profile and an infinite homogeneous distribution of 

fluorescent molecules outside of the ROI (Bryers and Drummond, 1998, Birmingham et al., 

1995):

(1)

where F(t) is the recorded fluorescence intensity at postbleach time (t); Fo refers to the 

initial pre-bleach fluorescence intensity, and Rf refers to the mobile fraction of fluorescently 

labeled fluorophores and is defined as:

(2)

In the case of molecular diffusion without reversible binding reactions between the 

fluorescently labeled molecule and the surrounding environment, f(t) is defined as:

(3)

where κ represents the bleach constant, representing the extent of bleaching, and τd is the 

2D characteristic diffusion time:

(4)

where ω represents the e−2 laser radius and D is the lateral diffusion coefficient. Using 

appropriate software, the experimental FRAP recovery curves can be fitted to the theoretical 

model to calculate D. In cases where the fluorescent solute interacts with the biofilm 

environment, a different mathematical approach must be employed to separate diffusive 

behavior from bimolecular interactions with the surrounding matrix. Birmingham et al.

(Birmingham et al., 1995) derived a series of theoretical FRAP recovery functions that 

consider differences in the lateral diffusion of the interacting species, along with differences 

in photobleaching/fluorescent yields between bound versus free labeled molecules.

With increased availability of commercial confocal microscopy systems, a recent method 

has emerged to improve the accuracy of FRAP measurements within biofilm systems 

(Waharte et al., 2010). This methodology, first introduced by Waharte et al., includes image 

acquisition during the bleach phase, high frequency of image capture, and consideration of 

bacterial movement over the duration of the experiment. The authors are the first to 
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implement a kymogram analysis (xt plot) of a FRAP experiment within the context of 

bacterial biofilms, which provides the added advantage of eliminating experiments that are 

unusable due to microbial motion. In contrast to classical FRAP, the authors implement an 

intensity profile analysis to quantify diffusion of FITC-dextrans within Lactococcus lactis 

and Stenotrophomonas maltophilia biofilms instead of a single spot ROI. A series of 

intensity profiles extending from the bleach region are plotted with a Gaussian function 

(Seiffert and Oppermann, 2005, Waharte et al., 2010):

(5)

where K is the bleach constant, x0 is the profile center, and the diffusion coefficient is solved 

by d2 = 8Dt for 2-dimensional diffusion. The diffusion coefficients calculated from intensity 

profiles were determined to be on the same order of magnitude as calculated by analytical 

models (Braga et al., 2004) and fluorescence correlation spectroscopy (Guiot et al., 2002). 

Other studies have used this method to determine diffusion-reaction behavior of 

fluorescently labeled vancomycin in Staphylococcus aureus biofilms (Daddi Oubekka et al., 

2012, Oubekka et al., 2011).

As an alternative to FRAP, fluorescence correlation spectroscopy (FCS) is a powerful, non-

invasive tool to measure diffusion in biofilms based on single molecule fluorescence 

intensity fluctuations over time. These fluctuations are the result of fluorophore movement 

through a microspace and are recorded as the molecules pass through the confocal excitation 

volume. FCS rapidly detects thousands of single molecule diffusion events with low 

fluorophore concentrations (20–100 nM) in small volumes (20–30 μ l), making the approach 

ideal for characterizing multiple regions within a single biofilm with high statistical 

confidence (Zhang et al., 2011). Even though FCS is well suited for confocal microscopy, 

two-photon excitation (TPE) microscopy has the added advantage of confining excitation to 

the imaging focal point at femtoliter volumes, resulting in low background, reduction in 

photobleaching, while limiting cellular photodamage (Briandet et al., 2008). Diffusion times 

are calculated from raw FCS data by fitting with a normalized autocorrelation function 

[g(τ)] for the free Brownian motion of molecules, operating under the assumptions that the 

intensity profiles are approximated using a three dimensional Gaussian distribution and that 

fluctuations in intensity are only due to diffusion through the excitation volume (Briandet et 

al., 2008, Guiot et al., 2002):

(6)

In this model, N is defined as the number of fluorophores in the excitation volume, ω0 is 

beam width in the focal plane, z0 is the focal depth, and τ0 is the translational diffusion time. 

The translational diffusion coefficient is related to τD by:

(7)
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Diffusion of two separate fluorescent populations or anomalous diffusion, which may occur 

in complex biological systems, requires alternative models for raw FCS data fitting 

(Briandet et al., 2008, Guiot et al., 2002).

The first application of FCS with TPE toward characterizing diffusion within bacterial 

biofilms was implemented by Guiot and colleagues (Guiot et al., 2002). In this study, latex 

beads and FITC-dextrans ranging in size and charge were introduced into L. lactis and S. 

maltophilia biofilms and the resulting correlation curves were compared with those acquired 

in free solution. From strictly a steric perspective (in the absence of charge interactions) the 

authors conclude that nutrients, antibiotics, or small particles, can penetrate and diffuse 

within the biofilm matrix with modest hindrance in some cases. However, FCS analysis of 

charged particles revealed heterogeneous distribution of spatial regions within both L. lactis 

and S. maltophilia biofilms that reduced or completely inhibited cationic particle diffusion 

(Guiot et al., 2002). The efficiency of FCS analysis has lead to further investigations of 

small molecule (Daddi Oubekka et al., 2012, Zhang et al., 2011), bacteriophage(Briandet et 

al., 2008, Lacroix-Gueu et al., 2005), and nanoparticle (Peulen and Wilkinson, 2011) 

mobility within biofilms of varying species.

As described above, experimental setups are diverse among many groups, and include static 

or continuous-flow biofilm systems, an assortment of fluorescence tracers, and different 

methods of introducing the probes into biofilms. For imaging-based fluorescence 

experiments, it is important to consider the type of probe required to answer specific 

questions regarding the material properties of a biofilm. For instance, small molecules and 

micro-scale fluorescent beads may both provide information regarding the transport through 

channels and voids, while fluorescent micro-beads can also be utilized for probing local 

mechanical properties of the biofilm matrix as will be discussed in later sections of this 

review. Ultimately, careful fluorescence probe design and detailed knowledge of biofilm 

experimental conditions are required to quantify physical properties, such as probe 

interactions with matrix polymers and geometric constraints resulting from the matrix mesh 

size.

2.2.2 Nuclear Magnetic Resonance Imaging—In addition to light microscopy based 

methods to study transport in biofilms, the phenomenon of nuclear magnetic resonance 

(NMR) has been employed as a multipurpose, non-invasive technique to study biofilms in 

situ. Although light microscopy offers an excellent approach to map 3D structures of 

biofilms and mobility of solutes, it is not possible to directly observe the flow dynamics of 

water or small molecules without a fluorescent tracer or label. For detailed descriptions on 

NMR methodology, we refer the reader recent texts by James Keeler and Edme Hardy 

(Keeler, 2011, Hardy, 2012).

NMR-imaging (e.g. magnetic resonance image; MRI) and NMR spectroscopy methods have 

been used to map the structure and flow velocity profiles of biofilms without the addition of 

exogenous fluorescent probes, while providing information on the diffusion of molecules 

and their interaction with the surrounding biofilm environment. Lewandowski et al 

(Lewandowski et al., 1993) was the first to report NMR imaging as a technique to measure 

the flow velocity profiles around a mixed species bacterial biofilm on a polycarbonate 
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substrate under continuous flow. The work addresses the flow properties of the 

hydrodynamic boundary layer, while challenging the assumption that diffusion is the only 

property that governs mass transport within biofilms. Specifically, the data revealed that 

convection and diffusion were not separate properties isolated to the bulk fluid and internal 

biomass, respectively, but demonstrated that intra-biofilm flow occurs below the biofilm 

interface, presumably due to intra-biofilm channels and structural heterogeneity 

(Lewandowski et al., 1993). Pulse-field gradient NMR (PFG-NMR) is the most commonly 

used method for diffusion analysis of water and small molecules. Using this method, 

Beuling et al (Beuling et al., 1998) quantified the diffusion of water in natural biofilm 

systems isolated from industrial settings, while Vogt et al (Vogt et al., 2000) quantified the 

diffusion of water, glycerol, and unknown chemical constituents in Pseudomonas 

aeruginosa biofilms. The authors observe a range of diffusion coefficients for these 

substances at different locations within the biofilm. Manz et al. also employed this method 

to study the effect of fluid flow at increasing velocities on biofilm structure (Manz et al., 

2003). These experiments demonstrate that channels, microcolonies, and extracellular 

polymeric substances all influence the mobility of dissolved solutes.

With rising interest in utilizing biofilms for applications such as bio-remediation and bio-

sensing, recent studies with MRI have focused on probing physical-chemical interactions 

between the biofilm matrix and metals. Phoenix et al. (Phoenix et al., 2008) mapped 

diffusion and immobilization of copper in a phototropic biofilm isolated from a hot spring. 

Their MRI approach revealed a 3-dimensional structural map of the biofilm along with 

quantitative copper concentration profiles acquired at user defined time intervals (Phoenix et 

al., 2008). Other reports have described MRI methods to quantify the transport of metal 

complexes such as Fe-EDTA (Bartacek et al., 2009) and Gd-DTPA (Ramanan et al., 2013). 

Understanding metal sorption and degradation kinetic in biofilm systems could facilitate the 

development of efficiently engineered biofilm remediation reactors to vastly improve in situ 

bioremediation.

While quantification of mass transport helps to understand the physiochemical properties of 

the biofilm matrix, the consequential physiological response of microbes to mass transport 

limitations is also of importance. This need for non-invasive studies has prompted the 

extension of NMR spectroscopy to study metabolic responses in living biofilm systems. 

Majors et. al. (Majors et al., 2005b)were the first to report that NMR temporally resolved 

lactate metabolism in S. oneidensis MR1 biofilms grown in a flow cell. Other studies have 

expanded on this technique where in vivo NMR spectroscopy/imaging was used to quantify 

the metabolic activity of biofilms in response to environmental perturbations (Figure 3c–e) 

(McLean et al., 2008a, Cao et al., 2012). The results yielded near real-time kinetic 

metabolite profiles. Additional studies have demonstrated the functionality of a combined 

NMR and confocal microscope to temporally and spatially resolve metabolic activity 

(Majors et al., 2005a, McLean et al., 2008b). Although NMR is considerably less sensitive 

than optical methods it offers the non-invasive study of living biofilms. NMR does not 

produce harmful ionizing radiation, measurements can be acquired without structural 

damage to the system, and NMR has the advantage of using any nucleus with nonzero 
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nuclear spin (i.e. 1H, 13C, 15N, and 13P), which reduces the need for the introduction of 

tracers.

3. Mechanical Properties of Biofilms

Mechanical properties arise from the internal structural organization of the biofilm. Biofilms 

consist of bacteria and hydrated macromolecules in water, creating a complex fluid that does 

not behave as purely viscous or purely elastic. Characterization of their internal structure 

requires an assessment of both the physical properties of the biofilm on the microscale as 

well as any structural features that exist within it. Thus, it is important to define specific 

properties of interest and to determine the appropriate techniques available to measure them.

Rheology is the study of the response of materials to applied forces. Traditionally, 

rheometry has been performed on bulk materials, and this will be referred to as macroscale 

or bulk rheology in later sections. More recently, the field of microrheology has arisen, 

which studies the local properties of materials on the microscale and allows for internally 

probing the mechanics of a fluid. The techniques used for gathering rheological data will be 

discussed in later sections, but we begin with a discussion of which properties of materials 

we are interested in and how they relate to biofilms. These properties are useful in 

characterizing the ability of a material to either flow or store energy in response to shear 

stress. For a more thorough discussion of rheology, we guide the reader to the books and 

reviews cited in this section, all excellent resources.

A Hookean solid is a material that is purely elastic, and can be modeled mechanically as a 

spring. These materials store energy as they deform under stress and can then relax back to 

their original shape. Hookean solids exhibit the following stress/strain relationship, where E 

represents the Young’s modulus of the material, σ is the shear stress, and γ is the shear 

strain(Morrison, 2001):

(9)

A Newtonian liquid acts in a purely viscous manner, meaning that it flows and dissipates 

energy in response to stress. Such materials can be modeled as dashpots, yielding a different 

stress/strain relationship (Morrison, 2001):

(10)

In this case, η represents the viscosity, and  represents shear rate. Most materials, including 

biofilms and other polymer systems, are neither Hookean nor Newtonian, but are instead 

viscoelastic. Instead of a lone spring or dashpot, these materials can be modeled most simply 

as a spring and dashpot in series, though more complex models exist. For these materials, 

we introduce a complex shear modulus that incorporates elastic storage and viscous loss 

(Squires and Mason, 2010):

(11)
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As will be discussed later the storage modulus can be represented via two components: G′

(ω), the storage modulus, and G″ (ω), the loss modulus. By determining the values of these 

moduli, we can understand how a biofilm responds to stresses placed on it, most importantly 

if it acts in a more viscous or more elastic manner to a given applied stress.

In addition to viscosity, elasticity, and a complex shear modulus, we can also use creep 

compliance to understand the way in which a material responds to a constant applied stress. 

Creep compliance is defined as the ratio of strain to stress, where J(t) is the creep 

compliance, γ(t) is the measured strain of the material, and σ0 is the constant stress 

(Macosko, 1994):

(12)

The higher the creep compliance of a fluid, the more it deforms to a given stress, and thus by 

evaluating the creep compliance of a biofilm we can better understand how it will react to an 

applied external force. In a purely Newtonian material, the strain, and therefore compliance 

will increase linearly with time, whereas for a purely Hookean material there is an 

instantaneous increase in strain, which then remains constant over time (Morrison, 2001, 

Macosko, 1994).

Finally, it is also of interest to understand adhesion between biofilms and surfaces, as a key 

step to biofilm formation is the adhesion of bacteria to a surface. In general, adhesion tells 

us about the energy of interaction between two materials and may be determined by 

measuring the force required to separate two surfaces. Historically in the biofilm field, 

adhesive strength has been defined as follows (Ohashi and Harada, 1994, Chen et al., 1998):

(13)

In the above equation, ξ is the adhesive strength in Watts/m2, W is work required to pull a 

biofilm away from its substrate, A is the total surface area of a test surface, and β is the 

fraction of that surface covered by biofilm.

3.1. Bulk measurements

The most common tool in rheology is the bulk scale rheometer, which consists of either 

parallel plates or a cone and plate between which the material of interest is placed (Figure 

4a). This setup allows one to apply a known stress to a material and measure the strain or 

vice versa, from which the complex shear modulus can be calculated. If these tools are used 

to apply a small strain to a fluid, we can assume that the underlying structure of the material 

remains unchanged and can assume a linear dependence between stress and strain (Barnes et 

al., 1989). Therefore, by applying a known, small, oscillatory strain (in a technique known 

as small angle oscillatory shear), we can measure the linear response of a fluid (Bird et al., 

1987):

(14)
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The stress oscillates with the same frequency (ω) as the strain, but leads by a phase angle (δ) 

(Rubinstein and Colby, 2003):

(15)

These can be substituted into the following relation to determine G′(ω) and G″(ω):

(16)

This yields the following for the storage and loss moduli:

(17)

Finally:

(18)

In a creep test, a constant (rather than oscillatory) stress is applied to a material, and the 

resultant measurement of strain over time can be measured. Finally, it is also possible to 

apply a large strain to a fluid, such that the underlying material is physically disrupted, in 

order to study non-linear rheology. These measurements can provide information about 

shear-thinning and yield stress phenomena, via the use of step shear rate and large amplitude 

oscillatory shear tests respectively (Ewoldt et al., 2010, Hyun et al., 2002). While they may 

not provide insight to the internal structure of biofilms, large strain measurements may be 

useful in understanding how to externally perturb a biofilm system. The yield stress is of 

particular interest, as it is a measure of how much force must be applied to an apparently 

solid material to get it to flow and show liquid-like behavior (Barnes, 1999). Multiple 

measurement techniques exist for finding a yield stress (Nguyen and Boger, 1992, Barnes, 

1999). For example, the y-intercept of a curve fitted to shear stress vs. shear rate data 

measured in a rheometer is an approximate measure of the yield stress (Nguyen and Boger, 

1992, Barnes, 1999). Alternatively, the yield stress can be determined directly by applying a 

constant stress to a material for some time, and then removing the stress. At stresses below 

the yield stress, the material returns to a baseline level of zero strain, whereas above the 

yield stress it will not fully recover from the deformation (Nguyen and Boger, 1992).

Several groups have measured the macrorheology of biofilms (Towler et al., 2003, 

Pavlovsky et al., 2013, Lieleg et al., 2011, Jones et al., 2011, Korstgens et al., 2001a, Shaw 

et al., 2004, Korstgens et al., 2001b, Houari et al., 2008). These prior studies can be divided 

into two types: those that scraped biofilms from their original growth locations to place them 

into a rheometer versus those that grew biofilms directly on a rheometer plate. Scraping 

biofilms from their original growth location may disrupt their structure, however this 

approach provides some additional freedom in choosing growth conditions. Several groups 

have used these methods to fit biofilm viscoelastic behavior to mechanical models that are 

more complicated than a simple spring and dashpot in series (Towler et al., 2003, Pavlovsky 

et al., 2013). In addition, macrorheology has been used to assess the effect on different 

treatments to the properties of biofiolms (Lieleg et al., 2011, Jones et al., 2011, Korstgens et 
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al., 2001a). While the results of multiple groups indicate the biofilm is a shear-thinning 

fluid, the measured shear moduli range over three to four orders of magnitude, from 10−1 to 

about 103 Pa. These experiments were performed using different species of bacteria and 

different growth methods, both of which could help explain the variation in measured 

moduli. For a comprehensive listing of measured properties and additional discussion of 

techniques used, we recommend the recent review Bol et al., 2013 (Böl et al., 2013).

Several groups have used less traditional methods for small-scale bulk rheometry to measure 

biofilm physical properties. One method is to grow biofilms in microfluidic devices and then 

apply known shear stresses by varying fluid flow (Stoodley et al., 1999, Stoodley et al., 

2002, Klapper et al., 2002, Dunsmore et al., 2002). This method allows for the measurement 

of stress/strain curves and adhesion of specific colonies of bacteria, though still on the bulk 

scale. Another method is to use a PDMS based microfluidic device through which known 

stresses can be applied to microscale portions of a biofilm via changes in air pressure 

applied to a PDMS membrane above it (Hohne et al., 2009). While this technique does 

provide micrometer scale precision in the x–y plane of a biofilm, the pressure is applied to 

the top of the material, resulting in the measure of bulk properties.

Macrorheological studies have provided a wide range of insight into biofilm properties, 

including the discovery of its shear-thinning nature, shear moduli, and the effect of 

environment on physical properties. However, these are inherently averaged properties. 

Given the heterogeneous nature of biofilms, techniques that can probe spatial variations 

within a biofilm are of great use.

3.2. Passive Microrheology Techniques

Microrheology is used to determine the same properties as macrorheology through the use of 

microscale probes that are generally embedded into the material of interest (Mason and 

Weitz, 1995, MacKintosh and Schmidt, 1999). This is of particular use for the study of 

biofilms and other biological materials, as it allows for the probing of the system over small 

length scales and can be applied without greatly disrupting a system’s natural state. In 

addition, small sample sizes can be used, which provides great flexibility over 

macrorheology by allowing the use of young biofilms. The wide range of microrheological 

tests available allows us to test smaller-scale features of biological systems. To appropriately 

interpret the results of these tests, it is important to understand the way in which these 

techniques yield the properties of interest.

3.2.1. Single particle tracking (SPT) and Multiparticle tracking (MPT)—In passive 

microrheology, beads (single for SPT, and multiple for MPT) are embedded into a material 

and are not manipulated by any external force. They are therefore assumed to move in 

response to thermal fluctuations, of energy scale kBT (~10−21 J at room temperature). In a 

typical experiment, video microscopy will be used to image the beads, and image processing 

software is then used to track the locations of the particle centers (Crocker and Grier, 1996). 

These locations can then be converted into individual particle traces, from which a mean-

square displacement (MSD) can be extracted using the following definition:
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(19)

In this equation, r refers to the position of the particle in the x–y plane of an image, t is time, 

and τ is a lag time. The brackets indicate that this is an ensemble-average value, though it is 

often practical to use an ensemble and time average. Using more exotic tracking schemes, 

one can also follow particle trajectories in 3 dimensions. In the discussion that follows, we 

will assume the MSD is from 2D traces as it is the more common observable. 

Experimentally, MSDs are determined from trajectories by calculating the change in 

position for any set of points in a trajectory separated by a given lag time and then 

calculating the variance of this distribution. Statistical bias may therefore appear for any 

experiment in which the particles are not embedded in a uniform fluid as trajectory lengths 

will be dependent on local microenvironment. For a purely Newtonian fluid, it is quite easy 

to extract a viscosity from the apparent MSD, as given by the following relationship, where r 

is the position of a particle, D is diffusivity, σsh is the shutter speed of the camera used, and 

ε is the so-called static error in particle location (Savin and Doyle, 2005):

(20)

The static error results from the inability to completely resolve even a completely motionless 

probe. This error can be corrected for experimentally by measuring the motion of probes 

embedded in a solid, and subtracting appropriately, as seen in the last term of the equation. 

Though the above equation is for a Newtonian fluid, the static error correction can be 

applied to the apparent MSD of beads in any fluid, as it does not depend on the properties of 

the fluid being measured. The camera shutter speed is introduced in the above equation to 

account for what is known as dynamic error, which results from the motion of probes while 

the shutter is open and acquiring light. The longer the shutter is open and the higher the 

diffusivity of a probe in the fluid of interest, the larger the dynamic error will be. The 

correction shown above applies only to Newtonian fluids, as the mathematical form of the 

dynamic error changes with fluid type and is often unknown. The choice of a short enough 

shutter speed to minimize the effects of static error can be determined by measuring the 

MSD for several different shutter times and determining when shutter speed no longer 

significantly affects the measured MSD. For a Newtonian fluid, we can use the Stokes-

Einstein relationship to relate D to the particle radius a and fluid viscosity (Rubinstein and 

Colby, 2003):

(21)

A complex fluid does not follow the previous equation, and instead, we must use the 

generalized Stokes-Einstein relation (GSER), where G*(ω), represents the shear modulus in 

the Fourier domain, s is equal to i ω, the Laplace frequency,  is the shear modulus 

represented in the Laplace domain, and  is the Laplace transform of the MSD, 

(Mason et al., 1997, Mason, 2000):
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(22)

This relationship is used to estimate the absolute value |G*(ω)| by using a power law 

expansion of the MSD to calculate an approximate Laplace transform, and yields the 

following (Mason, 2000):

(23)

From this estimation of the absolute value of the complex shear modulus, we can use the 

following equations to determine the storage and loss moduli:

(24)

(25)

(26)

Other, more accurate transforms, in which the power law expansion around the MSD 

includes higher terms have also been published (Zhu et al., 2008).

Finally, the MSD also allows us to calculate the creep compliance of a material without 

having to deform it externally (Wirtz, 2009):

(27)

This equation is the 2-dimensional microrheological equivalent of creep compliance. If we 

are indeed measuring in the linear regime, where J(τ) of the fluid is the proportionality 

constant between stress and strain, then all of the MSD curves of a material taken at the 

same temperature will collapse onto each other when multiplied by probe radius, assuming 

the probes are large relative to the microstructure of the material. Thus, in order to be sure 

that all of the above equations relating MSD to physical properties hold true to a set of 

experimental values, the experiments must repeated for different probe sizes to test the 

validity of the assumption that the material acts like a continuum. The curves will collapse 

for probes that are larger than the microstructure of the probed material, so this relationship 

can also allow us to approximate the mesh size of a gel. The value of the creep compliance 

also relates to mesh density and crosslinking in a gel, and will likely decrease in value in 

response to an increase in either factor.

It is important to note that the continuum assumption is not the only assumption that must be 

verified in order to trust the validity of an MSD to yield physical properties. Another major 

assumption is that the system is at equilibrium (Squires and Mason, 2010). In a passive 

particle tracking experiment, where the particle is not being forced, this can be violated via a 
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material that is either internally active or is aging (Squires and Mason, 2010). We must be 

particularly conscious of both of these assumptions when applying the method to living 

biofilms, as they can change over time via cell turnover or secretion of new EPS, and they 

may be internally active if the bacteria are not completely sessile. However, if these events 

occur over time scales much larger than the probed time scale, which is generally the case in 

a biofilm where cells are dividing slowly, we can assume a quasi-equilibrium state.

Particle tracking is a versatile technique that can be modified in various ways for use in 

biofilms. For example, it is possible to use individual bacteria probes for their 

microenvironment (Rogers et al., 2008). Using the MSDs from tracking bacteria, Rogers et 

al. found evidence for active motion of flagellated bacteria and were able to determine 

compliance of the biofilm (Figure 4b). This approach potentially provides a method for 

separating the effects of bacteria within a biofilm from externally added probes, as the two 

motions can be compared to one another if measured concurrently.

As described in the section above, macrorheological techniques have provided a wide range 

of values for measured physical properties of biofilms. In an attempt to reconcile these 

discrepancies, one group isolated the water soluble and water insoluble polysaccharide 

fractions from S. mutans biofilm and then separately reconstituted them as gels (Cheong et 

al., 2009). They found that the shear moduli were orders of magnitude different from each 

other and suggested that the water-insoluble fraction is likely part of the mechanical scaffold 

of the biofilm. It should be noted that this system was not applied to biofilms in situ, where 

the polysaccharide fractions are mixed with other extracellular polymeric substances that 

may influence the overall mechanical properties.

Recently, SPT has been used to measure the apparent diffusion coefficient of nanoparticles 

of varying size and surface charge within biofilms of P. aeruginosa, and B. multivorans 

(Forier et al., 2012). PEGylated particles were found to have apparent diffusion constants 

similar to those in water, whereas positively and negatively charged particles had lower 

apparent diffusion constants, attributed to interaction with the biofilm. The diffusion 

constants similar to those in water may indicate the presence of fluid-filled channels within 

the biofilm system. The ability to track small particles through biofilms has also been 

previously used to show differences between cell clusters and voids within the biofilm, and 

to help measure transport rates through such a system (De Beer et al., 1994a, Stoodley et al., 

1997).

3.2.2. Two-Particle Microrheology—The mapping of SPT and MPT data to bulk 

rheological properties assumes that particles occupy a homogenous, incompressible 

medium. Biofilms are living systems, and may contain cavities or other internal 

entrapments, which would violate this assumption. Two-particle microrheology is used to 

measure the correlation between motion of particles in a sample, which can probe longer 

length scale interactions (on the order of distance between particles), overcoming the SPT 

limitation of local interactions (Gardel et al., 2005, Liu et al., 2006). Instead of an MSD, the 

ensemble average tensor product of displacements between particles is calculated, Laplace 

transformed, and related to the Laplace transform of the complex shear modulus as detailed 

in the original paper by Crocker (Crocker et al., 2000). There is no precedent for using two-
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particle tracking to study biofilms, though the large discrepancies between previously 

measured bulk properties may be resolved through such a technique. Calculating 

correlations between particle motions may tease out some of the heterogeneities thought to 

exist within biofilm systems.

As described above, there is a great advantage to using passive microrheology to study 

physiological systems as it does not require any external perturbation of the system of 

interest, save for the addition of the microscale probes. However, there are also limitations 

to its use, which should be considered when attempting to probe native biological systems. 

Particle tracking microrheology is performed via video microscopy, which means that any 

study is temporally limited by the native capture rate of the camera used, providing an upper 

bound on the frequencies that can be captured to about 1/native frame rate. In addition, 

errors are introduced by the finite exposure time used to capture particle position, which can 

alter the calculated MSD and physical properties from their true values (Savin and Doyle, 

2007). Camera pixel size and noise limits the ability to resolve particle centers so all MSD 

values are skewed by a static error, which may be large compared to the MSD at short lag 

times (Savin and Doyle, 2005). Camera temporal and spatial resolution coupled with the 

sole use of thermal fluctuations to move the microprobes results in measurable moduli of 

order 10−5–1 Pa (Waigh, 2005). It is therefore of interest to note other techniques with 

which to probe biofilms, as bulk measurements indicate that the shear moduli in some 

species may exceed 1 Pa by several orders of magnitude.

3.3. Active Microrheology Techniques

Active microrheology is defined by the use of external force to move a probe particle 

through a material, rather than relying solely on fluctuations in thermal energy. Several 

techniques are commonly used, including atomic force microscopy, optical trapping and 

magnetic tweezers. These techniques allow us to overcome some of the limitations that may 

be encountered when attempting to use passive microrheology. In particular, much larger 

forces can be applied to individual particles using these techniques, which means that the 

linear rheology of much stiffer materials can be measured (from shear moduli of about 

10−3–104 Pa) (Waigh, 2005). However, it is important to note that active forcing of particles 

through a soft fluid may violate the assumption of equilibrium necessary for linear 

microrheology, and care should be taken to appropriately calibrate the tools used for such 

techniques (Squires and Mason, 2010). The ability to deform a material, violating the 

equilibrium assumption, indicates that these techniques can be used to explore the non-linear 

microrheology of soft fluids, as has been previously shown (Rich et al., 2011). Another 

improvement over passive particle tracking is the ability to use laser detection for single 

particle location, which allows for more precise measurement of location and higher capture 

frequency (up to 105 Hz), but with fewer measured particles (Waigh, 2005).

Magnetic tweezers are used to apply a known force to a magnetic probe embedded in a 

material. This force can be calculated as follows, where Χ is the magnetic susceptibility of a 

particle, V is its volume,  represents the magnetic field, x is position, and t is time (Gardel 

et al., 2005):
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(28)

This allows for calibration of the field produced at a given distance away from the magnet 

by observing trajectories of beads in a known fluid and applying Stoke’s Law. By applying a 

known force to a bead suspended in the biological material of interest and tracking its 

displacement (xd) over time, it is possible to determine creep using the following 

relationship (Gardel et al., 2005):

(29)

The force applied to a bead depends on the distance of the magnet to the sample as well as 

on the bead’s size and susceptibility, which allows for a wide experimental dynamic range, 

dependent upon the choice of probe. Magnetic tweezers have also been used to probe the 

spatial heterogeneity of creep compliance in biofilms (Figure 4c), and it was found that 

compliance was higher further away from the surface on which the biofilm was growing 

(Galy et al., 2012).

Atomic force microscopy (AFM) was developed to measure small forces and has become 

important in the study of polymers and living systems (Binnig et al., 1986, MacKintosh and 

Schmidt, 1999). In this technique, a microscale probe is used to scan a surface and its 

deflections are used to determine topology or interactions between the probe and the surface. 

The force applied to a surface by AFM depends on the shape of the AFM tip being used, but 

as before, the technique measures deflection to a known force and can be used to determine 

rheological data. Multiple AFM and AFM-like techniques have been used to study intact 

biofilms, most commonly to understand their adhesive and cohesive properties. Non-AFM 

micromanipulators and microindenters have been used to look at the adhesive strength of 

biofilms grown in varying physical and chemical conditions (Chen et al., 1998, Chen et al., 

2005), as well as to determine storage and loss moduli of biofilm (Cense et al., 2006). In 

addition, microcantilevers have been used to apply known forces to biofilms to determine 

how much force is required to pull apart a biofilm, as well as to look at stress/strain curves 

of biofilms to calculate an elastic modulus (Poppele and Hozalski, 2003, Aggarwal et al., 

2010, Aggarwal and Hozalski, 2010). AFM allows for precise force calibration, and a 

technique has been developed for measuring the force required to disrupt the biofilm in a 

location-specific manner (Ahimou et al., 2007). A technique has been developed for 

growing biofilms onto beads attached to microcantilevers (Figure 4d), which allows for 

AFM to be performed on an intact biofilm (Lau et al., 2009). This technique has been used 

to measure adhesion and stress/strain relationships of biofilms.

4. Concluding Remarks

The extracellular matrix in biofilms is necessary for microorganisms to establish and 

maintain a biofilm lifestyle. It is the material properties of the matrix that regulate essential 

features of the biofilm including adherence, hydration, permeability, and tolerance to 

mechanical forces. In this review, we have provided the reader with an overview of 
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pioneering work and recent advances toward understanding permeability and mechanics 

within multiple in vitro biofilm models and biofilms isolated from natural environments. 

Concomitantly, we have provided a guide to current technologies across multiple disciplines 

that may serve as useful starting point for researchers seeking to elucidate mechanisms that 

govern the material properties of biofilms. Microsensors and imaging-based technologies are 

common tools used dissect concentration gradients and permeability of solutes, gasses, and 

particles into and within the matrix. Rheology methods across multiple length scales offer an 

approach to study mechanisms that govern the mechanics of a biofilm.

The studies discussed in this review provide a foundation toward understanding permeability 

and mechanical properties. Yet, several challenging questions remain. The composition and 

mechanical properties of the biofilm matrix are sensitive to the environment in which they 

are formed (Mayer et al., 1999). While many of the studies highlighted in this review were 

conducted in standard liquid bacterial media, biofilms grown in more physiologically 

realistic in vitro models or in vivo would provide a more accurate picture of biofilm 

permeability and mechanical properties. To illustrate this point, we can consider studies of 

Pseudomonas aeruginosa, an opportunistic pathogen that forms biofilms in the lungs of 

cystic fibrosis patients, leading to chronic infection. It has recently been observed that the 

EPS of P. aeruginosa biofilms in the lungs of cystic fibrosis patients incorporates DNA and 

the structural protein F-actin from dying immune cells (Vu et al., 2009). This likely changes 

the materials properties of these biofilms, a change that would be missed in studies done on 

P. aeruginosa biofilms grown in standard laboratory conditions. To address this challenge, 

researchers have considered growing biofilms in vivo, and then removing them to conduct 

materials testing ex vivo. In one study, oral biofilms were grown in situ on a dental implant, 

which was removed to measure biofilm stress relaxation ex situ (Walker et al., 2005). These 

results were directly compared to in vitro model biofilm systems, yielding insight that could 

inform the design of improved in vitro models. This study also highlighted subtle 

differences observed in biofilm material properties that arise due to changes in 

environmental conditions. While the approach described above represents a step forward, 

there is still a clear need to study biofilms in native contexts as well as a need for the design 

of tools to conduct these studies.

A second challenging task that emerges from discussion of measurement techniques is how 

to integrate structural or permeability data to generate insight regarding biofilm physiology, 

development, or eradication. A general theoretical framework is needed to connect the 

different measured properties for a comprehensive understanding of biofilms as a material. 

While creating such a framework may seem daunting, researchers can take advantage of 

decades of model development in hydrogels and synthetic polymer gels (Peppas et al., 2000, 

Peppas, 2004), which may be thought of as ‘synthetic cousins’ of the biofilm matrix. 

Properties such as gel permeability, dissolution, swelling and self-healing have been 

mathematically or computationally modeled by several research groups and evaluated for 

their predictive abilities (for additional resources we direct the reader to (Amsden, 1998, 

Deen, 1987, Phillips et al., 1989, Phillips, 2000, Zustiak et al., 2010, Balazs, 2007, Wool, 

2008). Models of gel permeability and gel dissolution, many of which were created in the 

context of drug delivery (Hamidi et al., 2008, Bhattarai et al., 2010, Siepmann and 
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Siepmann, 2012), are particularly relevant when considering strategies to dissolve biofilms 

(i.e. infection eradication) or maintain biofilms (i.e. water purification). Using specific 

techniques and established theory, researchers could model properties like biofilm 

permeability and dissolution and compare directly to a well-characterized hydrogel system. 

Such experiments could facilitate an understanding of similarities and differences between 

the two materials. Any differences between the well-characterized synthetic gel and a 

complex biofilm are likely to illuminate interesting physics and biology to investigate 

further.

In conclusion, to broaden our understanding of the materials properties of biofilms, careful 

consideration of experimental methodology and sample preparation must be applied. In 

addition, a general theoretical framework should be constructed to bridge the gap between 

permeability and mechanics and how this relates to physiological function in the natural 

environment. Future variations of biofilm experiments may include bottom-up approaches to 

building biofilm matrices from purified matrix materials or using genetic tools to modulate 

concentration and structure of matrix components.
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Figure 1. 
The biofilm matrix is comprised of entangled polymers (polysaccharides, DNA, proteins) 

that affect the permeability and mechanical properties of the entire biofilm. To understand 

the biophysical properties of the biofilm several questions need to be addressed. For 

example, what is the pore size of the matrix? Does a specific substrate interact with the 

matrix components? Which structural components of the matrix regulate the permeability 

properties? Is the matrix a static arrangement or do the individual components engage in 

dynamic rearrangements?
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Figure 2. 
Conceptual scheme of a biofilm with an illustration of tools currently used for studies of 

biofilm permeability and mechanics. Fluorescence microscopy techniques such as FRAP, 

FCS, and fluorescence intensity measurements offer methods to visualize the transport of 

solutes and particles. Microelectrodes can be directly inserted into regions of interest to 

quantify concentration gradients of gasses and solutes within biofilms. Macroscale 

rheological measurements provide insight into the mechanical properties of a biofilm in 

total, where as a microrheological assessment of specific regions within a biofilm from 

single particle tracking provides information on the local properties of materials.
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Figure 3. 
Fluorescence microscopy and nuclear magnetic resonance (NMR) can be used to observe 

channel development and fluid transport in biofilms. Bacillus subtilis biofilms grown on an 

agar surface where channels are visualized with fluorescent dye (a,b) Reprinted with 

permission from (Wilking et al., 2013). Copyright (2012) National Academy of Sciences, 

U.S.A. An NMR setup for imaging biofilms in situ (c) Horizontal and vertical 2D MRI 

sections of a Shewanella oneidensis biofilm (d). 3D MRI rendering (left) and transmitted 

light image (right) of a S. oneidensis biofilm (e). Reprinted by permission from Macmillan 

Publishers Ltd: The ISME Journal (McLean et al., 2008b), copyright (2008).
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Figure 4. 
Examples of techniques that can be used to determine biofilm material properties. A 

rheometer setup in which a natural biofilm sample attached to a membrane can be tested 

(Korstgens et al., 2001a) (a). Copyright (2001) Institute of Physics Publishing. 

Staphylococcus aureus biofilm at 8 hours, with the tracks of bacterial motion (b). Scale bar 

is 5 mm. Reprinted with permission from (Rogers et al., 2008). Copyright (2008) American 

Chemical Society. A magnetic tweezers setup for monitoring biofilms grown in flow cells 

(c) Reprinted with permission from (Galy et al., 2012). Copyright (2012) Elsevier. SEM 

images of biofilm coated beads used for AFM measurements (d). The bead on the left is 

surrounded by younger biofilm than the bead on the right. Scale bars are 30 μm. Reprinted 

with permission from (Lau et al., 2009) Copyright (2009) Elsevier.
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