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Doctor of Philosophy in Chemistry

Abstract

Photosynthetic organisms, including green plants, have mastered the ability to ef-
ficiently capture sunlight and rapidly transport the absorbed energy to drive life-
sustaining chemical reactions. At the same time, they have evolved mechanisms to
dynamically regulate photosynthetic efficiency to protect against photodamage in
excess sunlight, by dissipating excess energy as heat. Both light harvesting and pho-
toprotective dissipation take place within pigment-binding membrane proteins called
light-harvesting complexes, and originate from the interactions of the electronic tran-
sitions of the bound pigments that span the visible solar spectrum. In particular,
carotenoids, the accessory light-harvesting pigments in plants, are thought to play a
central role in mediating both light-harvesting and dissipative pathways by leverag-
ing their unique electronic structure with one or more dark states and extreme sen-
sitivity to local environment. However, carotenoid-mediated photophysics in plants
have remained poorly understood due to limited spectral bandwidths of previous ul-
trafast measurements as well as use of unphysiological experimental environments.
In this thesis, I describe how I overcome both limitations by combining an ultra-
broadband ultrafast spectroscopic technique with improved spectral bandwidth and
a near-physiological model membrane to house the light-harvesting complexes with
conformations close to their native ones. In Chapter 2, I describe the development of a
high-sensitivity ultrabroadband two-dimensional electronic spectrometer that enables
interrogation of the energetics and dynamics of the broad range of electronic transi-
tions of photosynthetic light-harvesting complexes across the visible solar spectrum.
Then, I discuss the application of this technique on studies of the light-harvesting
and dissipative photophysical pathways in light-harvesting complex II (LHCII), the
principal light-harvesting complex in green plants. A series of previously uncharacter-
ized carotenoid-mediated light-harvesting and dissipative pathways are uncovered. In
Chapter 3, I find that one of the four carotenoids bound within LHCII plays an inte-
gral role in mediating the rapid and efficient energy transfer in plants, partially via a
previously debated but unobserved dark state. In Chapters 4−6, I discuss the direct
observation of a predicted but uncharacterized dissipative energy transfer pathway
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involving a short-lived carotenoid dark state. The sensitivity of dissipation to lo-
cal environment, carotenoid composition, and protein-protein interaction is explored
within the near-physiological model membrane platform.

Thesis Supervisor: Gabriela S. Schlau-Cohen
Title: Cabot Career Development Associate Professor
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Chapter 1

Introduction

1.1 Photosynthetic Light Harvesting

Sunlight is the most abundant and renewable source of energy available to mankind.

While a dilute energy source, sunlight reaches the surface of the earth at a rate

that greatly exceeds that of worldwide energy consumption [1, 2]. In principle, the

amount of sunlight that strikes the earth’s surface per day is large enough to support

human activities for years [3]. The major route for conversion of the solar energy that

reaches the earth is photosynthesis. Photosynthetic organisms, such as cyanobacteria,

algae, and plants, convert CO2 into energy-rich chemical bonds, and in turn, biomass,

using the light energy from the sun [4]. Responsible for over 150 billion tonnes

of biomass production annually, photosynthesis is one of the most important life-

sustaining biochemical processes known in nature and has long been considered an

attractive renewable source of energy to replace fossil fuels [1, 2, 5, 6].

Despite its potential as a sustainable solution to the growing global energy demand

over the next century, natural photosynthesis is an inherently inefficient process with

a maximum theoretical efficiency of 11% and experimentally reported efficiencies of

only up to ∼3% [7]. To be able to achieve increased yields of energy and biomass

production with natural photosynthesis, it is crucial to understand, and potentially

optimize, the underlying molecular-level mechanisms by which photosynthetic organ-

isms capture solar energy and transfer the harvested light energy, which is the primary
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focus of this thesis.

The initial absorption and subsequent transport of solar energy by photosyn-

thetic organisms are referred to as photosynthetic light harvesting. Photosynthetic

light harvesting constitutes the initial ∼250 picoseconds of photosynthesis [4]. The

light-harvesting apparatus of photosynthetic organisms consists of a densely packed

network of pigment-binding proteins called light-harvesting complexes (LHCs). Each

LHC holds a number of light-harvesting pigments within its protein scaffold, and the

pigments absorb sunlight by promoting themselves into an electronic excited state.

The absorbed excitation energy then migrates through the network of LHCs towards

the reaction center (RC), where charge separation takes place as the initial step of the

energy conversion reactions. Remarkably, these energy transfer steps proceed rapidly

on femto-to-picosecond timescales with near-unity quantum efficiency [4]. The photo-

physical mechanisms behind such rapid and efficient excitation energy transfer have

been a subject of extensive experimental and theoretical investigations in a variety

of photosynthetic organisms [8–12]. In this thesis, I focus on the discussions of pho-

tosynthetic light harvesting and associated energy transfer processes in green plants,

an efficient harvester of visible solar light.

1.2 Photosynthetic Machinery of Green Plants

1.2.1 Overall Architecture

Figure 1-1 illustrates the architecture of the photosynthetic machinery of green plants.

The organelle that performs photosynthesis within a plant cell is a chloroplast (Figure

1-1A). Plant chloroplasts have a multi-membrane structure with several layers of lipid

bilayer membranes [13–15]. The outer and inner chloroplast membranes constitute the

envelope membranes of the chloroplast. The inner space (stroma) consists of stacks

of interconnected membranous sacks called thylakoids. The lipid bilayer membranes

of the thylakoids contain a number of integral and peripheral membrane proteins,

including photosystems I and II, where the light reactions of photosynthesis take
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place.

Figure 1-1: Photosynthetic machinery of green plants. (A) Cartoon illustra-
tion of the plant chloroplast (side view) with a thylakoid labeled with white dashed
box. (B) Cartoon illustration of the PSII supercomplex (top view, PDB 5MDX) [16].
LHCIIs, minor LHCs, and core complexes in the RC are shown in light green, dark
green, and gray, respectively. (C) Structure of LHCII (PDB 1RWT) [17]. The protein
scaffold is shown in gray, and the light-harvesting pigments, Chls and Cars, are shown
in green and pink (in the top view), respectively. The different Chls and Cars are
labeled in the side view (Lut: lutein, Neo: neoxanthin, Xan: xanthophyll cycle Car).
In the side view, the pigments for only one monomeric subunit are shown for clarity.

1.2.2 Photosystem II

Among the membrane proteins embedded in the thylakoid membrane, photosystem

II (PSII, Figure 1-1B) is the protein supercomplex that is responsible for the initial

light absorption and transfer of excitation energy mentioned above. PSII is a dimeric

supercomplex, each monomer of which consists of the core complex and peripheral

LHCs, also commonly referred to as antenna complexes [18, 19]. The peripheral LHCs

capture the solar energy and rapidly and efficiently funnel the absorbed energy to-

wards the core complex, where the RC is located, thereby serving as the principal

mediator of photosynthetic light harvesting in green plants. They are members of the

Lhcb multigenic family; the six Lhcb genes (Lhcb1−6 ) each encode six different LHCs

[20]. Of the six, the products of Lhcb1−3 genes form a heterotrimeric complex called

light-harvesting complex II (LHCII, Figure 1-1C) [21, 22]. LHCII is the most abun-

dant membrane protein and LHC in plants, occupying ∼30% of the protein content

and ∼40% of the pigment content of the plant thylakoids, and therefore considered
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Figure 1-2: Absorption spectrum of LHCII. Green and pink shaded areas and
text labels indicate the electronic transitions and corresponding absorption range of
the Chls and Cars, respectively. The pigment electronic structures are discussed in
detail in Section 1.3 below.

the major LHC in plants [23]. Genes Lhcb4−6 respectively encode monomeric mi-

nor LHCs that are homologous to LHCII, CP29 (Lhcb4 ), CP26 (Lhcb5 ), and CP24

(Lhcb6 ) [24]. Because of its abundance, LHCII is the most extensively characterized

member of the PSII supercomplex, in terms of both structural and photophysical

properties [17, 25–29], and will be the focus of this thesis.

1.2.3 Light-Harvesting Complex II

The structure of LHCII based on its crystal structure [17] is illustrated in Figure 1-1C.

The protein matrix of LHCII, shown in gray ribbons, consists of three transmembrane

and two amphiphilic helices per monomeric subunit, which has a molecular weight

of 25−27 kDa [30]. The protein matrix possesses pigment-binding pockets with dis-

tinct structures, within which chlorophylls (Chls) and carotenoids (Cars) are held

as the primary and accessory light-harvesting pigments of LHCII. Each monomeric

subunit non-covalently binds fourteen Chls and four Cars. The large number of light-

harvesting pigments bound per complex, each with a maximum extinction coefficient

of 100,000−150,000 M-1cm-1 results in an increased total absorption cross-section,

enabling LHCII to efficiently harvest and concentrate the dilute light energy from the

sun (Figure 1-2) [2, 5]. The physical, chemical, and electronic structures of the Chl
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and Car pigments are discussed in detail in Section 1.3 below.

1.3 Light-Harvesting Pigments of Light-Harvesting

Complex II

1.3.1 Chemical and Electronic Structures of Chlorophylls

Chls, the primary light-harvesting pigments in LHCII, consist of a tetrapyrrole ring

(chlorin) coordinating a magnesium ion and a long, lipid-soluble hydrocarbon tail

commonly referred to as a phytol tail (Figure 1-3A) [4]. Five different types of Chls

with different substituents on the chlorin ring have been identified thus far: Chls a,

b, c, d, and f. Among these, LHCII contains Chl a and Chl b; each monomer binds

eight Chl a and six Chl b pigments. The chemical structures of Chls a and b only

differ by one ring substituent. The replacement of a methyl substituent (−CH3) in

Chl a with a formyl group (−CHO) in Chl b results in a shift in the absorption range.

𝜋 → 𝜋* transitions of the 𝜋-conjugated chlorin ring in Chls give rise to two sets of

absorption bands in the visible range, one in the blue region and the other in the red

region known as the B bands and the Q bands, respectively (Figure 1-3B, C). The

high-energy B bands are also commonly known as the Soret bands. The electronic

structure of Chl can be explained by Gouterman’s four orbital model, a model that de-

scribes the electronic structure of porphyrins [31]. The four 𝜋 orbitals that participate

in the 𝜋 → 𝜋* transitions are the two highest occupied molecular orbitals (HOMO,

HOMO−1) and the two lowest unoccupied molecular orbitals (LUMO, LUMO+1).

The reduced symmetry of chlorin relative to porphyrin due to the reduction of one

of the four pyrroles breaks the degeneracy between the orbital energies of both the

HOMO and LUMO pairs. This results in a splitting of the B and Q bands into

Bx/By and Qx/Qy bands. This splitting is not observed in metalloporphyrins, which

are highly symmetric molecules and thus exhibit largely preserved orbital degenera-

cies [32]. The subscripts x and y denote the direction of polarization of the transition

in the chlorin ring, as illustrated with gray arrows in Figure 1-3A.
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The intense red-most band that appears at 675 nm (Chl a) and 650 nm (Chl b)

is the Qy transition of Chl a and Chl b, respectively, polarized along the y axis of

the chlorin ring. The Qx bands that appear in the 550 − 650 nm range, however,

are not as well-resolved and significantly weaker in intensity, because the transition

dipole moment is not perfectly aligned with the x axis [33, 34]. The Qx transition

overlaps in part with the vibronic progression of the Qy transition, which appears at

a similar wavelength range with similarly weak intensities. The exact energy level of

the Qx state and its degree of mixing with the vibronic bands of the Qy state are still

a matter of debate [34–36]. The weak absorption in this green region of the visible

solar spectrum gives Chl its characteristic green color. The Soret bands that appear

at 400−450 nm and 430−480 nm for Chl a and Chl b, respectively, originate from a

much more complicated electronic structure involving overlapping x- and y-polarized

transitions as well as mixing with additional transition dipole moments [37].
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1.3.2 Ultrafast Photophysical Pathways in Chlorophylls

The primary routes of energy relaxation in Chl singlet excited states after photoexci-

tation are summarized in Figure 1-4. The most well-characterized relaxation pathway

is the radiative transition from Qy to the ground state with a fluorescence lifetime of

several nanoseconds. Measurements of isolated Chl a and Chl b molecules in solution

revealed fluorescence lifetimes of ∼6 ns [38] and ∼3 ns [39], respectively. A shorter

lifetime of 3−4 ns is observed for Chl a in a protein environment, such as those bound

to LHCII [40]. In addition to fluorescence and non-radiative internal conversion to the

ground state, the Qy state also undergoes intersystem crossing to the triplet state on

a nanosecond timescale, and subsequently relaxes by phosphorescence (not shown in

the figure) [41]. Higher-energy relaxation pathways in Chls are dominated by ultrafast

internal conversion from the Soret to the Q states as well as from Qx to Qy. A number

of theoretical and experimental investigations consistently reported the timescale of

internal conversion to be 40−230 fs [36, 42–44]. The rapid internal conversion steps

are accompanied by a slower intramolecular vibrational relaxation process reported

to occur on a 1.5 ps timescale [45, 46].
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1.3.3 Chemical and Electronic Structures of Carotenoids

The inefficient absorption of green light by the Chls is complemented by the Cars,

which are linear molecules with a conjugated polyene backbone that mainly absorb at

450−550 nm (Figure 1-5A). Four different Car molecules are bound to each monomer

of LHCII: two luteins (Luts; Lut1 and Lut2), one neoxanthin (Neo), and one xan-

thophyll cycle Car. The xanthophyll cycle Car is either violaxanthin (Vio) or its

de-epoxidized form zeaxanthin (Zea), which reversibly interconvert depending on the

intensity level of sunlight (see Section 1.5.2 below).

The electronic structure of Cars is largely governed by their conjugated polyene
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backbone [47, 48]. The C2h symmetry point group that polyenes belong to gives rise

to electronic states with either Ag or Bu symmetry. In Cars, both the ground state

(S0, 11Ag
−) and the lowest-energy singlet excited state (S1, 21Ag

−) are of Ag symme-

try, which makes the transition between these two states symmetry-forbidden (dark).

The energy level of the Car S1 state remains undetermined because of its optically-

forbidden nature. A variety of spectroscopic techniques including two-photon exci-

tation, resonance Raman, and near-infrared transient absorption spectroscopies were

employed to estimate the S1 energy levels of a series of Cars [49]. While these ex-

periments were successful in estimating the range within which the S1 energy falls,

the precise energy level could not be unambiguously determined. A commonly used

spectroscopic marker for tracking the photophysical properties and evolution of the

dark S1 state is an excited-state absorption (ESA) from S1 to higher-lying excited

states collectively termed SN, which is a strongly allowed transition and appears in

the visible range (500−600 nm) [49].

In contrast to the S1 state, the second lowest-energy excited state (S2, 11Bu
+)

possesses a different symmetry from that of the ground state. Therefore, the lowest-

energy optically allowed electronic transition of Cars is the S0 → S2 transition, which

is what gives rise to the intense absorption band shown in Figure 1-5C. The energy

level of this transition varies depending on the conjugation length of the Car, defined

as the number of conjugated C=C double bonds. Neo and Vio have nine conjugated

double bonds, whereas Lut has ten. This increase in conjugation length red-shifts

the absorption peak of Lut from those of Neo and Vio by a few nm (Figure 1-5C).

The energy level is also sensitive to the physical structure, or conformation, of the

Car. For example, a partially non-planar conjugated chain results in a decrease in

the effective conjugation length, and blue-shifts the absorption maximum [50]. The

S2 absorption band also exhibits a characteristic vibronic progression consisting of at

least three vibronic bands (0−0, 0−1, 0−2, ...) with an energy spacing of 𝜈 = ∼1,350

cm−1, representing the combination of C−C (1,150 cm−1) and C=C stretching (1,600

cm−1) motions of the backbone [51].

In addition to the well-established S1 state, it has been proposed that there exist
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additional Car dark states likely between the S2 and S1 states. Two such proposed

dark states are named SX and S* [52]. The existence, energy levels, and associated

photophysics of these additional dark states remain widely debated despite extensive

investigations using transient absorption as well as a number of advanced spectro-

scopic techniques such as femtosecond stimulated Raman, transient grating, photon

echo, and degenerate four-wave mixing spectroscopies [53–59]. The SX state was

initially proposed as an intermediate state between the energies of S2 and S1 in an

attempt to explain the anomalous trends observed in the S2 → S1 internal conver-

sion rates of Cars that do not follow the energy gap law [60]. However, experiments

have not been able to unambiguously detect spectroscopic signatures that could be

assigned to the existence of this state. The S* state is associated with a character-

istic spectroscopic signature that appears as a high-energy shoulder of the broad S1

→ SN ESA, and so its existence is definitively established. However, open questions

remain about the origin of this state; the two leading proposals treat it as either

a hot ground state [55, 61] or an electronic excited state associated with a twisted

Car conformation [56, 62]. The presence of one or more dark excited states and the

resultant ambiguities in the photophysical properties discussed above highlight the

complexity of the electronic structure of Cars, which is one of the factors that make

Car photophysics notoriously challenging to elucidate.

1.3.4 Sensitivity of Carotenoid Electronic Structure to Envi-

ronment

Another factor that further complicates the photophysical properties of Cars is the

sensitivity of their electronic structure to the surrounding environment. A well-known

environment-dependent photophysical behavior is the strong solvatochromism of the

energy level and excited-state dynamics observed for the S2 state [63]. The absorp-

tion/fluorescence peak positions as well as the lifetime of the S2 state exhibit strong

dependence on solvent polarizability. A recent solvent-dependent transient absorp-

tion study demonstrated that different solvents can activate or deactivate the debated
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dark intermediate state SX by tuning the energy level of the S2 state, which may be

the origin of the conflicting experimental evidence surrounding the presence of this

intermediate state, as briefly mentioned earlier [64].

The sensitivity of Car electronic structure to the environment is in part brought

about by the sensitivity of their physical structure (conformation) to local environ-

ment, which is one of the parameters that controls the photophysical properties of

Cars along with their chemical structure. The relatively floppy structure of the long

carbon chain backbone of Cars makes them easily undergo torsional structural mo-

tions into twisted or bent conformations, which are thought to potentially activate

new excited states and photophysical pathways, analogous to the solvent-dependent

activation of the dark SX state mentioned above. For example, the appearance of the

dark S* state mentioned earlier has been associated with a twisted Car conformation

from comparative spectroscopic investigations of open-chain Cars with systematically

varied conjugation lengths [56, 65].

In the case of Cars found in photosynthetic LHCs, the distinct structure of each

pigment-binding pocket in the protein scaffold determines the conformation of the

bound Car. Even chemically identical Cars can thus possess different conformations,

which leads to distinct photophysical behaviors and, in turn, functional roles. For

example, the two Luts in LHCII, although chemically identical, have distinct con-

formations, which results in a 700 cm−1 difference in their S2 energy levels as well

as contrasting roles in photosynthesis, one as a primary energy donor to the Chls

and the other as a quencher of harmful energy (see Chapter 3 for more detailed dis-

cussions about the conformations and different photophysical properties of these two

pigments) [66, 67]. Furthermore, a recent computational work predicted a 50% re-

duction in the fluorescence lifetime of LHCII by a slight tilt (5−10∘) in the backbone

of one of the Luts, highlighting the critical role of Car conformation in determining

the photophysics [68].
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1.3.5 Ultrafast Photophysical Pathways in Carotenoids

Figure 1-6 illustrates the major pathways of energy relaxation in the singlet excited

states of Cars. Energy relaxation from the bright S2 state is dominated by rapid, sub-

ps S2 → S1 internal conversion. While the time constants vary slightly with different

Cars and in different environments, measured timescales of this pathway are in the

range of 150−200 fs [49, 69]. Following internal conversion, excitation energy on the

dark S1 state non-radiatively decays within a few to tens of picoseconds. The S1

lifetimes of the Cars found in LHCII (measured with isolated molecules in solution)

are 9−35 ps (Neo: 35 ps, Lut: 14 ps, Vio: 24 ps, Zea: 9 ps) [49]. Radiative decay,

i.e., fluorescence emission, from both the S2 and S1 states of Cars has been observed,

albeit with very weak intensity due to its extremely low quantum yield (10−5−10−4).

Whether the S2 or the S1 fluorescence dominates the observed fluorescence spectrum

is dependent on the conjugation length [70]. In Cars with eight or fewer conjugated

double bonds, the S1 fluorescence dominates. In Cars with nine or more conjugated

double bonds, the S1 → S0 non-radiative decay rate increases according to the energy

gap law, making the S1 fluorescence vanishingly weak in intensity and, therefore,

S2 fluorescence the dominant contribution. Vibrational relaxation dynamics of Cars

are known to occur on picosecond timescales, as have been extensively characterized
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with time-resolved Raman spectroscopic techniques [71, 72]. Intersystem crossing of

Cars, reported to occur on a nanosecond timescale (not shown in the figure), has a

low quantum yield due to the rapid timescale of internal conversion, the competing

pathway [73]. A more dominant pathway of Car triplet formation is via triplet-triplet

energy transfer from a triplet energy donor, such as the triplet excited state of Chls

[69].

1.3.6 Diverse Roles of Carotenoids in Photosynthesis

The unique and intricate electronic structure of Cars discussed above enables them to

play multiple distinct roles that are critical to the fitness and function of photosyn-

thetic organisms. In their light-harvesting role as accessory pigments, Cars mediate

the rapid and efficient energy transfer steps in photosynthetic light harvesting by

connecting energetically distant transitions of the primary light-harvesting pigments.

In LHCII, the bright S2 state of the Cars, located between the Soret and Q states

of the Chls, bridges the large gap between them by accepting excitation energy from

the higher-lying Chl Soret states and donating it to the lower-lying Q states [74–76].

On the other hand, the dark S1 state is thought to be primarily involved in pro-

tective mechanisms against photodamage from excess sunlight, along with triplet-

mediated photoprotective pathways, i.e. quenching of Chl triplet and singlet oxygen

by Car triplet state [77–79]. Although the detailed photophysical mechanism remains

undetermined due to the ambiguity of the S1 energy, the short, picosecond-order life-

time of this state enables rapid quenching of deleterious energy through non-radiative

relaxation back to the ground state [49, 52]. Detailed discussions about photoprotec-

tion and associated photophysics are provided in Section 1.5.

From a structural perspective, Cars are required for the assembly, stabilization

and macro-organization of many bacterial and plant LHCs [80–82]. In the case of

LHCII, it was shown that the presence of Luts in their binding sites is critical for

proper folding of the protein, highlighting the indispensable structural role that Luts

play in the organization of plant LHCs [83, 84].
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1.4 Ultrafast Energy Transfer Dynamics in Light-

Harvesting Complex II

The pathways and timescales of energy transfer in LHCII have been extensively char-

acterized with ultrafast spectroscopic techniques such as femtosecond transient ab-

sorption [75, 76, 85–87], three-pulse photon echo peak shift [88, 89], transient grat-

ing [88], and more recently multidimensional electronic spectroscopies [90–95]. The

timescales of energy transfer from Car S2 to the Chl Q states were measured to be

50−170 fs with transient absorption, assigned by the decay of Car S2 population and

growth of Chl Q population observed upon photoexcitation into the Car S2 states

[75, 76, 86]. Narrowband pump pulses were utilized to selectively excite the S2 states

of the different Cars present in LHCII, which revealed that Luts and Neo primarily

transfer energy to Chls a and Chls b, respectively. Additionally, a slower, 1 ps de-

cay of the Car S1 → SN ESA was identified in the transient absorption spectra and

assigned to energy transfer from Car S1 to the Chl Q states with a lower amplitude

than that of the transfer directly from the S2 state [75]. The overall efficiency of the

Car-to-Chl energy transfer was estimated to be 80−90%, consistent with the estimate

from steady-state fluorescence excitation spectroscopy [96].

Energy transfer within the Chl Q manifold is much more extensively character-

ized than Car-to-Chl transfer, with both spectroscopic experiments and theoretical

modeling. Energy transfer occurs both from Chl b to Chl a (inter-band) and among

the same types of Chl pigments (intra-band). The Chl b-to-Chl a energy trans-

fer appears as a growth in Chl a Qy population upon photoexcitation into the Chl

b Qy state, and exhibits multi-component kinetics with time constants of 150−300

fs and 600 fs, and a minor picosecond component [97]. Two-dimensional (2D) and

three-dimensional (3D) spectroscopy experiments with improved spectral resolution

compared to one-dimensional transient absorption spectroscopy identified that the

Chl a pigments can be grouped into high-energy and low-energy pigment pools, and

reported energy transfer between the two Chl a pools on a few ps timescale [90, 93].

Dynamics of intra-band energy transfer among Chl b or Chl a pigments, i.e., energy
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equilibration, were investigated with transient absorption [98, 99], three-pulse photon

echo peak shift [88, 89], fluorescence upconversion [100], and more recently 2D elec-

tronic spectroscopy [101]. For Chl b intra-band transfer, a rapid timescale of 300 fs

was measured. In the case of Chl a, a slower component with a time constant of 5−7

ps was revealed in addition to the sub-ps component.

All of the energy transfer timescales summarized above represent energy flow

within an individual LHCII measured with isolated LHCs in solution. In the native

photosynthetic machinery of plants, the dynamics of energy transfer between LHCs

contribute to the overall efficiency and rate of charge separation in the RC, along

with the transfer within LHCs. The timescale of energy transfer between LHCs was

estimated with singlet-singlet annihilation experiments, which revealed time constants

of a few tens to hundreds of ps that depend on the size of the LHC array [102].

1.5 Regulation of Photosynthetic Light Harvesting

in Plants

Figure 1-7: Intensity of sunlight and the rate of photosynthesis. In low light,
photosynthetic efficiency is limited by the light intensity. In high light, the rate of
light absorption exceeds the capacity of the RC, resulting in excess light that leads
to photooxidative damage of the cells in photosynthetic organisms.

1.5.1 Non-photochemical Quenching

The rapid and efficient capture and transfer of energy by photosynthetic LHCs ensure

that a sufficient amount of sunlight is absorbed to fuel the growth of the photosyn-
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thetic organism. However, the intensity of sunlight fluctuates by the diurnal and

seasonal cycles, or even transiently, for example by passing of clouds, and so the

organisms are exposed to fluctuating levels of sunlight [103]. Figure 1-7 illustrates

the rates of light absorption and photosynthesis as a function of light intensity. Un-

der light-limited conditions, e.g., on a cloudy day, photosynthetic efficiency increases

with the intensity of sunlight in order to power growth. In contrast, under high-

light (sunny) conditions, the rate of light absorption exceeds the capacity of the RC,

i.e., the rate of photosynthesis, resulting in excess light that causes photooxidative

damage to the cells via generation of harmful photoproducts such as reactive oxygen

species [104, 105]. To prevent photodamage, the LHCs of oxygenic photosynthetic

organisms, including green plants, have evolved a mechanism to dynamically regu-

late their light-harvesting capacity by quenching the excess energy, broadly known as

photoprotection. In response to the fluctuating levels of sunlight, the LHCs undergo

a rapid and reversible interconversion between a light-harvesting (unquenched) and

a photoprotective (quenched) state. In the quenched state, the deleterious excess

energy is dissipated as heat in a process called non-photochemical quenching (NPQ)

[69, 106, 107]. NPQ consists of three components that primarily differ in their relax-

ation kinetics. The major and fastest component of NPQ in green plants is called

energy-dependent quenching (qE), which is a rapid and reversible component that

leads to dissipation within a few minutes [108]. The other two components exhibit

much slower kinetics and are known to play minor roles in energy dissipation in plants

[106]. Therefore, the discussions of NPQ in the remainder of this thesis will be focused

exclusively on the qE component.

1.5.2 pH- and Zeaxanthin Dependence of Non-photochemical

Quenching

In vivo, NPQ is triggered by a buildup of a proton gradient (∆pH) across the thylakoid

membrane (Figure 1-8). The proton gradient is the consequence of increased proton

pumping into the thylakoid lumen in high light, resulting in reduction of the luminal

34



Stroma

Lumen

ΔpHThylakoid
membrane

VDE

LHCII

(1)

(2)VioZea
(3)

PSII core

Figure 1-8: Activation of NPQ. Illustration of the series of events triggered in the
presence of excess light. (1) A proton gradient across the thylakoid membrane, or
∆pH, is formed by a drop in the luminal pH. (2) The drop in luminal pH activates
the enzyme VDE, which (3) catalyzes the xanthophyll cycle, where Vio is converted
into Zea.

pH. The acidification of the thylakoid lumen activates the xanthophyll cycle (Figure

1-9A), in which Vio, the Car bound to the V1 site in LHCII, undergoes reversible

chemical transformations into its de-epoxidized form Zea via an intermediate Car

antheraxanthin (Anth) [109]. The de-epoxidation reaction extends the conjugation

length of the xanthophyll cycle Car by creating two additional conjugated double

bonds, resulting in a red-shifted S2 energy level of Zea compared to that of Vio

(Figure 1-9B). The activity of the enzyme that catalyzes the de-epoxidation reaction,

violaxanthin de-epoxidase (VDE), is pH-dependent and maximal at pH ∼5 [110, 111].

Thus, de-epoxidation of Vio into Zea is activated in high light, where the reduction

in the luminal pH enhances the catalytic activity of VDE, which is located in the

lumen. Conversely, Zea and Anth can be re-epoxidized into Vio in low light by

another enzyme called zeaxanthin epoxidase (ZE), located on the stromal side of the

thylakoid membrane with optimal activity at alkaline pH (pH 8). In summary, excess

light triggers a chain of events in the plant thylakoids that leads to the appearance

of ∆pH and Zea, and this is the reason why these two parameters have long been

considered to be responsible for the activation of NPQ. Indeed, the pH- and Zea

dependence of NPQ has been confirmed by in vivo characterizations that showed a

correlation between ∆pH and/or the Zea content and the extent of NPQ [112–114].
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Figure 1-9: The xanthophyll cycle. (A) Chemical structures of Vio, Anth, Zea and
the interconversion among them in the xanthophyll cycle. (B) Steady-state absorption
spectra of Vio and Zea in acetone.

1.5.3 Site and Mechanisms of Non-photochemical Quenching

The exact site and mechanisms of NPQ have been a matter of intense debate in the

field for the past few decades. Being the most abundant and thus major LHC in green

plants, LHCII was naturally hypothesized to be the site of NPQ and has been most

extensively investigated to date. In an attempt to disentangle the molecular parame-

ters that activate quenching, in vitro aggregates of LHCII were prepared as a mimic

of the native arrays of LHCII found in vivo [115]. Pronounced quenching of LHCII

fluorescence was observed upon aggregation, similarly to the fluorescence quenching

observed in vivo under high-light conditions [116–119]. Furthermore, the extent of

quenching was enhanced at low pH and in the presence of Zea. These observations led

to the proposal that LHCII is the site of NPQ activated by conformational changes

brought about by aggregation. In an alternative model, the minor LHCs were pro-

posed to be the site of quenching rather than LHCII, based on the observations that

the minor LHCs CP29 and CP26 have high proton- and Zea affinity [120, 121]. It

was also suggested that the two models mentioned above are not mutually exclusive.

A recent mutagenesis study with a knockout mutant that lacks all minor LHCs and

only retains LHCII revealed that both LHCIIs and minor LHCs contribute to the

activation of NPQ, but with distinct timescales and molecular mechanisms [121].

It is generally accepted that conformational changes of the LHCs, whether LHCII
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or the minor complexes, are responsible for opening up quenching sites and activating

dissipative pathways. Due to the highly sensitive physical and electronic structure

of the Cars to the surrounding environment as discussed earlier, the conformational

changes responsible for induction of NPQ are thought to involve structural changes

in one or more Cars, e.g., bending or twisting of part of their conjugated back-

bones. The conformational changes are thought to originate from the interaction of

the LHCs with the surrounding lipid bilayer membrane or with neighboring proteins,

i.e., protein-protein interaction. Molecular dynamics simulations of LHCII embedded

in a membrane revealed that the overall structure of LHCII and Car conformations

significantly differ from those in other environments, highlighting the importance of

understanding the interaction between LHCs with the lipid membrane environment

[28]. In terms of interactions with neighboring proteins, two of the proposed protein-

protein interactions suggested to activate NPQ are the interactions among multiple

LHCIIs and those between LHCII and a non-pigment-binding protein, photosystem

II subunit S (PsbS). The former interactions were mimicked by in vitro aggregates

of LHCII as mentioned above, and quenching levels dependent on the extent of ag-

gregation were observed [122–124]. It was proposed based on resonance Raman and

transient absorption results that conformational changes of the peripheral domains

of LHCII containing Neo and Lut1 are responsible for the induction of the observed

quenching [122]. The nature and role of the latter interactions, between LHCII and

PsbS, are unclear. PsbS serves as a pH sensor by being protonated under high-light

conditions, and was shown to be required for full induction of NPQ [125–130]. Be-

cause PsbS does not bind any pigments, it is established that PsbS cannot act as

a direct quencher. Rather, it is thought to allosterically activate NPQ via inducing

conformational changes to the LHCII complex. However, it remains an open question

what structural changes it causes to the neighboring LHCII after protonation, and

whether those changes are capable of activating NPQ.
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Figure 1-10: Models for the photophysical mechanism of NPQ. The four
current proposed models for the photophysical mechanisms of NPQ are shown: Chl-
to-Car energy transfer, excitonic mixing of Car-Chl excited states, Car-to-Chl charge
transfer, and Chl-Chl charge transfer. NR: non-radiative decay, CR: charge recombi-
nation.

1.5.4 Models for the Photophysical Mechanisms of Dissipation

Along with the debate surrounding the site and mechanisms of NPQ from a structural

perspective described in Section 1.5.3, the photophysical mechanisms of NPQ, i.e., the

nature and origin of dissipative photophysical pathways, are another widely debated

topic in the field. Dissipative photophysics originate from electronic interactions

between the Chl and Car pigments. However, the nature of the interactions and the

associated dynamics have not been definitively elucidated to date. Currently, there

are four proposals as to the nature and dynamics of dissipative photophysics (Figure

1-10).

In most of these proposals, the dark Car S1 state is implicated to mediate dissi-

pation leveraging its rapid timescale of non-radiative relaxation. The most straight-

forward proposal is energy transfer from the Chl Qy to the Car S1 state [122, 131].

Spectroscopically, this pathway would appear as a correlated population decay of Chl

Qy and growth of Car S1 on the timescale of energy transfer. However, previous

ultrafast measurements were unable to observe such features [132, 133]. Instead, the

observed dynamics were better supported by an excitonic mixing between these two

states, leading to the birth of the excitonic mixing model [134, 135]. In this proposal,

in contrast to the energy transfer proposal, the absence of correlated decay and rise of

the Chl and Car populations is explained by assuming delocalization between the Car

S1 and Chl Qy states. The delocalized excitonic state is thought to relax rapidly via

non-radiative decay, rapidly dissipating energy. The validity of these two proposals
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has not yet been definitely determined, largely due to the ambiguity of the Car S1

energy originating from its low oscillator strength.

The other two models propose that a charge transfer state, formed either between

Car and Chl or between Chls, opens up dissipative channels. The Car-to-Chl charge

transfer proposal is supported by a clear spectroscopic signature of the Car radical

cation formed upon photoexcitation into the Chl Qy state in the near-infrared region

[136–139]. The formation of the charge transfer state and subsequent charge recom-

bination were measured to occur within 150 ps, which enables rapid dissipation of

energy. However, the small amplitude of the observed Car radical cation signature has

prevented clear assignment and analysis. The Chl-Chl charge transfer proposal also

relies on a characteristic signature in the 77 K fluorescence spectrum of the LHCs;

a red-shifted emission band appears at 700 nm on top of the main fluorescence peak

at ∼680 nm and has been associated with charge transfer between Chls based on the

distinct kinetics of this feature compared to that of the main peak [119, 140, 141].

However, a recent study concluded that the red-emitting feature is distinct from that

arising from quenched species [142].

1.6 Model Membranes as a Platform for Accommo-

dating Photosynthetic Light-Harvesting Proteins

The conflicting observations and debated models about the site and mechanisms

of NPQ described in Sections 1.5.3 and 1.5.4 partly stem from the multiplicity of

the environments that have been used to accommodate the LHCs, which results

in vastly different, including far-from-native, conformations and, in turn, different

photophysical properties. A commonly used environment for isolating and solubilizing

membrane proteins including photosynthetic LHCs is detergent micelles. However,

detergents are known to induce non-native conformations to the protein, and therefore

obscure the physiologically relevant conformational changes responsible for activation

of dissipation as well as potentially distort the photophysics [143]. On the other
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extreme is the native in vivo environment, such as whole leaves, which often leads to

convoluted spectroscopic signatures from the large number of homologous LHCs that

cannot be disentangled, and is prone to laser-induced artifacts such as singlet-singlet

annihilation [102, 144, 145].

In order to overcome the limitations of the two most commonly adopted en-

vironments mentioned above, model membranes, meaning the assembly of near-

physiological membranes, are being increasingly utilized to accommodate the LHCs

[40, 146–149]. A widely utilized model membrane platform for photosynthetic LHCs

has been liposomes, which are micron-sized spherical vesicles of lipid bilayer mem-

branes. While liposomes provide a near-native and controllable environment for the

embedded LHCs, their size and protein content tend to be heterogeneous. Further-

more, their large size leads to high levels of scattered light, making spectroscopic

measurements of liposomes challenging [150, 151].

1.6.1 Nanodiscs

One class of model membranes, known as nanodiscs, are a discoidal structure with

control over both membrane size and composition [152, 153]. As shown in Figure

1-11, a lipid bilayer with the embedded membrane protein of interest is encircled by

an amphiphilic membrane scaffold protein, which solubilizes the nanodisc.

Nanodiscs self-assemble in vitro upon mixing the membrane protein of interest,

lipids, and the membrane scaffold protein in a pre-designed stoichiometry. The ratio

of lipids to the membrane protein controls the membrane protein content of the

nanodisc. The length of the membrane scaffold protein and ratio of this protein

to lipids control the size of the nanodisc. A desired size and protein content can be

further selected by purification with size-exclusion and ion exchange chromatography.

Nanodiscs offer several advantages over liposomes. First, their smaller size (a

few to tens of nm), and the resultant reduction in scattered light, make them much

more amenable for spectroscopic studies. Second, the flat membrane architecture of

nanodiscs, in contrast to the highly curved topology of the membranes in liposomes,

better mimics the lateral membrane pressure that the embedded protein experiences

40



Figure 1-11: Components of a membrane nanodisc. Cartoon illustration of a
membrane nanodisc with a single LHCII protein (green) embedded. The lipid bilayer
and membrane scaffold protein are shown in light gray and dark gray, respectively.

in native biological membranes. Third, the tunability of the membrane area (size)

imposed by the length and stoichiometry of the membrane scaffold protein enables

a more systematic control of the size and protein content, thereby yielding a more

homogeneous distribution of size and protein density compared to liposomes.

Nanodiscs, therefore, are a promising platform for ultrafast spectroscopic studies

of photosynthetic LHCs that provides both a physiologically relevant membrane envi-

ronment and systematic control over local membrane composition. Chapters 4−6 of

this thesis describe how the nanodisc platform can be applied to spectroscopic studies

of LHCII, and how it can be extended towards mimicking the native photosynthetic

machinery of plants.
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Chapter 2

Ultrabroadband Two-Dimensional

Electronic Spectroscopy

Adapted from: Son, M., Mosquera-Vázquez, S. & Schlau-Cohen, G. S. "Ultrabroad-

band 2D Electronic Spectroscopy with High-Speed, Shot-to-Shot Detection", Opt.

Express 16, 18950−18962 (2017).

2.1 Chapter Summary

Two-dimensional electronic spectroscopy (2DES) is an incisive tool for disentangling

excited-state energies and dynamics in the condensed phase, which directly maps out

the correlation between excitation and emission frequencies as a function of time. The

spectral range of detection in the vast majority of conventional 2DES apparatuses is

limited to sub-100 nm, thereby encompassing only a narrow subset of the excited

states of the system, whereas the electronic structure of many condensed-phase sys-

tems is typically spread over the entire visible range. In this chapter, I describe the

construction of an ultrabroadband 2DES apparatus with a detection range that spans

the entire visible region (450−800 nm), which enables a simultaneous interrogation of

electronic transitions over a ∼200 nm bandwidth. The ultrabroadband laser spectrum

is generated by gas filamentation in argon, and combined with an all-reflective 2DES

setup, the optical, optomechanical and electronic components of which are discussed
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in detail. To address the deterioration of detection sensitivity due to the inherent

instability of ultrabroadband sources, a shot-to-shot, dual chopping data acquisition

scheme is implemented. Comparison of the 2D spectra of a laser dye acquired by shot-

to-shot detection and conventional, averaged detection shows a 15-fold improvement

in the signal-to-noise ratio (SNR). This significant improvement in sensitivity enables

the application of the ultrabroadband 2DES instrument for biological samples, which

typically lead to a high level of scatter and cannot be measured with high excitation

powers, as discussed in later chapters.

2.2 Introduction

Coherent two-dimensional (2D) optical spectroscopy is a powerful spectroscopic tool

for studying the energy landscapes and dynamics of condensed-phase systems [154].

In particular, 2DES, which uses ultrafast visible pulses to excite electronic transitions

of the system, has been extensively utilized to unravel couplings between electronic

and vibronic states [155–160], energy relaxation pathways and quantum coherence

in a variety of systems including photosynthetic light-harvesting complexes [161–164]

as well as organic and inorganic nanostructures [165–174]. 2DES has proven to be

particularly incisive for interrogating complex systems with highly congested energy

states; the time evolution of the emitted third-order signal along one frequency axis

(emission frequency, 𝜔𝑡) is spread out on a second frequency axis (excitation frequency,

𝜔𝜏 ), resulting in a correlation map between 𝜔𝜏 and 𝜔𝑡 of the system. This grants 2DES

a significant advantage over the one-dimensional pump-probe technique, an enhanced

spectral (frequency) resolution while maintaining its ultrafast temporal resolution.

Since the first demonstration of 2DES technique as an optical analog of 2D nuclear

magnetic resonance (NMR) two decades ago [175, 176], various experimental imple-

mentations are being developed and examined towards enhanced phase stability, a

broader spectral window, and faster data acquisition with improved sensitivity [177].

Early instrumental developments in 2DES were focused on achieving interferometric

temporal precision and phase stability, which are critical for accurate retrieval of the
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excitation frequency axis [178–181]. More recent efforts have been centered towards

generation of broader excitation sources and improvements in data acquisition and

processing methods for a broader detection window as well as higher-throughput data

collection [182–186].

The spectral window of the measured 2D frequency correlation map is directly

limited by the bandwidth of the laser spectrum used. Until recently, a non-collinear

optical parametric amplifier (NOPA) was the most widely used and accessible source

of excitation for 2DES [187]. Although the wavelength range of a NOPA is readily

tunable by varying the phase matching angle [188], in most cases its bandwidth is

limited to sub-100 nm in the visible region, which limits the detection window to

a few tens of nm in wavelength. This limitation makes NOPA-based apparatuses

unable to simultaneously probe the broad range of electronic and vibronic transitions

across the entire visible range typically seen in condensed-phase systems. To be able

to capture the complete picture of the energy landscape and relaxation pathways,

a broadband light source is required, as has been recently implemented in transient

absorption spectroscopy experiments [189–192]. Several works demonstrating the

applicability of broadband, few-cycle supercontinuum pulses to 2DES were published

in recent years [182, 193–196]. While there are several different approaches to generate

supercontinua [172, 185, 197, 198], a popular method of supercontinuum generation

reported for 2DES is gas filamentation, where a high-power output of a femtosecond

regenerative amplifier is focused into a chamber filled with pressurized gas, such as

argon, neon, nitrogen, or air [199–201]. Gas filamentation is a simple and robust

solution to the drawbacks of white light generation in bulk media, because it provides

2−3 orders of magnitude higher pulse energies than those with bulk crystals, and

offers a higher damage threshold and lower dispersion as no bulk material is present

in the medium [198].

However, a major drawback of using ultrabroadband pulses generated by fila-

mentation is that they are inherently less stable than a NOPA [182]. Thus, a high-

sensitivity detection method that is resistant to the fluctuations of the ultrabroadband

source is required. Highly sensitive 2DES enables resolution of weak cross peaks or
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measurements of photochemically unstable samples or with low pulse energy. Follow-

ing method developments for transient absorption spectroscopy [202–204], balanced

detection with a reference pulse [183] and shot-to-shot acquisition [184] have been

implemented in 2DES, and up to a 10-fold improvement in sensitivity was reported.

While these examples directly characterized the impact of balanced and shot-to-shot

detection methods on detection sensitivity, the pulses were generated using a NOPA

and a solid-state crystal, respectively, which are fundamentally different mechanisms

with different noise profiles from gas filamentation. Although gas filamentation is

being increasingly adopted in ultrafast spectroscopy as an alternative to NOPAs or

bulk continuum generation, quantitative analysis of the noise profiles and stabil-

ity of filamentation-based supercontinuum has not yet been reported. Furthermore,

implementation of high-sensitivity detection methods to overcome the instability of

filamentation-based supercontinuum sources has not yet been demonstrated.

In this chapter, I report the construction of an all-reflective 2D electronic spec-

trometer that combines an 8 fs ultrabroadband pulse spanning the entire visible region

generated by gas filamentation and high-speed, 5 kHz shot-to-shot data acquisition.

The high-speed detection method is enabled by a shot-to-shot dual chopping scheme

using two optical choppers that operate at different frequencies, which leads to an

improved sensitivity by removing scattered light from the 2D signal every laser shot.

This is a simple and robust 2DES setup with only conventional optics that pro-

vides a broad spectral window (200 nm) as well as overcomes the limited stability

of filamentation-based supercontinuum with high-sensitivity detection. The enhance-

ment in sensitivity with shot-to-shot detection is quantitatively analyzed, and a 15-

fold improvement was obtained relative to the conventional, averaged detection. The

functionality of the constructed apparatus is examined by 2DES measurements on a

laser dye, Nile Blue A perchlorate.
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Figure 2-1: Pulse sequence of 2DES. (A) Pulse sequence of a 2DES experiment.
Time zero is arbitrarily set to the point where pulses 1−3 are coincident on the sample.
The LO is temporally delayed for heterodyne detection. The LO precedes the other
three pulses to prevent pump-probe background from interfering with the 2D signal.
(B) Illustration of the pulse sequence shown in (A) for a BOXCARS phase-matching
geometry. The emitted third-order signal propagates in the same direction as the LO,
and the interference between the two is detected. After exciting the sample, beams
1 − 3 are blocked with a spatial mask, and only the signal/LO propagates towards
the detector.

2.3 Principles of Two-Dimensional Electronic Spec-

troscopy

2DES is a third-order, transient four-wave mixing spectroscopic technique, in which

the light-matter interactions between the system and three pulses lead to emission of a

nonlinear signal that encodes the third-order susceptibility of the system in a certain

phased-matched direction [205, 206]. Readers interested in details of the quantum

mechanical theory of 2D spectroscopy are referred to the discussions in [205, 207].

A typical pulse sequence of 2DES and the time intervals between pulses are dis-

played in Figure 2-1A. The laser pulses utilized in 2DES are typically several tens of

fs in duration and tens of nm in spectral bandwidth. The first pulse (pulse 1) excites

the system and generates a coherent superposition between the ground state and the

first excited state of the system. The generated coherence evolves in time for the time

period of 𝜏 , typically known as the coherence time. The second pulse (pulse 2) creates

a population or an excited-state coherence, which evolves for a second time interval,

known as the waiting time (𝑇 ). The light-matter interaction with the third pulse

(pulse 3) creates another coherence (emission coherence), which reads out the current

state of the system and leads to the emission of the third-order signal. The fourth
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pulse, commonly referred to as local oscillator (LO), does not directly participate in

the third-order nonlinear process. Instead, it serves as a reference pulse in the hetero-

dyne detection scheme of 2DES, where the emitted third-order signal is mixed with

the LO, and the interference between the signal and the LO is detected. Heterodyne

detection enables acquisition of both the amplitude and phase of the signal, allowing

for the separation of the real and imaginary parts of the signal. Furthermore, mixing

of the weak, third-order signal with a more intense reference pulse results in an ampli-

fication of the detected signal intensity. A widely used phase-matching geometry in a

2DES experiment is a fully non-collinear, square-like geometry called the BOXCARS

geometry, as illustrated in Figure 2-1B. In this geometry, the third-order signal is

emitted in the same direction as that of LO propagation, creating an interference

between them. The benefit of using the BOXCARS phase-matching geometry, as

opposed to a collinear, pump-probe geometry, which is another widely implemented

phase-matching geometry for 2DES, is that it allows for a background-free detection

of the signal with improved sensitivity.

2.4 Generation and Characterization of Ultrabroad-

band Laser Pulses

2.4.1 Supercontinuum Generation by Gas Filamentation

The ultrabroadband excitation source is produced by supercontinuum generation via

self-guided argon gas filamentation, as has been reported previously [182, 193, 200]. A

5 kHz Ti:sapphire regenerative amplifier (Libra, Coherent) provides the initial input

pulse centered at 800 nm (32 nm full-width at half maximum (FWHM)) with a pulse

duration of less than 40 fs. To generate the supercontinuum, an attenuated output

of the regenerative amplifier, the power of which is varied with a half-wave plate

(HWP in Figure 2-2), is focused with an achromatic lens (𝑓 = 1, 000 mm) into a 1 m

long steel chamber filled with pressurized argon gas at 20 psi. The argon chamber is

sealed at both ends with two 1 mm thick fused silica Brewster windows. Typically, a
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Figure 2-2: Optical layout of the ultrabroadband 2DES apparatus. HWP:
Half-wave plate; P: Thin film polarizer; L1, L2: Focusing and collimating lenses
for supercontinuum generation (𝑓 = 1, 000 mm and 750 mm, respectively); DCM:
Shortpass dichroic mirror (805 nm cutoff); GF: Glass bandpass filter(s); CM1, CM2:
Chirped mirror pairs; SM1, SM2: Spherical (concave) mirrors for beam size reduction
(𝑓 = 150 mm and 100 mm, respectively); BS1, BS2: 50/50 Beam splitters; CW1,
CW2: Fused silica compensating windows (1 mm thick); C1, C2: Optical choppers;
RR1, RR2: Retroreflectors; SM3, SM4: Spherical (concave) mirrors (𝑓 = 250 mm);
ND: Neutral density filter; SM5, SM6: Spherical (concave) mirrors for beam expansion
for the spectrometer (𝑓 = 150 mm and 500 mm, respectively); G: Grating; L3:
Focusing lens (𝑓 = 150 mm). The ARID assembly is labeled with a dashed box.
The dashed oval illustrates the side view of the four beams propagating towards the
ARID.
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Figure 2-3: Generation and spectral tailoring of the ultrabroadband pulse.
Spectra measured at different stages of ultrabroadband pulse generation. The posi-
tions where each spectrum is measured are labeled in Figure 2-2 with roman numerals
I−IV. I: Before supercontinuum generation, II: Untailored output of the supercontin-
uum generation, III: Attenuation of > 800 nm light with a DCM, IV: Final spectrum
employed for 2DES measurements. Due to the weak intensity at 400− 700 nm, spec-
trum II is plotted on a logarithmic scale with the linear-scale spectrum overlaid in
dashed gray line.
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minimum input pulse energy of 540 𝜇J is required for supercontinuum generation to

take place. The resultant spectrum exhibits spectral broadening around the center

wavelength of the fundamental (Figure 2-3, I and II), although the intensity at < 700

nm is 2−3 orders of magnitude lower than that around 800 nm. Only a minor power

loss was observed; an output energy of 500 𝜇J was measured, which corresponds to

92.6% of the input energy. To attenuate the intense residual from the fundamental,

the collimated supercontinuum is passed through a shortpass dichroic mirror with a

cutoff wavelength of 805 nm (DMSP805, Thorlabs; DCM in Figure 2-2), resulting

in spectrum III shown in Figure 2-3. After attenuation, a pulse energy of 260 𝜇J

was measured, which is 52% of the 500 𝜇J energy before attenuation and 48.2% of

the initial input energy, 540 𝜇J. The conversion efficiency of 48.2% is comparable to

what was reported in the literature with similar methods [200]. To achieve a smooth

spectral profile with evenly distributed light intensity across the entire spectral range,

the spectrum is further tailored with one or more glass bandpass filters (GF). The

number and cutoff wavelength of the filters are routinely varied depending on the

absorption spectrum of the sample being measured (see Chapters 3−6 for more de-

tailed discussions). Spectrum IV shown in Figure 2-3 was produced with two identical

glass bandpass filters with transmittance at 330 − 665 nm (FGS600, Thorlabs). The

spectrum spans the entire visible range (450 − 800 nm) with a center wavelength of

580 nm and a FHWM bandwidth of 180 nm. The lack of intensity at < 450 nm is

due to a zero reflectance of the chirped mirror pairs (CM1 and CM2) in this range.

The energy of the pulse after all spectral filtering was 12 𝜇J, which corresponds to

2.2% of the minimum input energy 540 𝜇J.

2.4.2 Characterization of Stability

The stability of the generated ultrabroadband pulse was characterized by measuring

the fluctuation of its intensity over time. The shot-to-shot intensity fluctuation was

measured by recording 1,024 spectra at 5 kHz, and revealed a relative standard de-

viation (RSD) of 1.5% in the integrated intensity and 1.3% at a single wavelength

(580 nm), respectively. The long-term stability was also examined by collecting the
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Figure 2-4: Compression of the ultrabroadband pulse. (A) TG-FROG trace
of the ultrabroadband pulse (spectrum IV in Figure 2-3) measured at the sample
position. (B) Temporal intensity (black solid line) fitted with a Gaussian function
(red) and phase (black dashed line) profiles retrieved from the FROG trace.

spectrum every 30 seconds over 4 hours. An intensity fluctuation of 2.0% and a

spectral fluctuation of 1.7% at 580 nm were observed. These are comparable to the

fluctuation of the input fundamental beam, with an RSD of 1.7% for the integrated

intensity fluctuation and 1.3% measured at 800 nm. These results indicate that the

intensity fluctuation of the generated ultrabroadband pulse predominantly arises from

the fluctuation of the laser, and that there is no long-term drift in the intensity.

2.4.3 Characterization of Pulse Duration

The ultrabroadband pulse is compressed with two pairs of group velocity delay (GVD)-

oscillation-compensated chirped mirrors (PC70, Ultrafast Innovations; CM1, CM2)

with an average GVD of −40 fs2/mm per double bounce [208]. A variable amount

of fused silica (typically 1−2 mm) is used for fine tuning of the dispersion. The

temporal profile of the pulse was measured with transient grating frequency-resolved

optical gating (TG-FROG) [209] on a 5 mm thick N-BK7 glass window at the sample

position with a 200 nJ pulse energy (Figure 2-4). The TG-FROG trace shows that

the entire spectral range of the ultrabroadband pulse is compressed to a FWHM of 8

fs. The beam diameter of the compressed pulse is reduced from 6 mm to 4 mm using

two concave mirrors (SM1 and SM2) before being sent into the 2DES setup described

52



in detail below.

2.5 Ultrabroadband Two-Dimensional Electronic Spec-

trometer

The optical layout of the ultrabroadband 2DES apparatus is illustrated in Figure 2-2.

To minimize any wavelength-dependent dispersion, which is a critical experimental

consideration for broadband ultrafast spectroscopic techniques, I designed an all-

reflective setup similar to the one reported in [180]. No transmissive optic was used

throughout the system with the exception of two 1 mm thick ultrafast beam splitters

(BS1 and BS2; 106896, Layertec) and two fused silica compensating windows (CW1

and CW2).

2.5.1 Generation of the Four Beams in a BOXCARS Phase-

Matching Geometry

The two beam splitters create four beams in a fully non-collinear, BOXCARS phase-

matching geometry. The first beam splitter (BS1) creates the first pulse pair with a

vertical separation of 0.5", the two arms of which are illustrated with solid (upper

arm; beam 3 and the LO) and dashed (lower arm; beams 1 and 2) lines in Figure

2-2. The second beam splitter (BS2) then introduces a 0.5" horizontal separation

to the vertically separated pulse pair, thus giving rise to four beams in a 0.5"×0.5"

BOXCARS geometry (see dashed oval in Figure 2-2). T is introduced by moving

beam 3 and the LO away from beams 1 and 2 by a retroreflector (RR1) mounted on

a motorized translational stage (PRO115SL-200, Aerotech). Two 1 mm thick fused

silica windows (CW1, CW2) are added in the arm reflected off each beam splitter

to compensate for the dispersion introduced to the other arm that goes through the

beam splitter.
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2.5.2 Control of Coherence Time Delays

𝜏 , the time delay between pulses 1 and 2, is varied with two identical motorized

nanopositioner stages (ANT95-25-L, Aerotech), each of which records the rephasing

and nonrephasing halves of the 2D data. Because 2DES is a Fourier-transform spec-

troscopic technique, it is critical to ensure an interferometric precision in the timing

between pulses. Timing jitters as small as 0.5 fs can lead to peaks appearing at in-

correct 𝜔𝜏 frequencies or cause artifactual peaks to appear [154, 177, 205]. To control

𝜏 with interferometric precision but without introducing dispersion, the all-reflective

interferometric delay (ARID) system reported in [193] is utilized (Figure 2-5A). The

ARID assembly consists of four square mirrors arranged in a four-quadrant fashion

[210]. Of the four, the bottom two mirrors (M1 and M2), which reflect beams 1 and

2, are mounted respectively on the two nanopositioners at a small angle (𝜃 = 0.3∘)

to the plane normal to the beam propagation. In this angled geometry, the effec-

tive increment (∆𝑥) in nanopositioner position is greatly reduced from the actual

increment (∆𝑑) when 𝜃 is small because of the relationship ∆𝑥 = ∆𝑑 sin𝜃 (Figure

2-5B). Therefore, the ARID system enables a much more precise control over the 𝜏

steps without approaching the mechanical limit of the precision of the nanopositioner,

which, in this case, is 100 nm. At the chosen angle of 𝜃 = 0.3∘, ∆𝑑/∆𝑥 = sin𝜃 = 191.

For example, moving the nanopositioners in 500 nm steps (∆𝑑 = 500 nm), which

corresponds to a 𝜏 step size of 1.67 fs, translates to ∆𝑥 = 2.62 nm, and in turn, an

effective 𝜏 step size of 0.0087 fs. While the former results in a sampling rate below the

Nyquist frequency for visible light and will cause aliasing of 𝜔𝜏 , the latter corresponds

to a sampling rate well above the Nyquist frequency due to the 191-fold reduction in

the effective step size [205, 211]. This example highlights the utility of the ARID in

precise control of 𝜏 delays, particularly when the mechanical precision of the stage is

the major limitation.

In my system, the two nanopositioners are mounted on a baseplate with screw

holes at variable positions so that 𝜃 can be readily varied without having to unmount

the individual optical components. Of the two top mirrors, one mirror (MLO) is
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Figure 2-5: ARID assembly. (A) Illustration of the overall layout and components.
(B) Detailed view of the bottom part illustrating the principle of coherence time
control with the ARID.

mounted on a manual linear translational stage, which introduces a temporal delay

to the LO from the other three beams. In the BOXCARS geometry, the rephasing

(𝑘R = −𝑘1 + 𝑘2 + 𝑘3) and nonrephasing (𝑘NR = 𝑘1 − 𝑘2 + 𝑘3) contributions of the

signal are collected separately by reversing the timing between pulses 1 and 2 (Figure

2-1). Specifically, at any given waiting time T, beam 1 is scanned from −(𝜏 + T) to

−𝑇 for the rephasing half, and beam 2 is swept from −𝑇 to −(𝜏 + T) to obtain the

nonrephasing half by alternating the two nanopositioners.

The wavelength-dependent calibration factor, which is the conversion factor be-

tween the nanopositioner step size (∆𝑑) and the coherence time step (∆𝜏), is de-

termined before each 2DES measurement by recording the spectral interferogram

between beams 1 and 2 at 𝑇 = 0 at the sample position (Figure 2-6A). The cali-

bration factor was obtained by calculating the proportionality constant between ∆𝑑

and the known wavelength of light, and then dividing the constant by the speed of

light at each wavelength. In the case of 𝜃 = 0.3∘, a calibration factor of 40 − 45

fs/mm was typically obtained, which is 148 − 167 times smaller than what would be

achieved by scanning the nanopositioners in the direction of beam propagation (𝜃 =

90∘), as mentioned earlier. A typical RSD of the calibration factor across the spectral

range of the ultrabroadband spectrum is 0.15% (Figure 2-6B), which translates to
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Figure 2-6: Calibration of 𝜏 step size. (A) Spectral interferogram of beams 1 − 2
obtained by scanning the nanopositioners. (B) Calibration factor as a function of
wavelength.

only a 0.0017 fs uncertainty in the case of ∆𝜏 = 1 fs, a commonly employed 𝜏 step

size in 2DES measurements [212, 213]. This highlights that the all-reflective design

of my ultrabroadband 2DES setup indeed leads to minimal wavelength-dependent

dispersion across the entire spectral range, which is not achievable with glass wedge

pairs, a more widely adopted method for controlling 𝜏 steps [177]. Depending on the

application, the angle 𝜃 can be easily adjusted to a larger value, which allows one to

access a longer 𝜏 range at the cost of the precision of ∆𝜏 .

2.5.3 Phase Stability

In addition to ensuring an interferometric precision in ∆𝜏 , maintaining phase stability

is another critical experimental consideration in 2DES. A commonly used method to

achieve phase stability for a fully non-collinear, BOXCARS-geometry 2DES setup

is to design a (near-)common-path instrument by using common optics for all four

beams. This method takes advantage of the fact that the phase fluctuations between

pulse pairs 1−2 and 3−LO are anti-correlated [178, 214]. In the case of the rephasing

pathway (𝑘R = −𝑘1 + 𝑘2 + 𝑘3), the heterodyne-detected third-order signal (𝑆R) can

be written as

𝑆R(𝜔) = �̂�(3)(𝜔𝑅;𝜔1, 𝜔2, 𝜔3)|𝐸(𝜔)|4𝑒−𝑖𝜔(−𝑡1+𝑡2+𝑡3−𝑡𝐿𝑂)𝑒𝑖𝜔(−𝜙1+𝜙2+𝜙3−𝜙𝐿𝑂), (2.1)
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where �̂�(3) is the third-order nonlinear susceptibility, 𝜔R is the frequency of the rephas-

ing 2D signal, 𝐸(𝜔) is the electric field, 𝑡𝑖 and 𝜙𝑖 are the delay and phase of the 𝑖th

pulse (𝑖 = 1, 2, 3; subscript LO is used instead for the fourth pulse) [215]. Thus, the

total phase of the rephasing signal (𝜙R) is

𝜙R = −𝑖𝜔(−𝑡1 + 𝑡2 + 𝑡3 − 𝑡LO) + 𝑖𝜔(−𝜙1 + 𝜙2 + 𝜙3 − 𝜙LO). (2.2)

Because the first term is measured during the 2DES experiment and can be removed,

the phase offset from the incident pulses to the signal (∆𝜙𝑅) can be written as

∆𝜙𝑅 = −𝜙1 + 𝜙2 + 𝜙3 − 𝜙LO = (𝜙2 − 𝜙1) + (𝜙3 − 𝜙LO). (2.3)

The overall phase fluctuation that the signal experiences (𝛿(∆𝜙𝑅)) can then be written

as [214]

𝛿(∆𝜙𝑅) = (𝛿𝜙2 − 𝛿𝜙1) + (𝛿𝜙3 − 𝛿𝜙LO). (2.4)

Therefore, phase stability is achieved in a 2DES apparatus using common paths

to generate the four beams, because (𝛿𝜙2 − 𝛿𝜙1) and (𝛿𝜙3 − 𝛿𝜙LO) cancel out even

if the individual terms are non-zero [178, 214]. The 2DES setup described here also

relies on this passive phase stabilization method. However, because the ARID system

has four separate mirrors for the four beams, the phase fluctuations between the two

pulse pairs are not completely anti-correlated. Each phase fluctuation term (𝛿𝜙𝑖)

in Eq. (2.4) can be explicitly written out as the sum of the fluctuation originating

from each optic in the beam path. Eventually, all other terms cancel out between

the pulse pairs 1−2 and 3−LO, and the overall phase fluctuation of the rephasing

signal consists of only four terms that correspond to the phase fluctuation of the four

mirrors in the ARID system:

𝛿(∆𝜙𝑅) = (𝛿𝜙M2 − 𝛿𝜙M1) + (𝛿𝜙M3 − 𝛿𝜙MLO). (2.5)
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Figure 2-7: Phase stability. (A) Spectral interferogram of beams 1 and 2 measured
every minute over 10 hours. (B) Long-term phase stability of the spectral inter-
ferogram at 575 nm (white dashed line in (A).) Short-term phase stability at this
wavelength, measured every 20 seconds over 20 minutes, is also shown in the inset.
(C) Time slices of the spectral interferogram at the start of the measurement (black),
after 1 hour (green), and after 10 hours (blue), as labeled with arrows in (A). The
traces are vertically offset for clarity. A gray vertical dashed line at 620 nm is shown
as a guide to the eye.

To minimize the above-mentioned phase fluctuation from the mirrors, the entire ARID

system was constructed with steel, and steel mounts were used for all optical compo-

nents. The phase stability of the setup was evaluated from the interferogram between

beams 1 and 2 at fixed stage and nanopositioner positions recorded repeatedly over

a period of time (Figure 2-7A). The standard deviation (𝜎) of the phase retrieved

from the interferogram near the center wavelength of the ultrabroadband pulse (575

nm) was 43 mrad over 20 minutes and 84 mrad over 10 hours, which corresponds to a

short-term and long-term phase stability of 𝜆/146 (20 minutes) and 𝜆/75 (10 hours),

respectively (Figure 2-7B). Figure 2-7C shows that the spectral interferograms mea-

sured after one hour and after 10 hours are in phase with the one measured at the

beginning of the scan, which confirms that the setup maintains good phase stability

over a period of at least 10 hours.

After the four beams are reflected off the mirrors in the ARID assembly, they

are focused to a 100 𝜇m diameter spot on the sample with a concave mirror (𝑓 =

250 mm). The LO is attenuated by three orders of magnitude before entering the
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sample and temporally delayed by ∼500 fs by translating MLO on a manual linear

translational stage (see Figure 2-5A), such that it enters the sample before beams 1−3.

After recollimation, a spatial mask blocks beams 1−3 to prevent scattered light from

going into the detection system. Finally, the heterodyned signal is sent into a home-

built spectrometer, in which a transmissive volume-phase holographic grating (450

grooves/mm, Wasatch Photonics) spectrally disperses the signal and an achromatic

focusing lens (𝑓 = 150 mm) focuses it into a 1 × 2048 pixel line-scan charge-coupled

device (CCD; Aviiva EM4-BA8, e2v). The spectral resolution of the spectrometer is

0.145 nm/pixel, and a typical detection range of the emission wavelength is 470−770

nm.

2.5.4 5 kHz Shot-to-Shot Data Acquisition and Scatter Re-

moval

In order to enhance the sensitivity of the measurement while reducing the data ac-

quisition time, a high-speed, shot-to-shot (5 kHz) data acquisition method was im-

plemented. Two optical choppers (C1 and C2) that operate at subharmonics of the

laser frequency were synchronized with the 5 kHz detection rate to subtract scatter

contributions from the raw data, which is known to be a major source of artifact in

2DES [216].

Figure 2-8A illustrates the connectivity diagram of the electronic components in

the detection system. Here, the two optical choppers, which operate at 2.5 kHz (C1)

and 1.25 kHz (C2), respectively, are synchronized to the 5 kHz transistor-transistor-

logic (TTL) output from the synchronization and delay generator (SDG) of the laser.

C1 modulates beams 1 and 2, and C2 modulates beam 3 as described in Figure 2-

8B. This dual chopping leads to a unique sequence of four different combinations of

blocked and unblocked pulses, which are labeled A−D in the figure. The 2D signal

is emitted only when all three of beams 1 − 3 are unblocked, i.e., in A, and B−D

contain scatter originating from the beams unblocked in each pulse combination. The

scatter-subtracted 2D signal can be obtained by calculating 𝐴−𝐵−𝐶+𝐷 every four

59



Figure 2-8: Dual chopping scatter subtraction and synchronization schemes
for data acquisition. (A) Schematic drawing of the hardware connections in the
detection part. The TTL output signals of the laser (I) and two choppers (II, III)
serve as a trigger input of the microcontroller. The microcontroller output (IV), along
with the 5 kHz trigger from the laser, trigger the frame grabber, and in turn, data
acquisition in the CCD. (B) Dual chopping scheme for scatter subtraction. The 2D
signal is emitted only in the shaded parts of the sequence, where all three of beams
1−3 are unblocked. (C) Timing diagram showing the electronic input/output signals
of each hardware component labeled in (A) and their synchronization. Wait time
denotes the time interval between adjacent frames during which no data acquisition
occurs. This ensures that the acquisition of every frame is synchronized to the pulse
sequence A−D in the correct order.
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shots, where the terms 𝐴−𝐷 denote the signal intensity for each pulse combination

A−D. This cancels out most of the scatter terms originating from different pulse

combinations in the sequence [179, 217]:

𝐴−𝐵 − 𝐶 + 𝐷 =

|𝑠1 + 𝑠2 + 𝑠3 + 𝐸sig + 𝐸LO|2 − |𝑠3 + 𝐸LO|2 − |𝑠1 + 𝑠2 + 𝐸LO|2 + |𝐸LO|2

= |𝐸sig|2 + 2𝑅𝑒{𝑠1𝐸*
sig} + 2𝑅𝑒{𝑠2𝐸*

sig} + 2𝑅𝑒{𝑠3𝐸*
sig}

+ 2𝑅𝑒{𝑠1𝑠*3} + 2𝑅𝑒{𝑠2𝑠*3} + 2𝑅𝑒{𝐸sig𝐸
*
LO}, (2.6)

where 𝑠𝑖 (𝑖 = 1, 2, 3) denotes the scatter originating from beam 𝑖, and 𝐸sig and 𝐸LO

denote the electric field of the third-order 2D signal and of the LO, respectively. Thus,

the data acquisition program computes 𝐴−𝐵−𝐶+𝐷 and saves the scatter-subtracted

2D signal at each 𝜏 at a given 𝑇 . To circumvent the issue of many conventional

electronics being too slow for a 5 kHz detection, I employ a microcontroller (Arduino

Mega) and a line-scan CCD that can operate at a frequency as high as 70 kHz.

The microcontroller mediates the synchronization among the laser, choppers and the

frame grabber; its TTL output IV becomes high only if all inputs I−III are high,

which are the TTL output signals from the laser (I) and the two choppers (II and

III). The microcontroller output IV serves as an AND gate for the frame grabber

along with the 5 kHz trigger from the laser, i.e., the frame grabber begins acquiring

2D spectra when the laser trigger comes in and IV is high at the same time. Typically,

the frame grabber acquires 1,024 consecutive lines of data before transferring them

to the computer. Therefore, in practice, the minimal unit of data acquisition is a 2D

array ("frame") of 1,024 lines × 2,048 pixels. With the 5 kHz shot-to-shot detection,

it takes (1,024 lines)/(5,000 lines/s) = 204.8 ms to collect each frame, which contains

256 pulse combinations A−D recorded every laser shot. For synchronization of frame-

by-frame acquisition, a delay time that is slightly greater than 204.8 ms (205 ms) is

programmed into the microcontroller so that the AND gate signal IV stays high for

1,024 consecutive shots and a full frame of 1,024 lines is collected. After the collection

of first frame, IV returns to low and waits for the next A (all beams unblocked) to
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initiate the collection of the next frame (Figure 2-8C).

2.6 Preliminary Data on Nile Blue A Perchlorate

To demonstrate the functionality of the setup, 2D spectra of a laser dye Nile Blue

A perchlorate were measured. Nile Blue A perchlorate was purchased from Sigma

Aldrich and used without further purification. The dye was dissolved in spectroscopic

grade ethanol, and the optical density (OD) of the sample was 0.2 (per 0.1 mm) at

the absorption maximum (628 nm). The measurement was carried out with a pulse

energy of 7 nJ in a 0.1 mm thick quartz cuvette. 𝜏 was incremented in 0.4 fs steps

over a range of −100 − 100 fs, and 𝑇 was sampled every 5 fs for 0 − 600 fs. The LO

was attenuated by three orders of magnitude, and temporally delayed from pulses

1 − 3 by 500 fs.

Figure 2-9A shows a representative 2D spectrum of Nile Blue A perchlorate at

𝑇 = 200 fs. The absolute-value spectrum contains a positive diagonal peak at the

absorption maximum, which originates from the ground-state bleach (GSB) of the

dye. To separate out the real and imaginary parts of the complex-valued data as well

as retrieve the correct signs of the peaks, the absolute-value spectrum was phased

according to the projection slice theorem [154]. Auxiliary pump-probe spectra of

the dye were measured by blocking beams 1 and 3, and using beam 2 as the pump

and LO as the probe. The pump-probe spectra were also acquired shot-to-shot by

modulating beam 2 using the 2.5 kHz chopper (C1). The complex-valued 2D spectrum

was iteratively multiplied by a series of phase factors until the projection of the real

part onto the 𝜔𝑡 axis matched the normalized pump-probe spectrum at each 𝑇 (see

Section 2.9.2 for detailed descriptions of the phasing procedure) [179].

The phased absorptive 2D spectrum is shown in Figure 2-9A (right panel), which

shows very little difference from the absolute-value spectrum except for a slight fre-

quency shift along the 𝜔𝑡 axis. This indicates that the 2D signal of Nile Blue A

perchlorate is dominated by the GSB contribution, in agreement with previously

reported results [179, 196]. The 2D signal intensity plotted along 𝑇 reveals strong os-
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Figure 2-9: Phasing of the 2D spectrum and vibrational wavepacket dy-
namics of Nile Blue A perchlorate. (A) Absolute-value (left) and real absorptive
(right) 2D spectrum of Nile Blue A perchlorate at 𝑇 = 200 fs. An overlay of the laser
spectrum (orange area) with the dye linear absorption (black line) is shown above
each spectrum. To show the quality of phasing, an overlay of the pump-probe spec-
trum (red) and the projected 2D spectrum after phasing is shown on the right side
of the absorptive spectrum. (B) Oscillatory feature showing vibrational wavepacket
motions of Nile Blue A perchlorate, obtained by subtracting the exponential decay
component from the raw waiting time traces. The three points at which the traces
are generated are labeled with colored squares in the absorptive spectrum in (A): (𝜔𝜏 ,
𝜔𝑡) = (16, 300, 15, 000) (blue); (15, 000, 14, 500) (green); (15, 600, 15, 100) (black, in
cm−1). (C) Fast Fourier transform (FFT) power spectra of the oscillations in (B).
The traces in (B) and (C) are plotted with vertical offsets for clarity.
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Figure 2-10: Data acquisition schemes. Schematic illustration of the shot-to-shot
acquisition scheme developed in this work (Scheme 1) and the traditional, averaged
data acquisition scheme (Scheme 2) for 𝑘 consecutive laser shots.

cillations superimposed on the population dynamics, which originate from vibrational

wavepacket motions of the dye [196, 218]. To separate out the oscillatory part of the

signal from population dynamics, the exponential decay component was subtracted

from the raw waiting time traces (Figure 2-9B). Fourier transform of the residuals

reveals an intense peak at a frequency of 590 cm−1 (Figure 2-9C), which is known to

originate from the ring distortion mode of Nile Blue A perchlorate [218].

2.7 Characterization of Detection Sensitivity with

Shot-to-Shot Data Acquisition

In this section, I quantitatively characterize the improvement in detection sensitivity

with the 5 kHz shot-to-shot acquisition scheme developed in this work by comparing

the sensitivity of the shot-to-shot acquisition with that of the traditional, averaged

data acquisition.

Figure 2-10 illustrates the two different data acquisition mechanisms for data

collection with 𝑘 consecutive laser shots. Scheme 1 is the shot-to-shot acquisition

scheme implemented in this work and described in detail earlier. The four pulse
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Figure 2-11: Quantitative comparison of the SNR. (A) Comparison of the
absolute-value 2D data of Nile Blue A perchlorate at 𝑇 = 200 fs acquired with
Scheme 1 (left) and Scheme 2 (right), using 1,024 laser shots. (B) Normalized raw
time-domain traces at 𝜔𝑡 = 15, 500 cm−1 (black) and 16, 600 cm−1 (gray). The two
emission frequencies probed are labeled with arrows in (A). 𝜎 was evaluated for the
𝜏 = 75 − 100 fs range (red dashed boxes).
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combinations A−D as described in Figure 2-8B are collected sequentially, shot by shot.

A (𝑘/4) × 2048 scatter-subtracted data array [𝑆1, 𝑆2, ...𝑆(𝑘/4)−1, 𝑆𝑘/4] is constructed

by computing 𝑆𝑖 = 𝐴𝑖 − 𝐵𝑖 − 𝐶𝑖 + 𝐷𝑖 (𝑖 = 1, 2, 3, ..., 𝑘/4), and averaged to yield the

final data vector 𝑆ss(𝜏) for each 𝜏 . In the averaged acquisition scheme (Scheme 2),

which is commonly used in traditional shutter-based 2DES setups [179], each element

of the four pulse combinations A−D, 𝐴𝑖, 𝐵𝑖, 𝐶𝑖, and 𝐷𝑖, is recorded in blocks for

(𝑘/4) consecutive shots and averaged first to give a 4× 2048 array [𝐴𝑚, 𝐵𝑚, 𝐶𝑚, 𝐷𝑚],

instead of alternating the four cases every shot, where 𝑋𝑚 = (
∑︀𝑘/4

𝑖=1 𝑋𝑖)/(𝑘/4) (𝑋 =

𝐴,𝐵,𝐶,𝐷). Thus, the final, scatter-subtracted data vector, 𝑆avg(𝜏), is obtained after

collecting all 𝑘 shots (𝑆avg(𝜏) = 𝐴𝑚 −𝐵𝑚 − 𝐶𝑚 + 𝐷𝑚).

To characterize the improvement in sensitivity with the implementation of the

shot-to-shot data acquisition scheme, the 2D spectra of Nile Blue A perchlorate were

measured with both schemes and compared (Figure 2-11). Clear differences in data

quality are observed in both the processed 2D spectra and the raw interferograms in

the 𝜏 domain. Although the position of the main diagonal peak is not changed, the

2D spectrum acquired with Scheme 2 exhibits spurious structures in the peak (Figure

2-11A). These structures are not observed in the 2D spectrum acquired with Scheme

1, which suggests that they are artifacts caused by noise.

The SNR was calculated from the noise level of the raw interferograms in the 𝜏 do-

main. As shown in Figure 2-11B, normalized 𝜏 -domain traces for 𝜏 = 0− 100 fs were

analyzed at 𝜔𝑡 = 15, 500 and 16, 600 cm−1, close to the center frequency and high-

frequency edge of the diagonal peak, respectively. Following a previously established

analysis method [184, 219], the SNR was defined as the reciprocal of the standard

deviation (𝜎) of the noise (SNR= 1/𝜎). 𝜎 was calculated in the range of 𝜏 = 75−100

fs, where the oscillatory signal has completely dephased, and thus only noise con-

tributes to the data. Although the absolute noise level is greater at 16, 600 cm−1 due

to the weaker intensity of the 2D signal, Scheme 1 consistently reveals a ∼15-fold

improvement in the SNR over Scheme 2 at both emission frequencies (13.7-fold at 𝜔𝑡

= 15, 500 cm−1, 14.5-fold at 𝜔𝑡 = 16, 600 cm−1). Notably, Scheme 2 fails to resolve

the oscillatory feature of the signal at 𝜏 = 40 − 75 fs, which is clearly resolved in the
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shot-to-shot interferogram. These results demonstrate that the shot-to-shot acquisi-

tion method developed and implemented here provides a significant improvement in

detection sensitivity, which helps address the instability issue of filamentation-based

ultrabroadband light sources as well as reduces the duration of data collection. A

simple calculation suggests that one would need (0.041/0.003)2 = 187 times more

signal averaging with Scheme 2 to acquire 2D data of comparable SNR with that of

Scheme 1.

2.8 Conclusion

I described the construction of an improved 2D electronic spectrometer by combining

ultrabroadband pulses generated by gas filamentation with a high-speed, shot-to-shot

data acquisition scheme. A dispersion-free method was adopted for interferometric

control of the coherence time delays, which features high precision as well as a long-

term phase stability of 𝜆/75. The shot-to-shot data acquisition method resulted

in a 15-fold improvement in the detection sensitivity, thereby enabling a significant

reduction in data acquisition time. The improved sensitivity enables filamentation-

based supercontinuum sources to be employed for broadband 2DES measurements of

a wide range of systems, including those with inherently weak signals or that are eas-

ily photodegradable. Furthermore, the much-expanded spectral coverage compared

to conventional 2DES setups will allow the detection of previously inaccessible spec-

troscopic signatures in many visible-light-absorbing systems, in particular pathways

of energy transfer between energetically distant transitions.
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2.9 Supplementary Information

Figure 2-12: Illustration of the data processing procedure. Each panel illus-
trates the plot of the 2D array at each step of the data processing procedure, as
described in detail in the text. In (D), the black dashed box indicates the region of
the 2D array that was windowed in the 𝑡 windowing step. The example data presented
here are a 2D spectrum of [Fe(bpy)3](PF6)2 in acetonitrile, at 𝑇 = 1, 000 fs.

2.9.1 Data Processing Procedure

Figure 2-12 outlines the step-by-step procedure of constructing the 2D frequency

correlation map (2D spectrum) from the raw data at each 𝑇 . Data processing is per-

formed with a home-written MATLAB code that follows standard 2D data processing

procedures as previously reported in [179] and [220]. The raw, time-domain data are

a 2D interferogram in 𝜏 and emission wavelength, 𝜆𝑡 (𝜆𝑡 = 𝑐/𝜔𝑡, A). First, the 𝜆𝑡

axis is converted into a linear frequency axis, 𝜔𝑡 (B), and an apodization function,

typically a Hann window, is applied along 𝜏 (C). The 𝜏 -window 2D array is then

inverse Fourier transformed along the 𝜔𝑡 axis, resulting in a 𝜏 − 𝑡 array as shown in

(D). The portion of the 𝜏 − 𝑡 array that contains the signal is selected by applying

an apodization function along 𝑡 (E). Here, similarly to 𝜏 windowing, a Hann window

is typically applied. The windowed time-domain array is Fourier transformed back

along 𝑡, resulting in a 𝜏 −𝜔𝑡 array, and then normalized by dividing by the LO inten-

sity (F). Finally, the 2D array in (F) is Fourier transformed along 𝜏 to generate the

𝜔𝜏 axis, which gives rise to a complex-valued 2D frequency correlation map between
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𝜔𝜏 and 𝜔𝑡 (G). The procedure is repeated for each 𝑇 to yield a 2D spectrum at each

𝑇 .

2.9.2 Phasing

Following the generation of the 2D frequency correlation maps as described in Section

2.9.1, the maps are phased according to the projection slice theorem [154], using a

home-written MATLAB fitting routine. The complex-valued 2D spectrum at each 𝑇 ,

𝑆2D(𝜔𝜏 , 𝑇, 𝜔𝑡), is iteratively multiplied by a series of phase factors until the projection

of the real part onto the 𝜔𝑡 axis converges to the normalized pump-probe spectrum,

𝑃𝑃 (𝑇, 𝜔𝑡) [179]:

𝑃𝑃 (𝑇, 𝜔𝑡) =

𝑅𝑒
{︁∫︁ ∞

−∞
𝑆2D(𝜔𝜏 , 𝑇, 𝜔𝑡)𝑒𝑥𝑝

(︁
𝑖(𝜑 + (𝜔𝑡 − 𝜔0)𝑡𝑐 + (𝜔𝑡 − 𝜔0)

2𝑡2𝑞 + (𝜔𝜏 − 𝜔0)𝜏𝑐)
)︁
𝑑𝜔𝜏

}︁
,

(2.7)

where 𝜔0 is the laser center frequency. Four different phase factors are used to phase

the 2D spectrum. 𝜑 is an overall constant phase correction, 𝑡𝑐 and 𝑡𝑞 correct for

linear and quadratic errors in the time delay between beam 3 and the LO, and 𝜏𝑐 is

the correction term for the drift in 𝜏 = 0 [170, 220]. In most cases 𝜏𝑐 is not needed,

which confirms the phase stability of the setup as shown earlier.
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Chapter 3

Carotenoid-Mediated

Light-Harvesting Pathways in

Light-Harvesting Complex II

Adapted from: Son, M., Pinnola, A., Bassi, R. & Schlau-Cohen, G. S. "The Electronic

Structure of Lutein 2 Is Optimized for Light Harvesting in Plants", Chem 5, 575−584

(2019).

3.1 Chapter Summary

This chapter discusses the application of the ultrabroadband two-dimensional elec-

tronic spectroscopy (2DES) apparatus described in Chapter 2 to reveal energy re-

laxation pathways in light-harvesting complex II (LHCII), the major light-harvesting

complex in green plants and algae, across the visible solar spectrum. Due to their

narrow spectral bandwidth, previous 2DES measurements of LHCII had been lim-

ited to the two lowest-energy transitions of the antenna complex, which correspond

to only 20% of its total absorption range by area. Using ultrabroadband 2DES, I

map out the pathways of energy flow involving higher-lying electronic states that had

not been explored previously, i.e., how the high-energy states funnel energy rapidly

and efficiently downhill towards the low-lying states. In particular, I elucidate the
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electronic structure and photophysical pathways of carotenoids (Cars), the accessory

light-harvesting pigments, which dominate the high-energy absorption range of LHCII

as well as bridge the large energy gap between the high-energy (Soret) and low-energy

(Qx/Qy) states of the chlorophylls (Chls). Cars possess a convoluted electronic struc-

ture with one or more dark states. LHCII contains four Cars, each within its own

protein pocket with distinct structure and energetics, which, along with the complex-

ity of Car electronic structure, makes the identification of Car-mediated photophysics

challenging. The high spectral resolution of 2DES and improved spectral bandwidth

of my ultrabroadband 2D apparatus enable mapping of the energy transfer dynamics

and electronic structure of the Cars bound within LHCII. I find that one Car, lutein

2 (Lut2), provides a nexus for light harvesting, collecting energy from higher-lying

states and funneling it downhill, partially via a debated dark state unambiguously

identified by wavepacket analysis. The data indicate that this dark state is present

exclusively in Lut2, but not in the other three Cars. The results presented here

demonstrate that the protein pocket can tune Car electronic structure via tuning

the geometry, a mechanism by which plants control the photophysics of solar energy

capture.

3.2 Introduction

LHCII, the major light-harvesting complex in green plants, absorbs across the visible

solar spectrum. Its broad absorption spectrum is a combination of the absorption of

the constituent light-harvesting pigments, Chls and Cars, which are the primary and

accessory pigments in LHCII. Cars have an absorption maximum in the blue-green

region (450−550 nm) of the solar spectrum, where Chls poorly absorb [4]. The bright

S2 state of Cars rapidly transfers energy to the lower-lying Chl Q states through

multiple parallel pathways, both directly and indirectly via their dark, i.e., optically

forbidden, S1 state and/or higher-lying vibronic states of Chls [75, 76]. At the same

time, Cars prevent the formation of deleterious photoproducts by quenching excess

absorbed energy, potentially via the S1 state [122, 134, 136]. However, how Cars
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balance these two seemingly-contradictory functions has been debated [66, 83, 121,

122, 134, 136] due to their complicated electronic structure, which depends strongly on

local environment [49, 64, 221, 222]. Furthermore, the presence of several intermediate

dark states between S2 and S1 has been proposed, most notably SX [52, 59, 223].

Found as a trimer in nature, each monomeric subunit of LHCII binds fourteen

Chls, eight Chl a and six Chl b, and four Cars, including two luteins (Lut1, Lut2)

located at the center of the complex (Figure 3-1A) [17]. Although identical in chemical

structure, the two Luts are known to possess distinct physical structures induced by

their protein binding pockets [66, 68]; the red-shift of Lut2 energy from that of Lut1

is only present in trimeric LHCIIs due to the steric hindrance imposed on its binding

site upon trimerization [224, 225], suggesting photophysical differences between the

two Cars. In fact, it has been reported that Lut1 plays a unique protective role by

dissipating triplet excited states of Chls [83, 225]. In their role as accessory light

harvesters, the S2 state of the Cars has been reported to transfer energy to Chl Q

states with time constants of 50 − 130 fs [75, 76]. However, due to the large energy

gaps and ultrafast timescales of these processes over a congested energy landscape,

the pathways and dynamics of many of the primary events in the Car-to-Chl energy

transfer cascade remain uncharacterized, including the photophysical role of SX, if

present.

In this work, I elucidate the dynamics of Car-to-Chl energy transfer in LHCII

using ultrabroadband 2DES. It is observed that the S2 state of Lut1 and the high-

energy Soret band of the Chls rapidly funnel energy to the lower-lying S2 state of Lut2,

which serves as a direct donor state for energy transfer to Chls. Energy transfer from

the Chl Soret state to a Car S2 state as well as between two Car S2 states, as seen

here, had been proposed but unobserved in previous experimental work, and there-

fore represents an unprecedented mechanism for redistribution of energy. Through

wavepacket analysis, I uncover a dark state at the proposed energy of SX selective

to Lut2 populated in < 20 fs by a non-adiabatic transition from its S2 state. The

newly-revealed dark state also serves as a direct donor for energy transfer to the Chls,

opening up an additional channel for Car-to-Chl energy transfer with a reduced en-
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Figure 3-1: Structure and pigment energy levels of LHCII. (A) Structure of a
monomeric subunit of LHCII with the pigments labeled and color-coded. The phytol
tails and side groups of the Chls are omitted for clarity. Neo: neoxanthin, Vio: violax-
anthin. (B) Linear absorption and (C) second-derivative absorption spectra (black:
room temperature (RT), gray: 77 K). Stick plots display the pigment transitions
identified via second-derivative analysis. The SX energy, marked with an asterisk, is
not resolved in second-derivative analysis, but assigned from analysis of 2D spectra.
(D) Absorptive ultrabroadband 2D spectrum at 𝑇 = 200 fs. Laser spectrum is shown
in (B) in gray. The main features further discussed in the text are labeled with black
boxes (I, II).
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ergy gap. Strikingly, SX is absent in the other three Cars in LHCII, showing that this

dark state is not universal to all Cars. These results demonstrate that the binding

pocket tunes the physical, and in turn, electronic structure of Lut2 to provide a nexus

of light harvesting in plants, connecting states that span the visible solar spectrum.

These observations highlight that the dynamics, electronic structure, and, therefore,

function of Cars are exquisitely sensitive to conformation, which enables control over

the balance of light harvesting and photoprotection in plants.

3.3 Ultrabroadband Two-Dimensional Electronic Spec-

trum of Light-Harvesting Complex II

2DES maps out excitation energy flow through the pigment energy levels by producing

correlation plots of the excitation (𝜔𝜏 ) and emission frequencies (𝜔𝑡) that evolve as a

function of the waiting time (𝑇 ), the delay time between excitation and emission [162].

The ultrabroadband 2DES apparatus described in Chapter 2 expands the detection

range to cover the broad range of excited states in LHCII over a 7,500 cm−1 energy

gap with high spectral and sub-10 fs time resolution, as illustrated in Figure 3-1D

[226]. The pigment energy levels, determined by second-derivative analysis of the

linear absorption spectrum, are shown in Figure 3-1B, C.

3.4 Ultrafast Energy Redistribution of High-Lying

Excited States onto Lutein 2

For detailed analyses of the energy transfer pathways, I discuss the ultrabroadband

2D spectrum in sections below (see boxes I and II in Figure 3-1D). On the upper

right corner of the ultrabroadband 2D spectrum (I; 𝜔𝜏 = 19, 000 − 21, 500 cm−1, 𝜔𝑡

= 18, 000− 21, 500 cm−1, Figure 3-2A), the positive signal spread along the diagonal

originates from the ground-state bleach (GSB) and stimulated emission (SE) of Car S2

and Chl b Soret states, and the negative feature down-shifted in 𝜔𝑡 (17, 000− 18, 800
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Figure 3-2: Energy redistribution between the Luts and Car S2-to-Chl Q
energy transfer. (A) Absorptive 2D spectrum at 𝑇 = 110 fs, zoomed in on section
I of the ultrabroadband 2D spectrum shown in Figure 3-1. (B) Waiting time traces
(gray) and exponential fits (black) of cross peaks CP1−3. (𝜔𝜏 , 𝜔𝑡) = (21,160, 19,430)
(CP1), (20,200, 19,500) (CP2), (19,450, 20,200) (CP3, in cm−1). (C) Absorptive 2D
spectrum at 𝑇 = 300 fs, zoomed in on section II of the ultrabroadband 2D spectrum
(scaled by a factor of 15 due to the weak signal intensity in this range). (D) Waiting
time traces (gray) and exponential fits (black) of cross peaks CP4−6. (𝜔𝜏 , 𝜔𝑡) =
(19,500, 16,870) (CP4), (19,250, 16,110) (CP5), (19,250, 15,540) (CP6, in cm−1). In
(A) and (C), the energy levels of the relevant pigment transitions as determined by
second-derivative analysis are indicated with dashed lines and labeled. The traces in
(B) and (D) are plotted with vertical offsets.
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cm−1) corresponds to the ESA of Car S1 to higher excited states (SN). The S1 state

cannot be directly accessed by photoexcitation from the ground (S0) state due to the

identical symmetry between the two states, and so the S1 → SN ESA serves as a

reporter of the Car S1 population. Population dynamics in this region are dominated

by the well-known sub-200 fs S2 → S1 internal conversion of Cars, visualized by

concomitant decay of the S2 GSB/SE and rise of the S1 ESA [49]. The observed

internal conversion timescale of 135 − 200 fs agrees with previously reported Car

internal conversion rates [69, 227].

A global analysis of this region (see Section 3.7 and Figure 3-7 for a detailed

discussion of the global analysis results) shows strong off-diagonal features in the 60 fs

component, which correspond to coupling and rapid energy transfer. These features

emerge from the cross peaks in the early waiting time (𝑇 < 200 fs) 2D spectra

(labeled CP1−3 in Figure 3-2A), revealing additional rapid deactivation channels

from Car S2 that compete with the internal conversion process. CP1 is assigned

to an energy transfer pathway from Chl b Soret to Car S2 states, based on the

position where the peak emerges. This cross peak grows in with a time constant

of 92 ± 6 fs and decays on a 360 ± 27 fs timescale, the former of which is assigned to

the timescale of this energy transfer (Figure 3-2B, top trace). This energy transfer

pathway has been predicted theoretically, potentially as a shortcut for energy flow

from Chl Soret to Q states [74], and observed experimentally for the first time in

this work. Another cross peak, CP2, appears at the excitation frequency of Lut1 and

emission frequency of Lut2, which rises within the first 64 ± 15 fs and decays on a

140 ± 25 fs timescale (Figure 3-2B, middle trace). This cross peak is assigned to an

energy transfer from the S2 of Lut1 to that of Lut2. While there are other possible

origins that can give rise to a cross peak at this position, such as a dynamic Stokes shift

of Lut1 and vibrational coherence of Lut2, I assign this cross peak to inter-Lut energy

transfer as mentioned above, because I do not observe changes in the lineshape [228]

or a vibrational cross peak pattern on the 2D spectra (see Section 3.12 for detailed

discussions and supplementary data on the origin of this cross peak) [229]. Although

the possibility of energy transfer between Cars has been completely neglected so far,
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a computational study reported the presence of non-negligible Coulombic coupling

between multiple Cars within LHCII [230]. The coupling strength between Lut1 and

Lut2 was found to be the strongest of all possible Car pairs, because they are in

close proximity to each other (center-to-center distance 12.6 Å). The presence of a

corresponding above-diagonal cross peak, CP3, also suggests that coupling between

the two Lut S2 states exist, further corroborating the strong interaction between

them [231]. Therefore, the observed 64 ± 15 fs and 140 ± 25 fs time constants are

assigned to energy transfer from Lut1 S2 into Lut2 S2, and energy flow out of Lut2

S2 to lower-lying state, respectively. These cross peaks are the first observation of

energy transfer between Car S2 states, uncovering a previously unknown mechanism

of energy redistribution within the manifold of higher-lying states in LHCII.

3.5 Direct Ultrafast Energy Transfer from Carotenoid

S2 States to the Chlorophyll Qx/Qy Manifold

Direct energy transfer from Car S2 to the Chl Qx/Qy states is visualized as cross peaks

on the lower right corner of the ultrabroadband 2D spectrum (II, 𝜔𝜏 = 19, 000 −

21, 000 cm−1, 𝜔𝑡 = 15, 000 − 17, 500 cm−1, Figure 3-2C). Three clusters of cross

peaks are observed at 𝜔𝜏 = 19, 000 − 19, 500 cm−1 (Lut2), 20,000 cm−1 (Lut1), and

20, 500−20, 600 cm−1 (Neo/Vio), which correspond to the energy of the three Car S2

transitions identified in the second-derivative analysis (Figures 3-1C and 3-10). The

cross peaks originating from Neo and Vio are unable to be separated out due to the

significant overlap of their S2 transitions. However, based on previous observations

that Vio does not participate in light harvesting [232], the data were interpreted

with the assumption that the cross peaks at 𝜔𝜏 = 20, 500 − 20, 600 cm−1 originate

exclusively from Neo. Due to a low signal-to-noise ratio in this region, only the time

traces of CP4−6, at the excitation frequency of Lut2, were able to be analyzed in

a reliable manner (Figure 3-2D). All three cross peaks exhibit an initial growth in

intensity with rise time constants of 90−150 fs. These time constants, assigned to
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the rates of Lut2 S2 → Chl Qx/Qy energy transfer, are in agreement with the energy

transfer rates reported in previous pump-probe studies [75, 76]. Interestingly, the

intensities of the cross peaks at the excitation frequency of Lut1 are 1.6−4 times

weaker than those of the surrounding cross peaks at the excitation frequencies of

Neo/Vio and Lut2. In conjunction with the Lut1 → Lut2 energy transfer pathway

identified in the high-frequency corner of the 2D spectrum (I), I propose that the

majority of excitation on Lut1 is depopulated by funneling energy to Lut2, not to

Chls, i.e., via a stepwise energy migration Lut1 S2 → Lut2 S2 → Chl Q. In contrast

to Lut1, Lut2, the lower-energy Lut and also the lowest-energy one of all four Cars

bound to LHCII, is the primary donor of energy to Chls, as seen by the strongest

cross peak intensities at the excitation frequency of Lut2.

3.6 Identification of Lutein 2 Dark State SX

Strong modulations of the 2D intensity were observed in the high-frequency range

of the ultrabroadband 2D spectrum due to impulsive excitation of Car vibrational

modes by the sub-10 fs pulse employed [218, 233, 234]. The period of the oscillation

is ∼29 fs (Figure 3-3), consistent with the frequency of symmetric C−C stretching

motions of Cars (1,160 cm−1) [50]. The 𝜔𝜏 dependence of the oscillations shows that

the wavepacket motions are produced by photoexcitation into the S2 state of Lut2,

as the maximum amplitude of oscillation is found near the energy of Lut2 S2 (Figure

3-4).

The nature of the observed wavepacket motions was further investigated by moni-

toring the amplitude (𝐴, see Figure 3-5B) and phase of the beating signal as a function

of 𝜔𝑡 (Figure 3-5C). This analysis, called wavepacket analysis hereafter, is a widely

used analysis method in transient absorption spectroscopy to reveal the energy land-

scape of molecular and biological systems [235–238]. Briefly, a potential energy well

is identified at an energy at which the oscillations undergo a phase flip by 𝜋 and

converge to an amplitude minimum. Through this analysis, I find evidence for the

existence of a Lut2 dark state, SX, which I discuss below.
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Figure 3-3: Early-time 2D spectra of Car S2 peaks showing vibrational
wavepacket motions. (A) Zoom-in of the Car S2 GSB/SE region at early wait-
ing times (normalized to an arbitrary scale of −1 to 1). The frequency range where
the oscillations are most pronounced is indicated with dashed boxes. (B) Represen-
tative waiting time traces showing oscillatory features. The peak positions where the
time traces were generated are labeled with black (𝜔𝜏 = 19, 250 cm−1, 𝜔𝑡 = 19, 600
cm−1) and gray (𝜔𝜏 = 19, 250 cm−1, 𝜔𝑡 = 18, 900 cm−1) filled squares in (A). The
traces are plotted with a vertical offset for clarity. (C) Fast Fourier transform (FFT)
power spectrum of the oscillatory traces presented in (B).
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Figure 3-4: Excitation frequency dependence of Car oscillations (A) Fourier
amplitude map at 𝜔𝑇 = 1,160 cm−1, zoomed in on the Car S2 frequency range. The
three Car diagonal peaks are labeled with filled squares. Contour lines show the
absorptive 2D spectrum in this range at 𝑇 = 110 fs. (B) Raw waiting time traces
of the three Car diagonal peaks as labeled in (A). (C) FFT power spectra of the
oscillatory part of the time traces shown in (B).

Figure 3-5: Identification of the SX state of Lut2 by wavepacket analysis. (A)
2D map of Car oscillations plotted as a function of 𝑇 and 𝜔𝑡, obtained by subtracting
the exponential population dynamics from the raw time traces. 𝜔𝜏 is fixed at 19,280
cm−1. (B) Slices of the 2D map in (A) at selected 𝜔𝑡 frequencies, labeled with colored
dashed lines: 18,330 (dark blue), 18,500 (light blue), and 18,920 cm−1 (brown). (C)
Plot of the normalized amplitude (𝐴, black) and phase (gray) of the oscillations as a
function of 𝜔𝑡.
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Figure 3-6: Summary of Lut2-mediated light harvesting in LHCII. (A) Sum-
mary of the newly observed energy transfer pathways mediated by Lut2 and their
timescales (energy levels not to scale). (B) Schematic illustration of the potential
energy surfaces of S2 and SX states of Lut2 and the non-adiabatic dynamics between
them: (1) Vertical excitation into the S2 Franck-Condon state, (2) non-adiabatic
transfer onto the SX surface, (3) propagation of the wavepacket on the SX surface.

At 𝜔𝑡 = 18,500 cm−1, a clear near-𝜋 phase flip in the oscillation is observed as

well as the minimum amplitude of oscillation (Figure 3-5C). These characteristics

point to the presence of a potential energy well at this energy, as mentioned above

and schematized in Figure 3-6B. This analysis is a clear and direct observation of the

controversial Car SX state. I infer that SX is populated via a non-adiabatic transition

from the S2 state of Lut2, because the coherence is initially prepared on the S2

state of Lut2 but transferred in < 20 fs to the SX energy surface. Notably, this state

shows strong and likely exclusive coupling to S2 state of Lut2, as seen by the maximal

amplitude of oscillation at the excitation frequency of Lut2. In contrast, no such dark

states were observed for the other three Cars, reflected by the significantly reduced

𝐴 at 𝜔𝜏 > 20,000 cm−1, where the other three Cars are predominantly photoexcited.

Based on these observations, the SX stated identified is assigned to be a dark state

specific to the lowest-lying Car Lut2.

While broad negative ESA of Chl Qx and vibronic Qy states dominates the 2D

spectrum above the diagonal around the position of SX (𝜔𝜏 = 16, 500− 19, 000 cm−1,

𝜔𝑡 = 17, 000 − 21, 000 cm−1), a rapid buildup of a peak near 𝜔𝜏 = 𝜔𝑡 = 18,500 cm−1

is observed on a 60 fs timescale, consistent with the position of an SX diagonal peak
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and potentially growing in due to an increase in oscillator strength upon vibrational

relaxation (labeled SX in Figure 3-18). Due to the broad linewidths of the peaks at

RT and spectral congestion from overlapping positive and negative contributions, I

also performed global analysis for this region [239]. The 60 fs component (2D-DAS2

in Figure 3-7) of the global analysis revealed a positive diagonal feature with distinct

dynamics relative to those of the surrounding Chl and Car ESA (see Section for

detailed discussions of the global analysis results). The negative sign of this peak in

the 2D spectra, while being on the diagonal, is likely due to contamination from the

very intense neighboring ESA of Chls. A similar diagonal feature, although positive in

sign, was observed in the 2D spectra of a light-harvesting complex of purple bacteria,

LH2, and assigned to a dark state X of the Cars therein [58]. The diagonal peak

relaxes an order of magnitude faster (< 500 fs) than the neighboring ESA (ESA1,

2 in Figure 3-18), also consistent with an assignment to SX [52]. An initial growth

of population was observed on a 300 fs timescale at the excitation frequency of SX

and emission frequency of Chl Q states (Figure 3-19). This demonstrates that the

SX state is capable of transferring energy directly to Chls on this timescale. The

proposed model for the branching of Lut2 excited-state population, partially into SX,

is illustrated in Figure 3-6A and described in detail in Section 3.8.

3.7 Global Analysis

To obtain a more comprehensive understanding of the concerted dynamics of energy

flow in LHCII, I have also performed global analysis of the 2D data [239]. The

data were analyzed with a parallel kinetic scheme, which reports a series of 2D decay-

associated spectra (2D-DAS), because it does not require any preliminary information

or additional assumptions to be applied in the kinetic model, as opposed to sequential

schemes used for evolution-associated spectra or species-associated spectra [240]. Four

time components were needed to obtain a reasonable fit, independent of the initial

parameters. Using more than four components yielded unphysical results. To ensure

the robustness of the fit, the fitting routine was executed multiple times by changing
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Figure 3-7: Global analysis. 2D-DAS extracted from global analysis of the 2DES
data. The four time constants associated with each DAS are labeled in each panel.
All DAS are normalized to the amplitude scale used for 2D-DAS2. 2D-DAS3 is mul-
tiplied by a factor of 3. Negative amplitude denotes exponential decay, and positive
amplitude denotes exponential growth.

the initial parameters. The four 2D-DAS obtained from the best fit are shown in

Figure 3-7.

2D-DAS1 shows a very rapid decay of Car S2 excited-state population on a 20 fs

timescale (labeled Lut2 in Figure 3-7). Since this timescale is very close to the pulse

duration, this DAS exhibits some structure that could be residual artifacts from pulse

overlap. The decay amplitude is localized on the lower-frequency side of the diagonal

(19, 000 − 20, 000 cm−1), consistent with the fastest S2 decay of Lut2 observed when

comparing individual traces of the 2D spectra. There is a small positive-amplitude

feature directly below the Lut2 diagonal peak, consistent with the beginning of pop-

ulation in the SX state. However, this region is likely contaminated from the strong

negative Lut2 peak, precluding a definitive assignment.

In 2D-DAS2, a growth of CP1 and CP2 is observed below the diagonal as energy

transfers into Lut2 from higher-lying states, as discussed earlier. Above the diagonal,
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a negative-amplitude feature is seen around the position of CP3, consistent with

the decay of this cross peak on a 30 ± 15 fs timescale (Table 3.1). This DAS also

shows the grow-in of a below-diagonal cross peak centered at the emission energy of

SX (18, 500 cm−1). The positive sign clearly demonstrates that this feature is of a

different origin from the neighboring negative Chl ESA or Lut2 S1 ESA. The 60 fs

timescale is consistent with the dynamics shown in Figure 3-18, and related to the

population of the SX state based on the spectral features of DAS. Nevertheless, global

analysis cannot definitively determine the precise timescale of population because of

the finite number of fit components employed to model the temporal evolution of

an extremely congested energy manifold with the vast majority of the dynamics of

interest taking place on similar timescales, i.e., not well-separated in time.

2D-DAS3 reveals the decay of CP1 and CP2 as well as the diagonal Car S2 feature

due to energy flow out of Lut2 to the Chls. While the 260 fs time constant is slower

than the Car-to-Chl energy transfer timescales obtained by directly fitting the waiting

time traces of CP4−6 (90 − 150 fs, Figure 3-2C, D and Table 3.1), shortening this

time constant to as short as 150 fs did not make any qualitative difference to the

DAS, and adding a fifth component of 100 − 150 fs yielded unphysical results. This

DAS also shows non-negligible amplitudes on the frequency coordinate for SX, which

is roughly consistent with the SX relaxation time of 450 ± 50 fs and/or the 300 ± 30

fs time constant for energy transfer to the Chls (Figure 3-19 and Table 3.1). Finally,

2DDAS-4 reports the slower-timescale decay of both Car and Chl populations on a

∼6 ps timescale.

3.8 Kinetic Model for the Branching of Lutein 2 S2

Population

To estimate the branching ratio of the excited-state population from S2 (Lut2) onto

S1, SX and Chl Q states by the proposed kinetic scheme in Figure 3-6, a simple kinetic

model was constructed by considering the pathways of energy flow out of S2 (Lut2)
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Figure 3-8: Kinetic model describing the branching of Lut2 excited-state
population. (A) Kinetic model with the relevant rate constants labeled. The exper-
imentally determined rate constants are 𝑘21 = (150 fs)-1, 𝑘2X = (20 fs)-1, and 𝑘XQ =
(300 fs)-1. 𝑘2Q was varied from (90 fs)-1 to (150 fs)-1 according to the initial rise
times of CP4−6, and 𝑘QQ was set to the internal conversion rate of Chl Q states,
(150 fs)-1 [43]. The relaxation rate of SX, 𝑘X, was set to (450 fs)-1 as reported in the
literature [52]. The rate of relaxation out of Lut2 S1 to the ground state, 𝑘10, was
neglected in the model due to its slow timescale (tens of ps) [49]. (B) Population
of Lut2 S2, SX, S1, and Chl Q states estimated from the kinetic model. The traces
are normalized such that the initial population of Lut2 S2 is 1. Solid lines are the
populations obtained with a fixed 𝑘2Q value of (120 fs)-1, and the surrounding shaded
regions illustrate how the population changes when 𝑘2Q is varied from (90 fs)-1 to
(150 fs)-1 as described in (A).

observed in the 2D spectra.

The time-dependent relative population on each state was then estimated by solv-

ing the following set of rate equations (see Figure 4-8A for the pathway each rate

constant denotes):

𝑑S2

𝑑𝑇
= −(𝑘21 + 𝑘2X + 𝑘2Q)S2

𝑑SX

𝑑𝑇
= 𝑘2XS2 − (𝑘XQ + 𝑘X)SX

𝑑Q
𝑑𝑇

= 𝑘2QS2 + 𝑘XQSX − 𝑘QQ𝑄

𝑑S1

𝑑𝑇
= 𝑘21S2 − 𝑘10S1 ≃ 𝑘21S2

Most rate constants were obtained by fitting the waiting time trace for the corre-

sponding pathway from 2DES measurements. Literature values were used for those
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that were not determined from the experiment. Figure 4-8B is the plot of the solution

of the rate equations above, which shows the relative population on each state as a

function of waiting time. The population maxima are related to the intensities of the

cross peaks observed in the 2D spectra. The maximum population of the Chl Q states

is ∼20% of the initial population of Lut2 S2, and is nearly insensitive to the exact rate

constant of Car-to-Chl energy transfer (19.8−21.5%, variation is only 1.7% as 𝑘2Q is

varied from (90 fs)-1 to (150 fs)-1). Experimentally observed cross peak intensities for

CP4−6 are 9−10% of the initial intensity of the Lut2 S2 diagonal peak, ∼10% lower

than the estimate from the kinetic model. This discrepancy likely originates from the

intensity profile of the ultrabroadband spectrum; the laser spectrum employed in this

work has a significantly lower intensity for the Chl Q absorption range than for the

Car S2 range, which could lead to weaker cross peaks than theoretically predicted.

3.9 Discussion

Energy transfer rates from Car S2 to Chl Q states are a crucial parameter to optimize

energy flow in plants; they need to be sufficiently fast to be able to compete with

the sub-200 fs timescale of Car internal conversion, or all energy will be rapidly

trapped to the S1 state of the Cars. Remarkably, the observed timescales of Car-

to-Chl energy transfer, spanning an extremely broad energy range of 2, 800 − 5, 100

cm−1, are as fast as 90 fs, significantly faster than predicted theoretically [75]. In

the bacterial light-harvesting complex LH2, a Car dark state X was identified and

proposed to facilitate energy transfer to bacteriochlorophylls [58]. My results both

unambiguously identify SX and reveal that it serves the same role in plants, reducing

the donor-acceptor energy gap by over 2,000 cm−1. Notably, unlike in LH2, the

SX state is resolved exclusively for Lut2, which is only one of the four Cars bound

to LHCII. This observation suggests that the presence of this dark state is highly

sensitive to the conformation of the Car molecule imposed by the structure of each

protein binding pocket [222]. This may be the origin of conflicting models in the

literature about the existence of additional Car dark states [52]. Partially mediated
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by SX, Lut2 accepts excitation energy from the higher-lying Chl Soret and Lut1 S2

states, and donates energy to the lower-lying Chl Q states. These results uncover

the central role of Lut2 in mediating energy transfer in LHCII with an electronic

structure optimized for light harvesting (Figure 3-6). In contrast, Lut1 exhibits little

direct energy transfer to Chls, as seen in the weak Car-Chl cross peak intensities at

the excitation frequency of Lut1 (Figure 3-2C). As suggested in the literature, Lut1

may have a primarily photoprotective role including quenching Chl triplet states [83].

Structural studies showed that the conjugated polyene plane of Lut1 possesses a less

twisted conformation compared to that of Lut2, which may underlie the distinct

energetics and photophysics observed for the two chemically identical Lut molecules

[66].

3.10 Conclusion

The electronic structure of Cars is governed by their conformation, which, in pho-

tosynthesis, is controlled by the surrounding protein scaffold. In this work, one of

the Luts in green plants, Lut2, was found to play a critical role in enabling light

harvesting across the visible solar spectrum. While further experimental and theoret-

ical studies are required to determine the molecular parameters behind Car function,

the results shown here demonstrate that ultrabroadband 2DES provides the spectral

bandwidth and temporal resolution to reveal how Cars specialize in photosynthetic

light harvesting.

3.11 Materials and Methods

3.11.1 Sample Preparation

Details on extraction and purification of the LHCII complexes from spinach leaves

as well as pigment composition analysis can be found in Appendix A, Section A.1.

Immediately before each 2DES measurement, the sample stored at −80∘C was thawed

and diluted in a 0.01 M HEPES, 0.02 M NaCl buffer solution (pH 7.5) containing
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0.03% n-dodecyl 𝛼-D-maltopyranoside (𝛼-DM) detergent (Anatrace) to adjust the

optical density (OD). The final OD of the sample used for 2DES was 0.45 (per 0.2

mm) at the Chl a Qy peak (675 nm).

3.11.2 Linear Absorption

Linear absorption spectra were measured with Cary 5000 spectrophotometer (Agilent)

in a 1 cm pathlength quartz cuvette. For measurements at 77 K, the LHCII detergent

solution was mixed with 70% (v/v) glycerol and held in a cold finger cryostat (Janis

ST-100) filled with liquid nitrogen.

3.11.3 Raman Spectroscopy

The resonant Raman spectrum was measured with an Invia Reflex Micro Raman

spectrometer (Renishaw) at RT, in a 1 mm pathlength quartz cuvette. The sample

was excited at 473 nm.

3.11.4 Ultrabroadband Two-Dimensional Electronic Spectroscopy

A detailed description of the ultrabraodband 2DES setup is provided in Chapter 2 and

in [226]. The supercontinuum generated by argon filamentation was further filtered

by a glass bandpass filter (FGB39, Thorlabs) for optimal excitation of the Car S2

absorption range. The final laser spectrum was centered at 550 nm (18, 182 cm−1)

with a FWHM of 117 nm (3, 934 cm−1, Figure 3-1B). The pulse was compressed to

6.2 fs as characterized with transient grating frequency resolved optical gating (TG-

FROG, Figure 3-9). A pulse energy of 10 nJ was employed with a beam waist of 150

𝜇m at the sample position, which corresponds to an excitation density of 3.9 × 1013

photons per pulse per cm2. This excitation energy was previously reported to be in

the linear, i.e., annihilation-free, regime [94]. 𝜏 was sampled in 0.4 fs steps in the

range of −200 − 200 fs, resulting in a 43.8 cm−1 resolution of the 𝜔𝜏 axis. 𝑇 was

incremented in steps of 33 fs for 𝑇 = −99 − 0 fs, 10 fs for 𝑇 = 0 − 100 fs, 33 fs for

𝑇 = 100 − 467 fs, 67 fs for 𝑇 = 467 fs − 1 ps, and 1 ps for 𝑇 = 1 − 8 ps. The
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Figure 3-9: TG-FROG of the ultrabroadband laser pulse employed in 2DES.
TG-FROG trace with the retrieved temporal profile (filled circles) fitted with a Gaus-
sian function (solid line).

frequency resolution of the 𝜔𝑡 axis was 4.2 cm−1. At each 𝑇 , for each 𝜏 , 1,280 lines of

each chopper sequence of the dual chopping data acquisition scheme were collected

and averaged. A separate dataset was measured using linear 𝑇 steps of 6.6 fs for

𝑇 = 0 − 660 fs in order to better resolve the Car beating signal. The sample was

circulated in a 0.2 mm pathlength quartz flow cell with a peristaltic pump to prevent

photodegradation and repetitive excitation of the same spot. The sample reservoir

was kept at 4∘C throughout the measurement with a home-built water jacket cooling

system. The data were collected three times with the coarse 𝑇 steps and one time

with the fine 𝑇 steps on different days to ensure reproducibility. Following each set

of measurement, the integrity of the sample was confirmed by comparing the linear

absorption spectra before and after the experiment.

3.11.5 Analysis of Two-Dimensional Spectra

Each waiting time trace reported here was generated by integrating the 2D signal

intensity over finite frequency intervals in both frequencies (100 cm−1 in 𝜔𝜏× 50

cm−1 in 𝜔𝑡) around the center frequencies reported in parentheses (𝜔𝜏 , 𝜔𝑡). Time

constants were extracted by fitting each waiting time trace to an exponential function
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convolved with a Gaussian pulse with the time resolution (6.2 fs) of the experiment.

Global analysis was performed using a MATLAB fitting routine developed by Volpato

et al. [239].

3.12 Supplementary Information

3.12.1 Identification of Pigment Excited-State Energies by Second-

Derivative Analysis

Second-derivative analysis of the linear absorption spectrum of LHCII was used to

identify the excited-state energy levels of the pigments in LHCII (Figure 3-10). Due

to the congestion of the absorption spectrum at room temperature (RT), the 77 K

spectrum was also analyzed, which gave enhanced separation of weak or overlapping

transitions with narrower spectral linewidths [241].

On the high-energy side (19, 500 − 21, 500 cm−1), where the absorption pre-

dominantly originates from Car S2 transitions, three new states are identified at

20, 580 − 20, 600, 20, 280 − 20, 300, and 19,560 cm−1, in addition to the well-resolved

Chl b Soret band at 21,160 cm−1. Based on earlier work [232], these states are as-

signed to the 0−0 vibronic level of the S2 transition of Neo/Vio, higher-energy lutein

(Lut1) and lower-energy (red-shifted) lutein (Lut2) pigments, respectively. Due to

the very small difference in the energy level of the S2 transitions of Neo and Vio

(< 100 cm−1), these two states are resolved neither in second-derivative analysis nor

in the 2D spectra.

The lower-energy side of the spectrum (14, 000 − 19, 000 cm−1) comprises the Qx

and Qy states of Chls as well as their vibronic states. In the Qy region (14, 000 −

15, 500 cm−1), the two well-established Qy bands of Chl b and Chl a are observed at

15, 400 and 14, 750 cm−1. At 77 K, two additional peaks appear between these two

states, at 15, 130 and 14, 950 cm−1, previously assigned to high-energy subpopulations

of Chl a [242]. The 15, 500 − 19, 000 cm−1 frequency range has been collectively

referred to as Chl Qx and vibronic Qy states [227]. Second-derivative analysis reveals
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Figure 3-10: Temperature-dependent linear absorption and second-
derivative linear absorption spectra. (A) Linear absorption and (B) second-
derivative absorption spectra of LHCII measured at room temperature (RT, black)
and 77 K (gray, vertically offset for clarity). Enlarged spectra of the intermedi-
ate region (16, 000 − 18, 500 cm−1, dashed boxes) are also shown. In (B), data at
19, 000 − 21, 500 cm−1 are multiplied by a factor of 3 for both temperatures. (C)
Difference absorbance spectrum obtained by subtracting the normalized RT spec-
trum from the normalized 77 K spectrum in (A). Data at 16, 000 − 20, 000 cm−1 are
multiplied by a factor of 10 and shown below the original data.
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four distinct energy levels in this range. A constant energy spacing of 1, 350 cm−1

was found between the Chl Qy peaks and these intermediate peaks, leading to an

assignment of a vibronic progression for a Chl vibrational mode. Similar energy

spacings (1, 100 − 1, 300 cm−1) have been observed in isolated Chl a [35, 243, 244]

and Chl b chromophores [245]. While it is generally accepted that the Qx state is

strongly mixed with higher vibronic states of Qy, it is still unclear whether the mixing

is with the Qy(0,1) or the Qy(0,2) state [34, 244]. This work follows the former regime,

i.e, the two lower-energy transitions of the vibronic progression are assigned to the

Qx state of Chl a (16, 100 cm−1) and Chl b (16, 750 cm−1), respectively.

3.12.2 Raman and Fourier Map Analyses of Cross Peaks

To eliminate the possibility of a vibrational origin for cross peaks CP2 and CP3

(Figure 3-2A), a Fourier map analysis of the 700 − 1, 000 cm−1 frequency range was

performed. A resonant Raman spectrum was first measured for identification of the

major vibrational frequencies of LHCII. The Raman spectrum in Figure 3-11 shows

that the 700−1, 000 cm−1 frequency range is almost Raman-silent with the exception

of two modes at 745 cm−1 and 1,004 cm−1. Of these two modes, the former is a very

well-known Chl vibrational mode [34, 43, 246, 247]. Thus, the only vibrational mode

that could give rise to a Car vibrational cross peak is the 1,004 cm−1 mode, which

has been attributed to in-plane rocking motions of the methyl groups in Cars [224].

It is well known that ground-state and excited-state vibrational coherences of a

system give rise to a set of vibrational cross peaks in 2D spectra, which are displaced

by the vibrational energy spacing from the main diagonal peak (also known as the

“chair pattern”), as described in detail in [229]. If CP2 and CP3 were to arise from

a chair pattern due to the 1,004 cm−1 vibrational mode, both of these peaks should

show beating in the 2D signal intensity at this frequency [229, 238]. However, as

seen in Figure 3-12A, the decay-subtracted residual of neither CP2 nor CP3 shows

no oscillations in contrast to peaks with strong vibrational contributions, such as

the Lut2 diagonal peak. Consistently, the FFT power spectra of these peaks are

orders of magnitude weaker than those for the Lut2 diagonal peak (Figure 3-12B).
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Figure 3-11: Resonant Raman spectrum of LHCII. The spectrum is normalized
such that the intensity of the 1, 157 cm−1 peak is 1. A five-fold multipled plot of the
680 − 1, 100 cm−1 range is shown above the original spectrum for clarity.

Figure 3-12: Absence of Car vibrational coherence in CP2 and CP3. (A)
Oscillatory residuals of Lut2 diagonal peak and the cross peaks CP2, 3 obtained by
subtracting exponential population dynamics from the raw waiting time traces. (B)
FFT power spectra of the residuals shown in (A).

Furthermore, no peak is detected at 1,004 cm−1 on the FFT power spectrum.

The Fourier amplitude map for 𝜔𝑇 = 1, 005 cm−1 is shown for a more straight-

forward comparison(Figure 3-13A). The map clearly shows that the FFT amplitude

is localized along the diagonal, and that the small FFT amplitude on both CP2 and

CP3 originates from the adjacent diagonal peak. In the case of vibrational cross

peaks, the Fourier map should exhibit significant FFT amplitude centered on these

cross peak positions. Furthermore, I see a negligible (<2%) FFT amplitude at the

predicted peak positions of CP2 and CP3 (orange open squares in Figure 3-13A) at
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Figure 3-13: Fourier amplitude maps of the Car S2 region of the 2D spectra.
Fourier amplitude maps plotted for (A) 𝜔𝑇 = 1, 005 cm−1 and (B) 𝜔𝑇 = 700 cm−1.
Orange open squares in (A) indicate the vibrational cross peak positions as predicted
by the displaced harmonic oscillator model ("chair pattern"). Both maps are normal-
ized to the maximum intensity of the 𝜔𝑇 = 1, 005 cm−1 map. Contour lines show the
absorptive 2D spectrum at 𝑇 = 110 fs. Dashed lines are shifted by the corresponding
𝜔𝑇 frequency parallel to the diagonal.

the energy spacing of 1, 005 cm−1, which in theory should show the maximal FFT

amplitudes as part of the chair pattern. The Fourier amplitude map for 𝜔𝑇 = 700

cm−1 is also examined (Figure 3-13B), which better matches the energy spacing of

CP2 and CP3 from the diagonal observed in the 2D spectra. At 𝜔𝑇 = 700 cm−1, the

maximum FFT amplitude is only 7% of that for 1, 005 cm−1, i.e., exhibiting negligi-

ble oscillatory feature across the entire frequency range monitored. Based on these

results, the possibility of CP2 and CP3 being vibrational cross peaks is ruled out.

3.12.3 Fourier Map Analysis of Lutein 2 Wavepacket Motions

Along with the analysis of the wavepacket motions for individual frequency coordi-

nates, a Fourier map analysis was performed to collectively analyze the amplitude and

phase of oscillations across the Car S2 frequency range of the 2D spectra [229, 248].

Figure 3-14 show the Fourier amplitude and phase maps at the beating frequency of

1,160 cm−1. In experimental data, the presence of multiple chromophores and rapid

dephasing that occurs at RT can introduce deviations from the expected chair pat-

tern based on a simple two-level displaced harmonic oscillator model, complicating

the interpretation [43, 246, 249]. However, consistent with the results in Section 3.6,
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the Fourier maps show an amplitude minimum and phase flip uniquely at 𝜔𝑡 = 18, 500

cm−1, the energy of SX.

The vertical slice of the amplitude map (Figure 3-14A) taken along an excitation

frequency of 19,560 cm−1 (Figure 3-14C) unambiguously shows the decrease of the

Fourier amplitude towards the emission frequency of 18,500 cm−1. The excitation

frequency of 19,560 cm−1 is purely of Lut2 origin, none of the other three Cars shows

absorbance at this energy, corroborating that the decrease of the FFT amplitude

towards 𝜔𝑡 = 18, 500 cm−1 is related exclusively to Lut2. The amplitude map also

shows a chair-pattern-like structure centered on the diagonal at 𝜔𝜏 = 𝜔𝑡 = 18,000 cm−1

(labeled with gray squares in Figure 3-14A), where there is no Car absorption but the

Chl ESA dominates. This is likely a result of interference from a Chl vibrational mode

known to be at ∼ 1, 120 cm−1 [246, 249], because the peaks have broad line profiles

(> 60 cm−1 FWHM) and thus a 1,120 cm−1 mode and a 1160 cm−1 mode cannot be

distinguished. The excitation frequency of 19,560 cm−1 is still well separated from

the expected 𝜔𝜏 = 𝜔𝑡 = 19, 120 cm−1 associated with a chair pattern from a Chl

vibrational mode.

Figure 3-14B shows the Fourier phase map generated at the 1,160 cm−1 beating

frequency. This phase map is the output of an automated MATLAB routine that

calculates the arctangent of the imaginary and real parts of the complex FFT for each

pixel on the 2D spectra. While some parts of the phase map show phase evolution

parallel to the diagonal as predicted by the simple displaced harmonic oscillator model

(e.g. 19, 500 − 21, 000 cm−1) [250, 251], this behavior does not apply to the entire

phase map, likely due to energy transfer, congested nature of LHCII as compared to

simple models, and interference between multiple oscillations resulting from multiple

chromophore vibrational modes. In particular, unlike the amplitude, the phase is

extremely sensitive to the noise in the data, as highlighted in Figure 3-14D. This is

due to the high frequency of the oscillations of interest (1,160 cm−1, which is 28.7

fs in time) as well as the relatively low sampling frequency (6.7 fs, limited by the

specification of the translational stage) relative to the Nyquist frequency of 14.4 fs.

Therefore, phase at discontinuities on the phase map shown in Figure 3-14B was
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Figure 3-14: Fourier amplitude and phase maps of the Car wavepacket mo-
tions. (A) Amplitude and (B) phase map at 𝜔𝑇 = 1, 160 cm−1. The dashed diagonal
lines are drawn shifted from the diagonal by 1,160 cm−1. Solid and dashed contour
lines show the positive and negative parts of the absorptive 2D spectrum at 𝑇 = 110
fs. (C) Slice of the Fourier amplitude map taken 𝜔𝜏 = 19, 560 cm−1 (indicated with
a vertical dashed line in (A)). (D) Raw waiting time traces probed at the frequency
coordinates labeled with colored dots in (B) (plotted with vertical offsets for clarity).

97



Figure 3-15: Additional waiting time traces and fit curves for Car
wavepacket motions. (A) Raw waiting time traces plotted at the emission fre-
quencies of 18,700 (blue) and 18,495 cm−1 (orange) for the excitation frequencies as
listed on the right side of each trace. (B) Representative fits to the damped sinusoidal
function for the traces at 𝜔𝜏 = 19, 645 cm−1. Top two traces are the raw traces taken
from (A), and the bottom two traces are spline-interpolated, which did not affect the
fit parameters or the goodness of the fit (plotted with vertical offsets for clarity).
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manually evaluated by manually fitting the purely oscillatory waiting time traces

(obtained by subtracting the exponential dynamics from the raw absorptive traces)

to a damped sinusoidal function with a single frequency of 1,160±50 cm−1:

𝐼(𝑇 ) = 𝐴𝑒(
−𝑇

𝜏1
)𝑠𝑖𝑛(

2𝜋(𝑇 − 𝑇0)

𝜏2
) + 𝐵 (3.1)

where 𝐼(𝑇 ) is the purely oscillatory time trace, 𝐴 is a pre-exponential factor, 𝜏1 and

𝜏2 are the damping time constant and period of the oscillation, respectively, 𝑇0 is the

offset in time, thus leading to the phase of oscillation 𝜑 = −2𝜋𝑇0/𝜏2. Figure 3-14D

shows traces at the phase discontinuities that do not correspond to SX, highlighting

that even a slight deviation of a single data point from the sinusoidal pattern, which

cannot be systematically corrected for, leads to a dramatic shift, although not a flip,

on the phase map. In contrast, Figure 3-15A shows traces at emission frequencies

before and after the phase shift associated with SX (18,495 and 18,700 cm−1), clearly

showing the phase jump at 𝜔𝜏 = 19, 465− 19, 735 cm−1 (S2 state of Lut2). As shown

in Figure 3-15B, fitting of these traces finds a phase shift of (1.154±0.22)𝜋.
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3.12.4 Supplementary Figures and Table

Figure 3-16: 2D spectra in the Car S2/S1 region. Absorptive 2D spectra zoomed
in on the Car S2/S1 frequency range at selected waiting times. The spectra are
normalized to the maximum and minimum amplitudes of the 𝑇 = 30 fs spectrum.
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Figure 3-17: Waiting time traces of Chl b Soret and Car S2/S1 peaks. Fitted
waiting time traces of GSB/SE peaks of (A) Chl b Soret and Car S2 and (B) Car S1

ESA labeled in Figure 3-16. The traces are normalized to a scale of 0 to 1 (positive
peaks) or −1 to 0 (negative peaks). The center frequencies around which the traces
were generated are indicated in each panel.
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Figure 3-18: 2D spectra in the Car SX/Chl Qx region. (A) Normalized absorp-
tive 2D spectra of the Car SX/Chl Qx region at selected waiting times. The three
peaks mentioned in the text (ESA1, ESA2, SX) are labeled with gray filled squares.
(B, C) Fitted waiting time traces of the peaks labeled in (A), on a 0−8,000 fs (B)
and a 0−800 fs time window (C). (D) Additional time traces at frequency coordinates
labeled in the 𝑇 = 267 fs spectrum, showing the reliability of the early-time growth
of SX. In (B)−(D), all traces are normalized to a scale of −1 to 0, and vertically offset
for clarity. (𝜔𝜏 , 𝜔𝑡) = (18,400, 18,400) (SX), (17,750, 18,580) (ESA1), (17,750, 19,900)
(ESA2), (18,940, 18,950) (magenta), (18,400, 17,400) (orange), (18,400, 19,240) (light
pink, in cm−1).
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Figure 3-19: SX−Chl Q cross peak dynamics. Fitted waiting time trace at the
excitation frequency of SX (18,500 cm−1) and emission frequency of Chl Q states
(15,500−16,000 cm−1), showing a 300 fs rise component.

Table 3.1: Fit parameters for the waiting time traces presented in Figures
3-2, 3-17, 3-18, 3-19.a

Peak 𝐴1 (%) 𝜏1 (fs) 𝐴2 (%) 𝜏2 (fs) 𝐴3 (%) 𝜏3 (fs)
1 65 ± 10 80 ± 20 35 ± 10 1,000 ± 240
2 42 ± 5 115 ± 10 58 ± 5 3,040 ± 300
3 32 ± 7 110 ± 25 68 ± 7 2,500 ± 270
4 56 ± 3 80 ± 25 44 ± 3 2,630 ± 570
5 -46 ± 7 200 ± 50 54 ± 7 10,000 ± 2,660
6 -36 ± 5 160 ± 30 64 ± 5 6,220 ± 1,080
7 -25 ± 13 135 ± 27 75 ± 13 7,100 ± 1,900
CP1 -50 ± 3 92 ± 6 50 ± 3 360 ± 27
CP2 -61 ± 8 64 ± 15 39 ± 8 140 ± 25
CP3 58 ± 5 30 ± 15 42 ± 5 1,320 ± 255
CP4 -100 90 ± 25
CP5 -100 120 ± 45
CP6 -52 ± 8 150 ± 30 48 ± 8 600 ± 270
ESA1 30 ± 9 120 ± 20 70 ± 9 7,600 ± 2,850
ESA2 -42 ± 10 44 ± 7 43 ± 10 140 ± 25 15 ± 10 8,000 ± 3,500
SX -50 ± 8 60 ± 8 50 ± 8 450 ± 50
SX−Q
cross
peak

-100 300 ± 30

a Each entry reports the 95% confidence interval from fitting to a mono-, bi- or tri-
exponential function convolved with the pulse width of the 2DES measurement.
𝐴 and 𝜏 report the normalized amplitude in percentage (negative amplitude
indicates exponential rise) and the fitted time constant for each component.
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Chapter 4

Ultrafast Energy Transfer and

Dissipative Pathways in

Light-Harvesting Complex II

Embedded in a Membrane Nanodisc

Adapted from: Son, M., Pinnola, A., Gordon, S. C., Bassi, R. & Schlau-Cohen, G.

S. "Observation of Dissipative Chlorophyll-to-Carotenoid Energy Transfer in Light-

Harvesting Complex II in Membrane Nanodiscs", Nat. Commun. 11, 1295 (2020).

4.1 Chapter Summary

Green plants protect themselves against photodamage under high light by transition-

ing into a photoprotective state, where excess energy is dissipated as heat. Confor-

mational changes of the photosynthetic antenna complexes, including light-harvesting

complex II (LHCII), the major antenna complex in plants, activate dissipative path-

ways by leveraging the sensitivity of their photophysics to the protein structure.

The photophysical mechanisms of dissipation remain widely debated, primarily due

to two challenges. First, previous measurements lacked the temporal resolution or

spectral bandwidth to be able to resolve the ultrafast timescales and large energy
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gaps involved in dissipative pathways. Second, experiments have been performed in

non-physiological or experimentally intractable environments. The most commonly

used method is to solubilize the antenna complex in a detergent micelle, which is a

far-from-native environment that induces non-native conformations. In vivo measure-

ments on whole leaves or intact chloroplast report on the native photophysics, but

due to the inherent complexity, contributions from homologous antenna complexes

cannot be disentangled. Furthermore, measurements of native systems are prone to

laser-induced artifacts, such as singlet-singlet annihilation, due to the high density of

antenna complexes, and in turn, high pigment density in native systems. In this chap-

ter, I describe the development of a reduced near-native membrane platform, known

as a "nanodisc", to house the LHCII protein. The nanodisc platform overcomes the

limitations of both the detergent micelle and in vivo environments by providing a

near-native lipid bilayer membrane environment as well as incorporating a single, iso-

lated LHCII, thereby enabling the investigation of photophysics in a well-controlled,

near-physiological environment. The light-harvesting and dissipative pathways of

LHCII embedded in the membrane nanodisc were interrogated with ultrabroadband

two-dimensional electronic spectroscopy (2DES), and compared with those of LHCII

in detergent micelles. The data reveal that the membrane environment enhances two

dissipative pathways, one of which is a previously hypothesized but uncharacterized

chlorophyll (Chl)-to-carotenoid (Car) energy transfer. The results presented here

highlight the sensitivity of the photophysics to local environment, which may control

the subtle balance between light harvesting and dissipation in response to fluctuating

levels of sunlight in vivo.

4.2 Introduction

In green plants, the light-harvesting machinery is a complex network of multiple an-

tenna complexes that absorb sunlight and funnel the solar energy to the reaction

center, where charge separation takes place to initiate the chemical reactions of pho-

tosynthesis [4, 5]. In parallel to its primary light-harvesting functionality, the protein
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network has evolved to react sensitively to fluctuating light conditions in order to

prevent the generation of deleterious photoproducts. In the presence of excess light,

the network transitions reversibly and rapidly from a fully light-harvesting to a pho-

toprotective state, where harmful excess energy is dissipated as heat in a process

called non-photochemical quenching (NPQ) [69, 126, 252]. The individual antenna

complexes exhibit photophysics that include energy transfer, dissipative, and delete-

rious pathways. The timescales and amplitudes of these pathways are known to vary

with conformation for these complexes. This complexity, along with the complexity

intrinsic to a multi-protein network, has made it difficult to determine the balance of

energy transfer and dissipation, as well as the underlying photophysical mechanisms.

The antenna complexes are membrane proteins that bind a dense network of

primary (Chls) and accessory (Cars) light-harvesting pigments. The electronic inter-

actions between the Chls and the Cars give rise to rapid and efficient energy transfer,

which provides the power for chemical reactions [67, 75, 76], and, in parallel, dissipa-

tive pathways. However, proposals as to the nature and dynamics of the dissipative

pathways vary widely. The four primary proposals are (1) energy transfer from the

Chl Qy to the Car S1 state [122, 131]; (2) excitonic states constructed from a linear

combination of the Chl Qy and the Car S1 states [134, 135]; (3) charge transfer from

the Car S1 to the Chl Qy state [136, 137]; and (4) charge transfer among the Chls

[119, 140, 141]. In the first two proposals, the short-lived dark Car S1 state mediates

dissipation, which has a lifetime of a few to several tens of picoseconds [49]. While

the first proposal had been suggested as the most likely pathway, previous ultrafast

experiments were unable to observe energy transfer [132, 133]. The measured dynam-

ics were rather consistent with the characteristics of an excitonic state, leading to the

development of the second proposal. However, the ambiguity of the Car S1 energy

due to its low oscillator strength has made it difficult to definitively evaluate these

two proposals. The third proposal is supported by spectroscopic signatures of a Car

radical cation [138], although their small amplitude has prevented clear analysis. In

the fourth proposal, the states with charge transfer character are thought to appear

as red-shifted fluorescence peaks, yet recent results indicate that the red-shifted and
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the quenched species are distinct [142]. This series of observations and their associ-

ated limitations highlights the challenges in understanding the photophysics in green

plants.

The primary antenna complex in green plants is LHCII, and therefore its pho-

tophysics have been the most extensively characterized. Previous investigations on

LHCII suggested that a conformational change of the antenna complex is an im-

portant trigger for the transition into the dissipative state [28, 66, 122, 221, 222].

This transition is thought to leverage the sensitivity of the electronic interactions to

the relative orientation and distance between the Chls and Cars. Therefore, vari-

ous conformational changes have been proposed that result in a modulation of the

structural and, in turn, photophysical properties of the Cars [66, 122, 221]. Sev-

eral strategies were used to induce conformational changes, involving dramatically

different local environments for LHCII ranging from crystals [26, 221] to protein ag-

gregates [122, 253] to whole leaves [122]. While the results provided some insight

into dissipative photophysics, the aforementioned multiplicity of environments led to

the multiplicity of proposed conformational and photophysical mechanisms of pho-

toprotection. For example, the fluorescence lifetime of LHCII has been reported to

be different in a lipid vesicle from that in a detergent micelle [40, 146]. The in vitro

environments, which employ detergent or crystallization, may introduce additional,

non-native conformational changes that could alter or even denature the functional

structure of membrane proteins [143, 254, 255]. In contrast, in vivo spectroscopy on

whole leaves provides physiological information [145, 256, 257]. However, identify-

ing the photophysical pathways in each of the many homologous antenna complexes

is not possible. Furthermore, in vivo transient absorption measurements have been

shown to inevitably lead to laser-induced artifacts such as singlet-singlet annihilation

in the measured photophysics due to the large absorption cross-section of the intact

protein network [144, 257]. Due to these challenges and limitations, a simple, yet

physiological environment has been lacking, leaving the photophysical pathways of

individual antenna complexes undetermined.

In this work, I benchmark the photophysics of an individual LHCII in a membrane
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disc, known as a "nanodisc", using ultrabroadband 2DES. In nanodiscs, the mem-

brane protein of interest is embedded in a discoidal lipid bilayer membrane, providing

a well-controlled, near-native membrane environment without the complexity of the

intact protein network [153, 258]. The 2D spectra show differences of up to 40% in the

energy transfer timescales between the two environments, including an enhancement

of two dissipative pathways in the membrane. Conformational changes of two Cars

at the periphery of the LHCII trimer increase energy transfer to the dissipative Car

S1 state via two parallel pathways, rapid internal conversion from the Car S2 state

and energy transfer from low-energy Chls. While the latter energy transfer pathway

had been proposed based on indirect evidence, here I report a direct observation of

this dissipative pathway. Furthermore, the measured sub-ps timescale implies energy

transfer between strongly coupled states, in contrast to previous theoretical predic-

tions. The results shown here demonstrate the ability of the local environment to

control the photophysical pathways in LHCII, which may be used to balance light

harvesting and dissipation in the native thylakoid membrane.

4.3 Membrane-Induced Conformational Changes in

Light-Harvesting Complex II

Membrane nanodiscs containing a single trimeric LHCII complex were prepared ac-

cording to a previously reported protocol with minor modifications [146, 147]. Ini-

tial characterizations with gel electrophoresis and transmission electron microscopy

(TEM) confirmed the formation of discoidal lipoprotein particles with the desired size

of ∼13 nm diameter (Figure 4-2A−D). Fluorescence correlation spectroscopy (FCS)

was used to verify the absence of LHCII self-aggregation in the nanodiscs, which is

known to induce quenching of LHCII fluorescence [122]. The fluorescence correlo-

gram revealed a single-component diffusion kinetics with a diffusion time constant of

1.52 ± 0.20 ms, confirming the absence of LHCII aggregates, which would exhibit a

multi-component diffusion profile with a significantly longer diffusion time constant
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Figure 4-1: Changes in LHCII pigment orientations upon incorporation into
membrane discs. (A) Schematic illustration of the membrane disc containing a
single trimeric LHCII complex (shown in green). (B) Side (left) and top view (right)
of the LHCII trimer. Chl a are displayed in green, Chl b in teal, luteins (Luts) in
pink, neoxanthin (Neo) in purple, and violaxanthin (Vio) in orange. Roman numerals
indicate the two pigment clusters perturbed upon disc formation. (C) Pigment-only
side views of clusters I (top) and II (bottom). (D, E) CD (top) and second-derivative
CD spectra (bottom) of LHCII in detergent (gray) and in membrane discs (green),
plotted for the (D) Car S2 and (E) Chl Qy absorption range. Stick plots indicate the
absorption peak wavelengths of the pigments shown in (C). The peak positions for
Chls are taken from [90]. Purple and pink shaded regions highlight membrane-induced
changes in CD for the two domains I and II.
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Figure 4-2: Characterization of LHCII nanodiscs. (A) Fast protein liquid chro-
matogram of empty (black) and loaded (green) LHCII nanodisc. Shaded area indi-
cates the fraction of loaded discs that was stored for spectroscopic measurements.
(B) Gel electrophoresis of LHCII nanodisc (lane 1: protein standard, lane 2: LHCII
nanodisc). Both the membrane scaffold protein (MSP1E3D1, 32.6 kDa) and LHCII
(25−27 kDa) bands are identified. (C) Representative TEM image of the produced
LHCII nanodiscs. Scale bar is 50 nm. (D) Size distribution analyzed for 300 objects
imaged with TEM. Mean diameter (𝑑) is 13.5 nm. (E) Fluorescence correlogram of
LHCII in detergent (gray) and in nanodisc (green). Both curves are normalized to the
maximum 𝐺 value at 10−2 ms, and fit curves are shown in black. The fitted diffusion
constants with 95% confidence intervals are indicated inside the figure.

Figure 4-3: Linear absorption of LHCII in detergent and in membrane nan-
odiscs. (A) Linear absorption of LHCII in detergent (gray) and in nanodiscs (green),
normalized to the 650 nm peak. (B) Difference absorbance spectrum obtained by sub-
tracting the detergent spectrum from that of nanodiscs. (C) Zoom-ins of the Car S2

and Chl Qy regions (labeled with dashed boxes) from (A). Bottom panels show the
second derivative of the top panels.
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(Figure 4-2E).

The linear absorption spectra of LHCII (Figure 4-3A) in detergent and in mem-

brane nanodiscs demonstrate its successful incorporation into nanodiscs in intact

trimeric form, based on similar overall peak location and profiles. A closer inspection

of the spectra shows subtle changes in peak position and/or intensity in the Car S2

states (470−510 nm) as well as the two Qy bands of Chls (640−690 nm), suggesting

changes in the arrangement of both the Cars and Chls resulting from introduction of

the membrane environment.

Circular dichroism (CD) spectra of LHCII in detergent and in nanodiscs provide

a sensitive measure of the spatial configuration of the constituent pigments in each

environment, because CD peak shape and intensity are directly related to the mutual

orientation of the transition dipoles and the strength of their interactions [259, 260].

Comparison of the CD spectra reveals two differences involving two peripheral Cars,

Neo and Lut1 (Figure 4-1B, C). First, the relative peak intensities between 474 nm and

492 nm (494 nm) change, which has been reported to originate from the interactions

between the Soret band of the Chls b and Neo (Figure 4-1D) [143, 259, 261]. A

similar change in the peak ratio was previously observed in LHCII nanodiscs [147].

Second, the negative 492 nm peak red-shifts by 2 nm, reported to originate from

the interactions between the high-energy Lut (Lut1) and the Soret band of Chl a612

[259]. Thus, the observed changes point to alterations in the spatial arrangement of

Neo and Lut1 caused by the membrane. In contrast, no difference was observed in

the CD signal at 500 − 510 nm, where the lower-energy Lut (Lut2) absorbs.

CD in the Chl Qy region (Figure 4-1E) reveals a slight broadening of the 653 nm

peak and a 2 nm red-shift of the 682 nm peak, attributed to excitonic interactions

between Chl a604−Chl b606 and Chl a610−Chl b608, and between Chls a611 and

a612, respectively [259]. These are the Chls that are strongly coupled with Neo (Chl

a604, Chl b606, Chl b608) and Lut1 (Chls a610, a611, a612) [262], illustrated as

domains I and II, respectively, in Figure 4-1B, C. Given that Neo and Lut1 are the

two Cars impacted upon incorporation into the membrane, it is speculated that the

observed changes in the rotational strengths of the Chls could arise from changes
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Figure 4-4: Comparison of LHCII fluorescence in different environments. (A,
B) Fluorescence spectra of LHCII in detergent (gray) and in soy asolectin nanodiscs
(green), normalized to the maximum fluorescence peak (A) and to the absorbance
at the excitation wavelength (630 nm) for comparison of fluorescence quantum yield
(B). Inset of (A) displays zoom-in of the 675−695 nm range to show the shift in peak
wavelength. In (B), the integrated area of fluorescence in nanodiscs was 83% of that
in detergent. (C) Fitted fluorescence decay profiles of LHCII in detergent (gray) and
in soy asolectin nanodiscs (green). The best fit parameters are shown in Table 4.1.

in their excitonic interactions with the neighboring Cars, rather than independent

structural reorganization of the Chls in the membrane.

Perturbation of domain II, which contains the three lowest-energy Chl a pigments

that form the emissive locus of LHCII (Chls a610, a611, a612) [263], is further sup-

ported by a reduction of fluorescence in the membrane nanodisc environment. The

steady-state fluorescence quantum yield and fluorescence lifetime are reduced in the

membrane discs by 17% and 18%, respectively (Figure 4-4). The slight quenching

of the fluorescence upon membrane insertion is consistent with previous results on

LHCII nanodiscs [146], and is independent of the lipids used to prepare the nanodiscs

(Figure 4-14 and Table 4.1). These results strongly indicate that the observed fluo-

rescence quenching is a consequence of structural perturbations in LHCII induced by

the membrane environment, not of specific protein-lipid interactions. The observed

average fluorescence lifetime (2.8 ns) is still significantly longer than that measured

in vivo (< 2 ns) [264] or in crystals (1 ns) [221], suggesting additional interactions

are present in these systems due to the presence of multiple antenna complexes, and

therefore, protein-protein interactions.

Domains I and II are located at the periphery of the trimeric LHCII complex

(Figure 4-1B). Compared to their counterparts located closer to the core that are
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shielded by the surrounding pigments and protein matrix, these domains are more

exposed to the lipid bilayer. Thus, they are more susceptible to structural changes

induced by the membrane, consistent with my results. In particular, a significant

part of the conjugated chain of Neo protrudes outward from the protein matrix,

which may allow severe twisting of the chain by interactions with the surrounding

environment. Such a distortion in the conjugated chain of Neo has, in fact, been

predicted theoretically [28].

4.4 Energetics and Ultrafast Dynamics of the Pe-

ripheral Carotenoids in the Membrane Environ-

ment

Ultrabroadband 2DES was used to determine the impact of the membrane environ-

ment on the ultrafast photophysical pathways in LHCII. As discussed in Chapters

2 and 3, by using a laser spectrum with a significantly broader bandwidth than in

conventional 2DES [226], it is possible to map out energy transfer and dissipation

across the broad range of Car and Chl excited states (see Figure 3-1D in Chapter 3).

Figure 4-5A shows the 2D spectra of LHCII in the detergent and the membrane

environment (𝑇 = 533 fs) in the frequency range of the Car S2 states. Two major

changes are observed. The first is increased transfer of the Car S2 population into

the dark S1 state (S2 → S1 internal conversion), which results in decreased energy

transfer to the lower-lying Chls, the competing pathway (Figure 4-15). The relative

population in S1 is estimated by the ratio of the magnitude of the S1 excited-state

absorption (ESA) to that of the initial ground-state bleach (GSB) of S2 immediately

after photoexcitation. The ratio increases by 40% in the membrane, showing the

increase in transfer to S1 (Figures 4-5B and 4-16). The increase is pronounced at the

excitation frequencies of Neo and Lut1, showing 35−43% more efficient relaxation to

the S1 state. While the excitation frequency of Neo and that of Vio have a significant

overlap [67, 232], and so the contribution from these two Cars cannot be distinguished,
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Figure 4-5: Impact of the membrane environment on the energetics and
relaxation dynamics of Cars. (A) Absorptive 2D spectrum of LHCII in detergent
(left) and in nanodiscs (right) in the Car S2/S1 region at 𝑇 = 533 fs. White dashed
lines indicate the shift in Car S1 → SN transition energy (∆𝐸S1-SN). Colored sticks
indicate the energy levels of the Car S2 states. (B) Relative Car S1 ESA intensity at
𝑇 = 533 fs in detergent (gray) and in nanodiscs (green), obtained by normalizing the
S1 ESA intensity to the initial S2 GSB intensity immediately after photoexcitation
(𝑇 = 30 fs). (C) Comparison of Car S1 ESA decay constants in detergent (gray) and
in nanodiscs (green). (D) Absorptive 2D spectrum of the Car-Chl cross peak region
at 𝑇 = 300 fs (in detergent). Colored sticks indicate the energy levels of the Car S2

and Chl Q states. (E) Ratio of Car-Chl cross peak intensity obtained by dividing the
sum of all cross peak intensities in nanodiscs by that in detergent. Error bars in (B),
(C), and (E) are the std. dev. from three independent measurements. (F) Projection
of the 2D spectra shown in (A) onto the 𝜔𝑡 axis for a 600 cm −1 𝜔𝜏 interval centered
at 𝜔𝜏 = 20,000 cm−1 (gray: detergent, green: nanodisc). (G) Closer view of the
dashed box in (F), where both traces are normalized to the same scale to emphasize
the energy shift.
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Neo is the likely origin of the increase based on the dramatic changes observed in

the CD spectra. Unlike in the case of Neo and Lut1, the relaxation dynamics of

Lut2 are independent of environment (Figure 4-5B, C). Lut2 is located at the inner

core of the trimeric LHCII (Figure 4-1B), and thus relatively protected from direct

exposure to the protein-lipid interface, as mentioned earlier. This may be the origin

of its environment-independent dynamics. The Car-Chl cross peaks directly visualize

energy transfer from the Car S2 to the lower-lying Chl Q states, and so further report

on Car S2 dynamics. The cross peak intensities decrease by 35% in the membrane

(Figure 4-5D, E), consistent with the increased relative S1 intensities shown in Figure

4-5B, the competing pathway.

The second major change is a blue-shift of the Car S1 ESA by ∼200 cm−1, indi-

cating that the S1 → SN energy gap increases in the membrane (Figure 4-5A, F, G

and Figure 4-17). This blue-shift can originate from either a red-shift in S1 energy or

a blue-shift in SN energies. The former is more likely, because SN is a broad manifold

of multiple higher-lying states that are unlikely to all shift in a correlated manner,

especially given the environment-independent transition energy of the S2 state. This

energy level shift is an environment-induced static effect present at all waiting times,

separate from a dynamic shift due to vibrational cooling of the hot S1 state [265, 266].

Additional dynamic shifts in the S2−S1 zero-crossing frequency are observed in the

initial 500 fs, where the contribution from vibrational cooling is significant (Figure

4-18). These dynamic effects are independent of environment. In contrast to the S1

→ SN transition, no energy shift is observed for the S2 states.

Along with the changes in spectral features, an acceleration of the decay of the S1

population of Neo/Vio (54%) and Lut1 (53%) is observed in the membrane nanodisc

environment (Figure 4-5C). This can originate from two different processes: a decrease

in the S1−S0 energy gap, which speeds up non-radiative decay, or an increase in energy

transfer to the energetically close-lying Chl Qy states, which accelerates the depletion

of the S1 population [134]. The observed acceleration of the decay is attributed to the

former mechanism, faster non-radiative decay, based on two results. First, an increase

in energy transfer from Car S1 to Chl Qy would result in an increase in magnitude
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Figure 4-6: Impact of the membrane environment on Chl relaxation dy-
namics. (A) Absorptive 2D spectrum of LHCII in detergent (left) and in nanodiscs
(right) in the Chl Qy region at 𝑇 = 533 fs. Colored sticks indicate the energy levels
of the Chl Qy states. (B)−(E) Waiting time traces of the peaks labeled with colored
boxes in (A): Chl b diagonal peak (B, cyan), Chl b → Chl a energy transfer cross
peak (C, red), Chl SE (D, pink), and Car S1 ESA upon excitation of the terminal
Chls (E, blue). Insets in (B) and (C) show longer-timescale dynamics. (𝜔𝜏 , 𝜔𝑡) =
(15,540, 15,300) (B), (15,540, 14,750) (C), (14,925, 14,470) (D), (14,925, 18,400) (E,
in cm−1). Traces in (D) and (E) were generated by integrating the 2D intensity over
a 300 cm−1 (𝜔𝜏 ) × 400 cm−1 (𝜔𝑡) interval.

of the Car-Chl cross peaks on the timescale of the S1 decay, and no such feature is

observed. Second, the S1 state likely red-shifts in the nanodisc, as discussed above.

Consistent with the trend observed in the relative S1 intensity, the kinetics of Lut2 is

independent of environment.

4.5 Suppression of Chlorophyll b-to-Chlorophyll a

Energy Transfer in the Membrane Nanodisc En-

vironment

The low-frequency range of the ultrabroadband 2D spectra reveal the relaxation path-

ways within the Chl Q manifold (Figure 4-6A). In agreement with previously results
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Figure 4-7: Peak assignment of the Chl Q region and dynamics of Chl
relaxation. (A) Absorptive 2D spectrum of LHCII in detergent at 𝑇 = 100 fs,
zoomed in on the Chl Q region. Colored sticks indicate the energy levels of the
Chl Qy states, and the six peaks discussed in the text are labeled with black open
squares. (B) Waiting time traces of peaks 2−5 for the initial 1,000 fs (insets show
longer-timescale dynamics). Gray and green traces are traces measured in detergent
and in nanodiscs, respectively, and black lines are the fit curves. (𝜔𝜏 , 𝜔𝑡) = (15,300,
14,950) (2), (15,000, 14,750) (3), (15,540, 14,950) (4), (15,300, 14,750) (5, in cm−1).
Waiting time traces of peaks 1 and 6 are shown in Figure 4-6B, C.

[90, 94], the 2D spectra in this range show diagonal peaks at the energies of the Qy

bands of Chl 𝑏 and Chl 𝑎 (peaks 1−3, Figure 4-7). The pronounced elongation of the

Chl a peak implies the presence of the higher-energy (aH) and lower-energy pools (aL)

of Chl a, which are resolved into two separate peaks at cryogenic temperatures but

not at room temperature (RT) [90]. At the intersections of the frequencies of 1−3,

cross peaks (peaks 4−6) grow in at early waiting times as energy migrates from Chl

𝑏 to the lower-lying Chl 𝑎 pools. The data also contain non-negligible contribution

from the stimulated emission (SE) of low-energy Chl a at 𝜔𝑡 < 14,500 cm−1 due to

the broad bandwidth of the laser spectrum that covers part of the Chl fluorescence

[247].

The relaxation dynamics of the Chls reveal two prominent changes in the mem-

brane environment. First, the downhill energy transfer from Chl b to Chl a [90, 92, 94]
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is slowed down in the membrane (Figure 4-6A−C). The timescales of the energy trans-

fer pathways, obtained by fitting the initial rise time of the cross peaks, become longer

in the membrane, from 80 ± 20 to 132 ± 22 fs (Chl b → Chl aH) and from 130 ± 20 to

225 ± 20 fs (Chl b → Chl aL), indicating a 39− 42% reduction in the energy transfer

rates and resulting in diminished cross peak intensities in the membrane. The same

trend is observed in the kinetics of the Chl b diagonal peak, which decays 40% slower

in the membrane due to the decreased rate of energy transfer to Chl a (Figure 4-6B).

The energy transfer between the high- and low-energy Chl a pools (Chl aH and Chl

aL) is also slowed down, but to a much lesser extent (14%).

The specific pigment structural changes responsible for the observed deceleration

of Chl b → Chl a energy transfer cannot definitively be identified. Although LHCII

is thought to compact overall in the membrane environment as compared to in a

detergent micelle, the slower Chl b → Chl a energy transfer observed here suggests

that the specific pigments involved actually move further apart. As discussed above,

several Chl b pigments form a strongly coupled pigment cluster with Neo (domain I

in Figure 4-1B, C), the Car that is positioned to most easily undergo large structural

motions [28], which may induce displacement of these Chl b molecules. Even minor

perturbations to inter-pigment distances can significantly change the dynamics due

to the nonlinear relationship between distance and energy transfer rate [267].

4.6 Observation of Dissipative Low-energy Chloro-

phyll a-to-Carotenoid S1 Energy Transfer

The second prominent change appears on the red side of the lower-energy Chl a pool

(aL). This pool consists of the three Chl a’s in domain II that interact strongly with

Lut1 and form the terminal locus of energy, collecting energy from higher-lying states

and emitting fluorescence in isolated LHCIIs [263, 268]. The waiting time traces of

the red half of the Chl SE reveal pronounced rapid decay components with time con-

stants and amplitudes of 350 ± 30 fs (39%) in detergent and 270 ± 20 fs (53%) in
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the membrane (Figure 4-6D). This rapid decay is followed by slower, picosecond com-

ponents, likely reflecting vibrational relaxation of the Chls [45, 269]. The amplitude

of the sub-ps decay component shows a strong dependence on emission frequency;

the amplitude increases as the emission frequency decreases, and is non-negligible

only when the red side of the Chl aL band is probed, which corresponds to the red

half of the Chl a fluorescence emission range (Figure 4-19). The biexponential de-

cay kinetics of Chl aL imply two subpopulations with different levels of quenching,

likely reflecting a quenched conformation and an unquenched one [270, 271]. Re-

cent transient absorption studies on CP29, a minor antenna complex homologous to

LHCII, found a similar biexponential decay of the terminal Chl a excited state, which

was attributed to the coexistence of quenched and unquenched conformations [272].

The coexistence of multiple conformations with distinct photophysics is further sup-

ported by single-molecule fluorescence measurements, which identified unquenched

and quenched conformations of LHCII [273, 274] and other homologous complexes

[275, 276].

The presence of a rapid, sub-ps decay component points towards an energy sink

that accepts energy from the terminal locus. Notably, I find concurrent rise of the

population at the excitation frequency of Chl aL and emission frequency of Car S1

ESA, which indicates that the Car S1 states are the energy sink populated by energy

transfer from the terminal Chl a’s (Figure 4-6E). Although this region of the 2D

spectra contains a contribution from the ESA of the Chls [132], the absence of an

increase in Chl a population on the corresponding timescale supports the assignment

that the rise originates from the ESA of the Car S1, not that of the Chls (Figure 4-20).

Following energy transfer from the Chls, the Car S1 state dissipates the excitation

energy via a picosecond non-radiative relaxation pathway, as mentioned earlier. This

is a clear and direct observation of the dissipative energy transfer pathway from the

terminal Chl a locus into the dark S1 state of the Cars, one of the mechanisms of pho-

toprotection proposed but not well understood [122, 132, 133, 222, 277]. Correlated

decay of Chl a and rise of Car S1 populations, similar to those identified here but on

a slower timescale (2.1 ps), have been observed in a cyanobacterial ancestor of plant
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antenna complexes, high light-inducible protein (Hlip), and assigned to Chl-to-Car

energy transfer [277].

The terminal Chl a → Car S1 energy transfer pathway is present for LHCII in

both detergent and membrane nanodisc environments. The efficiency of this pathway

increases by 12−14% in the membrane, as seen by the increased amplitude of the

sub-ps decay and rise components in nanodiscs relative to that in detergent. This

is qualitatively in agreement with the observation of fluorescence quenching in the

membrane discussed in Section 4.3. The enhancement of this Chl a → Car S1 pathway

in the membrane could arise from the red-shift of the Car S1 energy level as discussed

earlier. Although the exact energy gap between the Chl a Qy and Car S1 states

cannot be determined due to the ambiguity in the energy level of the dark Car S1

transition, such a red-shift could bring the two states closer to resonance, and thus

increase the rate of energy transfer.

4.7 Kinetic Modeling of Membrane-Induced Changes

in Photophysics

A set of coarse-grained kinetic models was constructed to simulate the dynamics ob-

served in the experimental data. Detailed descriptions of each model and comparison

with experimental data are provided below.

4.7.1 Branching of Carotenoid Population

The kinetic scheme for the Car S2 state is shown in Figure 4-8A. The excited-state

population on the S2 state of the Cars decays via two channels: internal conversion

to the S1 state (𝑘21) and energy transfer to Chl Q states (𝑘2𝑞). 𝑘𝑑′ and 𝑘𝑑 denote

the relaxation rate constants out of the Car S1 and Chl Q states, respectively. The

121



Figure 4-8: Kinetic models. (A) and (C) show the kinetic schemes with the relevant
pigment states and rate constants that describe branching of Car S2 and Chl-to-Car
energy transfer, respectively. (B) and (D) illustrate the temporal evolution of the
population on each state shown in the schemes in (A) and (C), calculated using the
experimental rate constants obtained for detergent-solubilized (solid) and membrane-
embedded LHCII (dashed curves): 𝑘21 = (160 fs)−1/(110 fs)−1, 𝑘2𝑞 = (150 fs)−1/(150
fs)−1, 𝑘𝑑 = (3.4 ns)−1/(2.8 ns)−1, 𝑘𝑑′ = (7.7 ps)−1/(3.8 ps)−1, 𝑘𝑏𝑎 = (80 fs)−1/(130
fs)−1, 𝑘𝑏𝑎′ = (130 fs)−1/(225 fs)−1, 𝑘𝑎𝑎 = (90 fs)−1/(105 fs)−1, 𝑘𝑎1 = (350 fs)−1/(270
fs)−1 (detergent/membrane).

differential equations that describe the temporal evolution of populations are

˙𝑃𝑆2 = −(𝑘21 + 𝑘2𝑞)𝑃𝑆2

˙𝑃𝑆1 = 𝑘21𝑃𝑆2 − 𝑘𝑑′𝑃𝑆1

𝑃𝑄 = 𝑘2𝑞𝑃𝑆2 − 𝑘𝑑𝑃𝑄

The initial populations are estimated based on the extinction coefficient and laser

intensity (spectrum 1, Figure 4-11) at the wavelength of each transition, and scaled

such that 𝑃𝑆2 + 𝑃𝑆1 + 𝑃𝑄 = 1 at 𝑇 = 0. Pathways involving the terminal Chl a

locus were excluded given the negligible probability for direct Chl a excitation with

spectrum 1.

122



Figure 4-8B shows the temporal evolution of populations in both environments,

calculated using the rate constants for each pathway obtained from the experimental

2D data. Consistent with the 35 ± 9% decrease in the Car-Chl cross peak intensity

in the 2D spectra (Figure 4-5D, E), Chl Q population decreases by 28%. At the same

time, Car S1 population increases by 30%, also consistent with the increase in Car

S1 ESA intensity in the membrane. Varying the rate constants did not result in any

significant changes to the population dynamics (< 3% difference), demonstrating the

robustness of the model.

4.7.2 Branching of Chlorophyll Population and Chlorophyll-

to-Carotenoid Energy Transfer

The kinetic scheme describing the population transfer within and out of the Chl Q

states is shown in Figure 4-8C. The differential equations describing the temporal

evolution of the populations are

�̇�𝑏 = −(𝑘𝑏𝑎 + 𝑘𝑏𝑎′)𝑃𝑏

˙𝑃𝑎𝐻 = 𝑘𝑏𝑎𝑃𝑏 − 𝑘𝑎𝑎𝑃𝑎𝐻

˙𝑃𝑎𝐿 = 𝑘𝑎𝑎𝑃𝑎𝐻 + 𝑘𝑏𝑎′𝑃𝑏 − 𝑘𝑑𝑃𝑎𝐿 − 𝑘𝑎1𝑃𝑎𝐿

˙𝑃𝑆1 = 𝑘𝑎1𝑃𝑎𝐿 − 𝑘𝑑′𝑃𝑆1

The initial populations are estimated based on the extinction coefficient and laser

intensity (spectrum 2, Figure 4-11) at the wavelength of each transition, and scaled

such that 𝑃𝑏 + 𝑃𝑎𝐻 + 𝑃𝑎𝐿 = 1 at 𝑇 = 0. Pathways involving the Car S2 state were

excluded given the negligible probability for direct Car S2 excitation with spectrum

2. Figure 4-8D shows the temporal evolution of populations using the rate constants

obtained from the 2D experiment. Similarly to the kinetic model describing Car S2

population branching, the model was robust to modest changes in the rate constants.

The relative populations on the terminal Chl a locus as well as the Car S1 state in

the membrane predicted by the kinetic model show quantitative agreement with the

experimental data with small deviations (Figure 4-9B). The quantitative agreement
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Figure 4-9: Impact of the membrane on the photophysics and proposed
kinetic model. (A) Schematic illustration of the alteration of LHCII photophysics
by the membrane environment. The cartoons and energy level diagrams (not to scale)
illustrate the quenched subpopulation of LHCII embedded in the detergent (left)
and membrane nanodisc (right) environments, respectively. Curved arrows illustrate
energy transfer between Cars and Chls, and squiggly arrows illustrate non-radiative
decay pathways of the Cars. The thickness of the arrows qualitatively shows the
relative efficiency of the corresponding pathway. (B) Relative population of the low-
energy Chl a locus (green) and Car S1 (gray) for the membrane relative to detergent.
Dashed lines are obtained from the kinetic model in Section 4.7, and solid lines show
the peak ratio of the Chl aL diagonal and Car S1 ESA peaks from the 2D data with
error bars (shaded regions, std. dev. from three independent measurements).

between the experimental and simulated populations illustrates that the minimal

set of photophysical pathways included here is sufficient to describe the observed

dynamics.

4.8 Discussion

The mechanism of photoprotective quenching has been extensively debated in the

field. One of the likely mechanisms, the dissipative Chl Q → Car S1 energy transfer

pathway observed here, appears spectroscopically as a rise in the Car S1 population

after photoexcitation into the Chl Q state. Previous work reported differences in the

long-time decay dynamics of the Car S1 between unquenched and quenched LHCII.

However, unlike my results, an instantaneous initial rise of the Car S1 population was
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observed, potentially due to limitations in temporal or spectral resolution of earlier

ultrafast experiments [122, 132]. This led to the development of an excitonic mixing

model between Chl Qy and Car S1 states, where the observed instantaneous Car

S1 rise was attributed to strong excitonic interactions between the Chl and the Car

states [133, 135]. Here, as illustrated in Figure 4-9A, the initial rise of Car S1 ESA is

resolved, characteristic of a directional energy transfer rather than a delocalized Car-

Chl excited state predicted by the excitonic mixing model. Theoretically predicted

timescales for this energy transfer pathway are > 20 ps due to the optically forbidden

nature of the Car S1 state [68, 262, 278], which is two orders of magnitude longer than

the sub-ps (<400 fs) timescale observed in this work. This discrepancy suggests that

a more complex picture is required, such as directional Chl → Car energy transfer

mediated by partial mixing of the excited states, along the lines of previous proposals

[133–135].

The comparison between detergent and membrane environments presented here

demonstrates that the local environment is able to control the photophysical pathways

in plants, including altering the balance between light harvesting and photoprotec-

tion. Both the experimental data and simulated results from the kinetic models show

that the two major energy transfer pathways for efficient light harvesting in LHCII,

Car S2 → Chl Q and Chl b Qy → Chl a Qy energy transfer, are both suppressed

in the membrane nanodisc environment. The Chl a Qy state then transfers energy

to neighboring antenna complexes for transport towards the reaction center. Consis-

tently, the experimental and simulated results also demonstrate that two dissipative

pathways, Car S2 → Car S1 and Chl a → Car S1 energy transfer, are both enhanced

in the membrane nanodisc environment. The short-lived dark S1 state of the Cars

then rapidly quenches the excitation via non-radiative decay. Taken together, the

aforementioned changes enhance the dissipative pathways relative to light harvesting

ones by increasing the relative population of the Car S1 state and decreasing that of

the Chl Q states, as illustrated in Figure 4-9B.

The data presented here, both in the steady state (CD) and on ultrafast timescales

(2DES), suggest that the two peripheral pigment domains (Neo and Lut1 and the Chls
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strongly coupled to them) are the molecular origin of the observed energetic and dy-

namical changes in the membrane. On the other hand, Lut2 is found to be completely

immune to the introduction of the lipid bilayer, maintaining its light-harvesting role

as the principal energy donor to the Chls [67]. While the nanodisc platform can-

not fully replicate the complex architecture of the native thylakoid membrane in the

chloroplast, these observations show that Car conformation is readily modulated by

interaction with the surrounding local environment, which can impact the excited-

state dynamics, and potentially enhance dissipative pathways. Consistent with these

experimental results, a recent theoretical work found that even a 5 − 10∘ tilt in the

Car backbone causes a 50% drop in the fluorescence lifetime of LHCII, highlighting

the integral role of Car conformations on the photophysics of LHCII under varying

light conditions [68].

It is interesting to note that the two strongly perturbed peripheral domains iden-

tified herein correspond to two of the proposed photoprotective quenching sites in

LHCII from previous work. Twisting of the conjugated chain of Neo has been pos-

tulated as a potential mechanism for quenching in crystals of LHCII based on a

correlation between the twist and quenching [221]. Furthermore, Lut1 was specu-

lated to undergo a conformational change that opens up a quenching site with the

terminal Chl a’s in aggregated LHCIIs [66, 122]. Here, quenching is observed even

in the non-aggregated, individual trimeric LHCIIs through the reduced fluorescence

lifetime of 2.8 ns and the associated dissipative photophysics. This suggests that the

native structure of LHCII trimers enhances quenching upon environmental perturba-

tion, which may be a similar effect to that observed in LHCII aggregates. Considering

that the two strongly perturbed pigment domains would be located at the interface

of adjacent LHCII trimers in vivo, protein-protein interactions in the native system

may introduce a similar effect and further amplify the structural and photophysical

modulations observed here. These interactions may be either between multiple neigh-

boring LHCIIs or between LHCII and the photosystem II subunit S (PsbS), which is a

non-pigment binding protein required for quenching in vivo, potentially via induction

of a conformational change in LHCII [26, 129]. In order for a dissipative pathway to
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be relevant for photoprotection, it must be activable under high light conditions, and

these interactions may be the mechanism behind activation.

4.9 Conclusion

In this chapter, I benchmarked the dynamics and pathways of light harvesting and

dissipation in LHCII embedded within a near-native membrane environment. Two

dissipative pathways were identified and characterized, both of which utilize the dark

Car S1 state as energy sink. One of these dissipative pathways, sub-picosecond energy

transfer from the terminal Chl locus to the Car S1 state, was directly uncovered for

the first time. The observation of this hypothesized, but previously uncharacterized

dissipative pathway opens the door to studies of its role in photoprotection that takes

place in vivo. Furthermore, comparison of the photophysics of LHCII in non-native

detergent and near-native membrane environments provides evidence that dissipa-

tion is enhanced in the membrane, likely through an increase in the population of a

quenched conformation via perturbation of two peripheral pigment clusters. These

results point to the ability of the local environment to control the conformation and

dynamics − and therefore function − of the photosynthetic apparatus in green plants.

4.10 Materials and Methods

4.10.1 Sample Preparation

Trimeric LHCII complexes were extracted from spinach leaves, purified and charac-

terized as detailed in Appendix A, Section A.1. The detergent-solubilized sample was

prepared by thawing the purified LHCII aliquots stored at −80∘C and adjusting the

concentration in a 0.01 M HEPES, 0.02 M NaCl buffer solution (pH 7.5) contain-

ing 0.03% n-dodecyl 𝛼-D-maltopyranoside (𝛼-DM). Membrane nanodiscs containing

a single trimeric LHCII were prepared following the protocols reported in [146] and

[147] with minor modifications, with MSP1E3D1 as the membrane scaffold protein

and soy asolectin lipid. Control samples were also prepared and comparatively charac-
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terized in order to verify the absence of undesired interactions between LHCII and the

membrane scaffold protein or lipid-dependent photophysical behaviors, as discussed

in detail in Section 4.11.1. A detailed protocol for nanodisc production is provided

in Appendix A, Section A.2. The 2DES data reported in this chapter were from

the measurements of LHCII nanodiscs with MSP1E3D1 membrane scaffold protein

and asolectin lipid. The final optical density (OD) of both detergent-solubilized and

nanodisc samples used for 2DES was 0.45 (per 0.2 mm) at the Chl a Qy peak (675

nm).

4.10.2 Steady-State Spectroscopy

Linear absorption and steady-state fluorescence spectra were measured with a Cary

5000 spectrophotometer and a Cary Eclipse fluorimeter (Agilent), respectively, in 1

cm pathlength quartz cuvettes. For fluorescence measurements, the OD of the sample

at the excitation wavelength was kept at 0.05− 0.07 per cm to ensure absence of any

reabsorption effect. Excitation wavelengths of 436, 600, and 640 nm were used, and

no excitation wavelength dependence was found in the fluorescence spectra. Relative

fluorescence quantum yield of LHCII in nanodiscs compared to LHCII in detergent

was calculated by comparing the integrated area of the fluorescence spectrum nor-

malized by the OD at the excitation wavelength. CD spectra were measured at 20∘C

on a Jasco J-1500 spectropolarimeter, in a 1 mm pathlength quartz cuvette. The OD

of the sample was 0.08 per mm at 670 nm.

4.10.3 Fluorescence Lifetime Measurement

The fluorescence lifetime of LHCII was measured with time-correlated single photon

counting (TCSPC). The excitation source was generated by focusing the output of a

Ti:sapphire laser (Vitara-S, Coherent, centered at 800 nm, 80 MHz repetition rate)

into a nonlinear photonic crystal fiber (FemtoWhite 800, NKT Photonics). The gen-

erated broadband supercontinuum was then filtered with a 630 − 655 nm bandpass

filter (ET645/30x, Chroma) to produce the excitation laser spectrum (Figure 4-10,
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II). The excitation beam was focused on a 1 mm pathlength quartz cuvette contain-

ing the sample. The emission from the sample was detected at a 90∘ angle from the

excitation path. A 665.2 nm longpass emission filter (BLP01-647R-25, Semrock) was

used to remove scattered excitation light (Figure 4-10, IV). A single-photon-detecting

avalanche photodiode (PDM Series, Micro Photon Devices) was connected to a timing

module (PicoHarp 300, PicoQuant), which detects the arrival time of each photon.

The instrument response function (IRF) was determined by measuring scattered ex-

citation light using a dilute solution of colloidal silica (Ludox, MilliporeSigma) [279],

and had a width of 50 ps. Fluorescence decay curves were individually fitted with

a monoexponential or biexponential decay function with the IRF using iterative re-

convolution. To prevent reabsorption effect, the OD of all samples at the excitation

wavelength range was kept at ∼0.07 per mm. The excitation pulse energy was 10 fJ

for all samples.

4.10.4 Fluorescence Correlation Spectroscopy

FCS measurements were performed on a home-built confocal microscope. The exci-

tation source was generated by tuning the wavelength of a fiber laser (FemtoFiber

pro, Toptica Photonics; 80 MHz repetition rate), and was centered at 610 nm with a

4 nm FWHM bandwidth (Figure 4-10, I). The fluorescence signal was isolated using

a dichroic mirror (T635lpxr, Chroma) and a bandpass filter (ET700/75m, Chroma;

III in Figure 4-10). The sample solution at 5 nM concentration was allowed to freely

diffuse within a 25 mm diameter hybridization chamber sealed to a glass cover slip.

Sample excitation and collection of the fluorescence were accomplished by the same

oil-immersion objective (UPLSAPO100XO, Olympus; NA = 1.4). The excitation

laser fluence on the sample plane was 504 nJ per cm2. Fluorescence signal was de-

tected using an avalanche photodiode (SPCM-AQRH-15, Excelitas). The diffusion

time constant (𝜏D) was determined by fitting the autocorrelation of the detected

photons (𝐺(𝑡), typically 2×106 photons were collected to construct each correlation
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Figure 4-10: Experimental condition for TCSPC and FCS measurements.
Transmission spectra of the excitation (I for FCS, II for TCSPC) and emission (III
for FCS, IV for TCSPC) filters overlaid with the absorption (black solid line) and
fluorescence (black dashed line) spectra of LHCII.

curve) to Eq. (4.1) [280],
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where 𝑡 is the correlation time, 𝐶 is a constant, 𝑁 is the number of molecules in the

focal volume, 𝜏D is the diffusion time constant, 𝑉 is a measure of the detection volume

defined as 𝑍𝑜/𝑤𝑜, where 𝑍𝑜 and 𝑤𝑜 are the effective half axial and radial dimensions of

the focal volume, respectively, 𝑓T is the fractional population of the triplet state, and

𝜏T is the triplet lifetime. The diffusion constant (𝐷) and the hydrodynamic radius

(𝑟) of each sample were determined using Eqs. (4.2) and (4.3) (the Stokes-Einstein

relation):

𝜏D =
𝑤𝑜

2

4𝐷
(4.2)

𝐷 =
𝑘𝐵𝑇

6𝜋𝜂𝑟
(4.3)

where 𝑘𝐵 is the Boltzmann constant, 𝑇 is the temperature (𝑇 = 20∘C was used in

this work), and 𝜂 is the viscosity of the medium.
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Figure 4-11: Spectral and temporal profiles of the laser pulses used in 2DES.
(A) Ultrabroadband laser spectra used in 2DES overlaid with the linear absorption
(black solid) and fluorescence spectra (black dashed) of LHCII. (B)−(C), TG-FROG
trace of (B) spectrum 1 and (C) spectrum 2 with the retrieved temporal profiles (filled
circles) fitted with a Gaussian function (solid line).

4.10.5 Ultrabroadband Two-Dimensional Electronic Spectroscopy

A detailed description of the ultrabroadband 2DES setup is provided in Chapter 2 and

in [226]. The supercontinuum generated by argon filamentation was further filtered by

two different sets of glass bandpass filters for optimal excitation of the blue (Car S2;

FGB39, Thorlabs) and red (Chl Qx/Qy; three FGS600 filters, Thorlabs) wavelength

range of the LHCII absorption spectrum (Figure 4-11A). Spectrum 1 is centered at

550 nm (18,182 cm−1) with a FWHM of 113 nm (3,819 cm−1), and spectrum 2 is

centered at 614 nm (16,287 cm−1) with a FWHM of 168 nm (4,807 cm−1). Transient

grating frequency resolved optical gating (TG-FROG) measured a pulse duration of

6.9 fs and 6.2 fs for spectrum 1 and spectrum 2, respectively (Figure 4-11B, C).
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A pulse energy of 10 nJ was employed with a beam waist of 150 𝜇m at the sample

position, corresponding to an excitation density of 3.9−4.4×1013 photons per pulse

per cm2, previously reported to be in the linear regime [94]. 𝜏 was sampled in 0.4

fs steps in the range of −200 − 200 fs, resulting in a 43.8 cm−1 resolution of the 𝜔𝜏

axis. 𝑇 was incremented in steps of 33 fs for 𝑇 = −99 − 0 fs, 10 fs for 𝑇 = 0 − 100

fs, 33 fs for 𝑇 = 100 − 467 fs, 67 fs for 𝑇 = 467 fs − 1 ps, and 1 ps for 𝑇 = 1 − 8

ps (dataset with spectrum 1) or 𝑇 = 1 − 10 ps (dataset with spectrum 2). The

frequency resolution of the 𝜔𝑡 axis was 4.2 cm−1. At each 𝑇 , for each 𝜏 , 1,280 lines of

each chopper sequence of the dual chopping data acquisition scheme were collected

and averaged. The sample was circulated in a 0.2 mm pathlength quartz flow cell

with a peristaltic pump to prevent photodegradation and repetitive excitation of the

same spot. The sample reservoir was kept at 4∘C throughout the measurement with

a home-built water jacket cooling system. Each dataset was collected three times, on

separate days with freshly prepared samples, to ensure reproducibility of the data.

The integrity of the sample was confirmed by comparing the linear absorption spectra

and fluorescence decay profiles before and after collection of each dataset.

4.10.6 Analysis of Two-Dimensional Spectra

Each waiting time trace reported here was generated by integrating the 2D signal

intensity over finite frequency intervals in both frequencies (100 cm−1 in 𝜔𝜏× 100 cm−1

in 𝜔𝑡, unless otherwise noted) around the center frequencies reported in parentheses

(𝜔𝜏 , 𝜔𝑡). Time constants were extracted by fitting each waiting time trace to an

exponential function convolved with a Gaussian pulse with the time resolution (6.2

fs or 6.9 fs) of the experiment.
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4.11 Supplementary Information

4.11.1 Supplementary Characterizations of Nanodiscs

Absence of direct interactions between peripheral regions of LHCII and

the membrane scaffold protein

It is possible that undesired interactions take place between the peripheral regions of

LHCII and the membrane scaffold protein (MSP3E3D1) due to the limited membrane

surface area and the close proximity between them. To evaluate whether such inter-

actions are present, the photophysical properties of LHCII nanodiscs of two different

sizes were compared.

In addition to the ∼13 nm nanodiscs formed with MSP1E3D1 membrane scaffold

protein, larger nanodiscs were produced with ApoE422K membrane scaffold protein

that afford a ∼25 nm diameter, and thus have a larger membrane area, reducing the

probability of direct interactions between LHCII and the membrane scaffold protein

[281]. As shown in Figure 4-12, the absorption and fluorescence properties of LHCII

nanodiscs are independent of the size, i.e., membrane area of the nanodiscs, indicating

that the interactions between LHCII and the lipid bilayer is the origin of the observed

changes in the photophysics of LHCII upon membrane insertion.

Figure 4-12: Comparison of the photophysical properties of LHCII nan-
odiscs with MSP1E3D1 and ApoE422K membrane scaffold proteins. (A)
Normalized linear absorption spectra, (B) fluorescence spectra, and (C) fluorescence
decay traces with MSP1E3D1 nanodiscs as green and ApoE422K nanodiscs as dark
green.
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Lipid dependence of the photophysical properties of LHCII nanodiscs

To examine lipid dependence of the observed photophysical changes in LHCII upon

membrane incorporation as well as achieve a closer mimic of the native lipid compo-

sition of the plant thylakoid membrane, nanodisc assembly reactions were performed

with several different lipid mixtures. The asolectin lipid, which is the main lipid

used for nanodisc production in this work due to its low cost, is a mixture of phos-

pholipids. However, phospholipids are not the predominant component of the native

thylakoid membrane. In order to more closely mimic the lipid composition of the

native thylakoid membrane, nanodisc assembly reactions with glycolipids, which are

the predominant type of lipids in vivo [282, 283], were performed. Two different

mixtures of the four major components, monogalactosyldiacylglycerol (MGDG), di-

galactosyldiacylglycerol (DGDG), sulfoquinovosyldiacylglycerol (SQDG), and phos-

phatidylglycerol (PG), were utilized: 62% DGDG, 17% SQDG, 21% PG and 50%

MGDG, 27% DGDG, 12% SQDG and 11% PG. The latter mixture contains a non-

bilayer lipid MGDG, which is known to display distinct behaviors from the other

three, which are bilayer lipids [284, 285].

The CD and fluorescence decay profiles of LHCII nanodiscs with the three lipid

mixtures were compared, as shown in Figures 4-13, 4-14 and Table 4.1. Neither the

CD spectra nor the fluorescence decay profiles reveals non-negligible lipid dependence,

leading to the conclusion that the changes in LHCII photophysics upon membrane

insertion are caused by introduction of the membrane environment, not by specific

protein-lipid interactions. Furthermore, the absence of lipid dependence demonstrates

the validity of asolectin as an economical alternative for LHCII nanodisc assembly to

glycolipids.
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Figure 4-13: Comparison of CD spectra in different environments. (A) Com-
parison between detergent-solubilized (gray) and nanodisc-embedded LHCII (green)
with soy asolectin lipid. (B) Comparison between soy asolectin nanodiscs (green) and
native thylakoid lipid nanodiscs (orange, 50% MGDG, 27% DGDG, 12% SQDG and
11% PG). The spectra in (A) and (B) are normalized to the sample absorbance at
675 nm. (C) Difference CD between detergent and soy asolectin nanodiscs in (A)
(solid line) showing the effect of membrane environment. Dashed line shows the dif-
ference CD between soy asolectin and native thylakoid lipid nanodiscs, indicating
independence of the CD response on the lipid mixture used.

Figure 4-14: Lipid independence of the fluorescence dynamics of LHCII
nanodiscs. Overlay of the fluorescence profiles of LHCII nanodiscs prepared with
different lipids. Green: soy asolectin, dark blue: thylakoid lipid mixture 1 (62%
DGDG, 17% SQDG, 21% PG), orange: thylakoid lipid mixture 2 (50% MGDG, 27%
DGDG, 12% SQDG and 11% PG).
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4.11.2 Supplementary Figures and Tables

Figure 4-15: Waiting time traces of Car S2/S1 peaks. Gray and green traces
correspond to LHCII in detergent and in membrane discs, respectively. All traces
were generated by integrating the 2D intensity over frequency intervals of 100 cm−1

(𝜔𝜏 ) × 100 cm−1 (𝜔𝑡) around the center frequencies specified in each figure. Fit
parameters are listed in Table 4.2.
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Figure 4-16: Relative area of Car S1 ESA normalized to the initial S2 pop-
ulation. Traces in detergent and in membrane discs are shown in gray and green,
respectively. Relative S1 areas are calculated by normalizing the S1 ESA intensity
at each 𝑇 to the initial S2 GSB intensity at 𝑇 = 30 fs. Right panels show zoom-ins
of the initial 500 fs. (A) shows the ratio between the total integrated area using
the broad 𝜔𝜏 range as indicated in the figure. (B)−(D) are calculated with narrower
𝜔𝜏 ranges to account for the response from the three individual Cars. Fixed ranges
of 𝜔𝑡 = 19, 200 − 21, 000 cm−1 (S2 GSB, for both detergent and membrane) and
17, 500 − 18, 700 cm−1 (S1 ESA, detergent)/17, 700 − 18, 900 cm−1 (S1 ESA, mem-
brane) were used.
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Table 4.1: Fitted parameters from fluorescence lifetime measurements.

Sample 𝐴1 (%)a 𝜏1 (ns)b 𝐴2 (%) 𝜏2 (ns) < 𝜏fl >c

Detergent − − 1.00 3.4 3.4
Nanodisc (asolectin) 0.09 0.3 0.91 3.1 2.8
Nanodisc (thylakoid lipids 1)d 0.10 0.3 0.90 3.1 2.8
Nanodisc (thylakoid lipids 2)d 0.10 0.3 0.90 3.1 2.8
a Normalized amplitude in percentage.
b Fitted time constant.
c Average fluorescence lifetime calculated by weighted average of the fitted com-

ponents.
d Thylakoid lipids 1: 62% DGDG, 17% SQDG, 21% PG, thylakoid lipids 2: 50%

MGDG, 27% DGDG, 12% SQDG and 11% PG.

Table 4.2: Fitted parameters from Car S2/S1 region of 2D spectra.

𝐴1
a 𝜏1 (fs)b 𝐴2 𝜏2 (fs)

Detergent Neo S2 0.42 115 ± 10 0.58 3,040 ± 300
Lut1 S2 0.32 110 ± 25 0.68 2,500 ± 270
Lut2 S2 0.56 80 ± 25 0.44 2,630 ± 570
Neo S1 -0.46 200 ± 50 0.54 10,000 ± 2,660
Lut1 S1 -0.36 160 ± 30 0.64 6,220 ± 1,080
Lut2 S1 -0.25 135 ± 27 0.75 7,100 ± 1,900

Nanodisc Neo S2 0.49 63 ± 8 0.51 1,255 ± 150
Lut1 S2 0.38 100 ± 20 0.62 1,458 ± 138
Lut2 S2 0.50 88 ± 17 0.50 2,600 ± 550
Neo S1 -0.49 130 ± 33 0.51 4,620 ± 1,000
Lut1 S1 -0.42 110 ± 25 0.58 2,900 ± 600
Lut2 S1 -0.30 125 ± 25 0.70 7,150 ± 1,860

a Normalized amplitude in percentage. Negative amplitude indicates expo-
nential rise.

b Fitted time constant with 90% confidence interval.
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Figure 4-17: S1 energy shift of the Cars. Projection of the 2D spectra at 𝑇 = 500
fs onto the 𝜔𝑡 axis for 𝜔𝜏 ranges indicated inside each figure on the left column, which
are the excitation frequencies for (A) Neo, (B) Lut1, and (C) Lut2, respectively.
Right column shows a closer view of the ESA, where both traces are normalized to
the same scale. Gray and green traces correspond to LHCII in detergent and in
membrane discs, respectively.
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Figure 4-18: Vibrational cooling dynamics of the Cars. (A) is a replicate of
Figure 4-5F with guidelines (light gray) added to show the definition of the zero-
crossing frequency. (B) shows the evolution of the zero-crossing frequency over time
for the first 1,000 fs. Gray trace corresponds to detergent-solubilized and green to
disc-embedded sample, respectively.

Table 4.3: Fitted parameters from Chl Qy region of 2D spectra.

𝐴1
c 𝜏1 (fs)d 𝐴2 𝜏2 (fs)

Detergent 1 (Chl b Qy) 0.67 240 ± 20 0.33 2,950 ± 360
2 (Chl aH Qy) 0.33 168 ± 20 0.67 2,670 ± 350
3 (Chl aL Qy) − − 1.00 3,085 ± 400
4 (b → aH transfer) -0.48 80 ± 20 0.52 4,400 ± 600
5 (aH → aL transfer) -0.38 90 ± 23 0.62 9,550 ± 2,500
6 (b → aL transfer) -0.47 130 ± 20 0.53 8,300 ± 1,600
Chl SE a 0.39 350 ± 30 0.61 4,100 ± 450
Car S1 ESAb -0.33 300 ± 60 0.67 7,645 ± 500

Nanodisc 1 (Chl b Qy) 0.58 400 ± 35 0.42 2,970 ± 340
2 (Chl aH Qy) 0.33 165 ± 20 0.67 2,930 ± 420
3 (Chl aL Qy) 0.39 195 ± 30 0.61 2,600 ± 375
4 (b → aH transfer) -0.37 132 ± 22 0.63 4,900 ± 950
5 (aH → aL transfer) -0.40 105 ± 20 0.60 10,400 ± 2,500
6 (b → aL transfer) -0.38 225 ± 20 0.62 8,680 ± 1,300
Chl SE a 0.53 270 ± 20 0.47 3,270 ± 300
Car S1 ESAb -0.45 220 ± 50 0.55 3,810 ± 350

a Integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 14, 270 − 14, 670 cm−1.
b Integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 18, 200 − 18, 600 cm−1.
c Normalized amplitude in percentage. Negative amplitude indicates exponential

rise.
d Fitted time constant with 90% confidence interval.
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Figure 4-19: Frequency dependence of the low-energy Chl a decay. Waiting
time traces of terminal Chl a SE monitored as a function of (B) excitation frequency
(𝜔𝑡 fixed at 14, 370− 14, 570 cm−1) and (C) emission frequency (𝜔𝜏 fixed at 14, 950−
15, 050 cm−1). The peak positions at which the time traces are plotted are labeled
with color-coded open squares in (A), and indicated in (B) and (C). All traces are
normalized to the same scale, and vertically offset for clarity. Only detergent data
are shown, but the same trends were observed in nanodiscs. (D) Overlay of the
steady-state fluorescence spectrum of LHCII with the probe ranges shown in (C).

Figure 4-20: Waiting time traces of Chl a ESA. Waiting time traces of ESA
monitored as a function of (B) excitation frequency (𝜔𝑡 fixed at 18, 300−18, 500 cm−1)
and (C) emission frequency (𝜔𝜏 fixed at 14, 780 − 14, 850 cm−1). The peak positions
at which the time traces are plotted are labeled with color-coded open squares in (A).
All traces are normalized to the same scale, and vertically offset for clarity. Only
detergent data are shown, but the same trends were observed in nanodiscs.
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Chapter 5

Impact of Zeaxanthin on the

Dissipative Photophysics of

Light-Harvesting Complex II in the

Membrane Nanodisc Environment

Adapted from: Son, M., Pinnola, A. & Schlau-Cohen, G. S. "Zeaxanthin Indepen-

dence of Photophysics in Light-Harvesting Complex II in a Membrane Environment",

Biochim. Biophys. Acta − Bioenerg. 1861, 148115 (2020).

5.1 Chapter Summary

This chapter describes the investigation of zeaxanthin (Zea)- and pH dependence of

dissipative photophysical pathways in light-harvesting complex II (LHCII), two of

the molecular parameters known to be responsible for the induction of photoprotec-

tive dissipation. Photoprotective dissipation in green plants is activated by a drop in

the luminal pH of the plant thylakoid membrane. This reduction in pH triggers (1)

conformational changes of the antenna complexes, which activate quenching chan-

nels and (2) de-epoxidation of violaxanthin (Vio) into Zea. Therefore, the amplitude

of non-photochemical quenching (NPQ) in vivo has been shown to increase in the
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presence of Zea and at low pH. In vitro studies on LHCII compared different solubi-

lization environments, which give rise to different levels of quenching and so partially

mimic NPQ in vivo. However, in these studies both completely Zea-independent and

Zea-dependent quenching have been reported, potentially due to the multiplicity of

solubilization environments. In this chapter, I characterize the Zea dependence of the

photophysics in LHCII in the membrane environment by incorporating dark-adapted

(Vio-binding) and in vitro de-epoxidized (Zea-binding) forms of LHCII into nanodiscs,

representative of the low-light and high-light conditions in vivo, respectively. Using

ultrabroadband two-dimensional electronic spectroscopy (2DES) and building on the

ultrafast dissipative pathways identified in Chapter 4, I compare the amplitude and

timescales of dissipative photophysics in these two systems, in particular the chloro-

phyll (Chl)-to-carotenoid (Car) energy transfer pathway. To mimic the acidification

of the plant thylakoid membrane under high light conditions, pH dependence of the

photophysics was also examined. The data reveal that the amplitude of quenching

as well as the dissipative photophysics are unaffected by Zea or pH at the level of

individual LHCIIs, suggesting that Zea-dependent quenching is independent of the

membrane-activated quenching channels identified in Chapter 4. Furthermore, the

results presented here demonstrate that additional factors beyond Zea accumulation

in LHCII are required for full development of NPQ.

5.2 Introduction

The light-harvesting apparatus of photosystem II in green plants consists of a dense

array of pigment-binding membrane proteins called antenna complexes. The antenna

complexes capture solar energy and deliver the absorbed energy to the reaction center,

where charge separation occurs [4, 5]. Under high-light (i.e., sunny) conditions, the

rate of light absorption exceeds the capacity of the reaction center, which can lead

to photooxidative damage via the production of deleterious photoproducts such as

singlet oxygen [104, 105]. To prevent damage, the light-harvesting apparatus has

evolved a dynamic feedback system in which the antenna complexes rapidly and
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reversibly interconvert between a light-harvesting and a quenched state. In the latter,

excess energy is dissipated as heat, a process known as NPQ [69, 106, 107]. Extensive

in vivo measurements have established the existence of NPQ and demonstrated that it

is critical for fitness. However, in vitro measurements of NPQ have yielded conflicting

results, and thus have been unable to identify the photophysical mechanisms.

NPQ is known to be activated by the buildup of a proton gradient (∆pH) across

the thylakoid membrane from acidification of the lumen under high-light conditions

[106, 117]. The ∆pH induces (1) conformational changes of the antenna complexes

into a quenched form, mediated by a non-pigment-binding pH sensor protein, pho-

tosystem II subunit S (PsbS) [125–130] and (2) activation of the xanthophyll cycle,

where Vio is reversibly de-epoxidized to Zea by violaxanthin de-epoxidase (VDE)

[109, 110, 286]. Therefore, the presence of Zea and low pH are implicated as two of

the factors that activate NPQ in vivo. While these two factors have been identified,

whether they primarily impact function at the level of individual antenna complexes

or via mediating changes to protein-protein interactions remains unclear.

The contribution of Zea to NPQ has been confirmed with studies showing a correla-

tion between Zea content and the extent of NPQ in vivo [112, 113]. To disentangle its

contribution, in vitro measurements on isolated antenna complexes with and without

Zea have been performed, focusing on LHCII, the major antenna complex in plants.

Each monomeric subunit of the trimeric LHCII complex has a binding site for the

xanthophyll cycle Car (V1). This binding site is located at the monomer-monomer

interface (Figure 5-1A) [17]. In contrast to the in vivo results, in vitro measurements

on LHCII reported a negligible dependence of NPQ on Zea, leaving the amplitude

and mechanisms of Zea-dependent quenching, if any, undetermined at the level of

individual antenna complexes [134, 232, 287, 288].

One challenge in comparing in vivo and in vitro results is the multiplicity of the

solubilization environments used to accommodate the membrane-bound antenna com-

plexes, which introduce different levels of quenching [143, 149]. Antenna complexes

solubilized in detergent are considered to be in the fully unquenched state. However,

detergent environments can induce non-native conformational changes [40, 143], and
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thus may not represent the true in vivo state of the protein. Aggregation of the an-

tenna complexes in low levels of detergent produces a quenched state, which has been

commonly used to mimic the quenched conformation of the protein [253]. However,

it has not been determined whether the conformation and dissipative pathways that

result from aggregation are the physiological ones. Experiments have demonstrated

that incorporating LHCII alone into a near-physiological membrane environment pro-

duces a partially quenched state [146, 147, 289, 290]. Whether the quenching that

emerges in the membrane depends on Zea has not been measured, because previous

measurements were limited to detergent-solubilized antenna complexes. This limita-

tion, and the resultant conflicting results on the Zea dependence of NPQ, necessitate a

careful characterization of the Zea dependence while maintaining a near-physiological

membrane environment.

In this work, I characterize how the presence of Zea impacts the photophysics

and amplitude of dissipation in an individual LHCII embedded in a nanodisc. Nan-

odiscs containing a dark-adapted, Vio-binding LHCII (LHCII-Vio) and an in vitro

de-epoxidized, Zea-binding LHCII (LHCII-Zea) were assembled. The conformation

and photophysics of LHCII-Vio and LHCII-Zea were compared at two different pH

levels that mimic the low-light and high-light conditions using steady-state and time-

resolved absorption and fluorescence spectroscopies. The data reveal no differences

in the conformation or the photophysics between LHCII-Vio and LHCII-Zea, indicat-

ing that the dissipative pathways enhanced in the membrane are different from the

Zea-dependent ones observed in vivo. These observations suggest that accumulation

of Zea is not sufficient for pH-activated quenching at the level of individual LHCIIs

even in the membrane, and that protein-protein interactions are likely required for

activation of NPQ.
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Figure 5-1: Structure and absorption properties of LHCII-Vio and LHCII-
Zea in membrane nanodisc. (A) Cartoon illustration of the membrane nanodisc
with an LHCII trimer inserted. A detailed view of a monomeric subunit (dashed oval)
is shown on the right. The Vio/Zea-binding site V1 is highlighted in orange, and the
other Car-binding sites are displayed in light pink. N1, L1, L2 are the binding sites
for neoxanthin (Neo) and luteins (Lut1 and Lut2), respectively. The protein scaffold
and Chls (without phytol tails) are displayed in gray and light green. (B) Linear
absorption (normalized at 675 nm, top) and difference absorption spectra (bottom)
of LHCII-Vio (orange) and LHCII-Zea (blue, dashed) in the membrane nanodisc,
pH 7.5. The difference spectrum is obtained by subtracting the normalized LHCII-
Vio absorption spectrum from that of LHCII-Zea. For comparison, the difference
absorption spectrum measured in detergent is displayed in gray. Stick plots indicate
the absorption wavelength of the S2 (0−0) state of Vio and Zea. (C) CD spectra of
LHCII-Vio (orange) and LHCII-Zea (blue, dashed) in the membrane nanodisc, pH
7.5. Both spectra are normalized to their respective absorbance at 675 nm.
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5.3 Zeaxanthin Independence of Steady-State Spec-

tra and Fluorescence Lifetime

Figure 5-1B shows the linear absorption spectra of LHCII-Vio and LHCII-Zea in the

membrane nanodisc environment. Comparison of the spectra reveals subtle changes in

peak position and intensity, predominantly in the Car S2 absorption range (400−500

nm). The vibronic pattern at 440, 468, and 500 nm with an energy spacing of ∼1370

cm−1 observed in the difference absorption spectrum is consistent with the vibronic

structure of Zea [232, 291]. This vibronic progression is also observed in the dif-

ference absorption spectrum in detergent, verifying that the weakly-binding Zea is

retained during membrane insertion. The Zea S2 (0−0) absorption red-shifts by 15

nm (600 cm−1) from that of Vio due to an increase in the conjugation length upon de-

epoxidation [49]. The Chl Qy absorption range (630−700 nm) exhibits minor changes

that likely originate from Chls a613 and a614, which are the Chls that most strongly

couple to the Car bound to the V1 site [262]. Difference absorption spectra between

detergent and the membrane environment were also calculated for LHCII-Vio and

LHCII-Zea (Figure 5-2). The overall shape and intensity of the difference spectra,

regardless of the xanthophyll cycle Car, are nearly identical, suggesting that the elec-

tronic structures of Vio and Zea exhibit comparable sensitivity to the membrane

environment.

Circular dichroism (CD) spectra were measured to examine the spatial arrange-

ment and interactions of the pigments in LHCII-Vio and LHCII-Zea in the membrane

environment [143]. Comparison of the CD spectra of LHCII-Vio and LHCII-Zea in

the membrane reveals negligible differences, suggesting that the conformation of the

xanthophyll cycle Car is preserved during (de-)epoxidation (Figure 5-1C). Only minor

changes in the CD intensity were observed in the 400−500 nm range, which have been

observed in detergent-solubilized LHCII and attributed to simply reflect the change

in the Car composition (Figure 5-9) [232, 287]. My results measured in membrane

nanodiscs show that this trend persists in the membrane, indicating that Zea is unable

to directly induce the conformational change of LHCII that activates NPQ.
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Figure 5-2: Comparison of the absorption spectra of LHCII-Vio and LHCII-
Zea in detergent and membrane nanodisc environments. (A) Difference be-
tween LHCII-Vio and LHCII-Zea in both environments. (B) Difference between the
detergent and membrane environments for LHCII-Vio and LHCII-Zea. All spectra
are plotted as the mean (solid lines) ± std. dev. (shaded area) from five independent
measurements.

Comparative analysis of the CD spectra of LHCII in detergent and in nanodiscs re-

vealed distinct changes in the shape and intensity of Neo and Lut1 CD signals upon

membrane insertion, as discussed in detail in Chapter 4 [289]. These membrane-

induced changes in CD from Neo and Lut1 are preserved in both LHCII-Vio and

LHCII-Zea. However, neither Vio nor Zea causes changes to the CD spectrum upon

membrane incorporation, suggesting that the above-mentioned membrane-induced

conformational changes are independent of the xanthophyll cycle Car. This stark

contrast in the conformational behaviors between Neo/Lut1 and the xanthophyll cy-

cle Car is likely associated with the location and geometry of their binding sites. The

binding sites of Neo and Lut1, N1 and L1, are located on the periphery of the LHCII

trimer, which allows them to easily undergo large structural motions by increasing

their contact with the lipid bilayer [28]. In fact, part of the polyene chains of Neo

and Lut1 protrude out of the protein matrix into the membrane [17]. On the other

hand, while peripheral, the Vio/Zea-binding site V1 is located at the interface of
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Figure 5-3: Comparison of the fluorescence decay profiles. Normalized flu-
orescence decay profiles of LHCII-Vio (left column) and LHCII-Zea (right column)
in both environments at pH 7.5 (top row) and pH 5 (bottom row). The instrument
response function (IRF) and the fit curves are shown as gray dashed lines and black
(detergent)/green solid lines (nanodisc).

the monomeric subunits of LHCII. Although exposed to the membrane along one

side (Figure 5-1A), this binding pocket likely results in reduced structural flexibility

for the embedded xanthophyll cycle Car due to the steric restrictions from the sur-

rounding protein matrix in both lateral directions. Furthermore, the V1 binding site

possesses a dramatically decreased tilt angle with respect to the membrane normal

(34∘) compared to that of Neo (58∘) and Lut1 (59∘) [17]. The reduced tilt angle

makes it unlikely for the polyene chain of the Car in this site to protrude towards the

membrane, unlike in the case of Neo and Lut1.

The steady-state fluorescence spectra of LHCII-Vio and LHCII-Zea exhibit iden-

tical profiles, and the relative fluorescence quantum yield (Φfl) is the same for both

LHCII-Vio and LHCII-Zea in the membrane, where the 13(±4)% reduction in Φfl

relative to that in detergent is due to the introduction of the membrane environ-

ment (Figure 5-10) [289]. Furthermore, the fluorescence decay profiles are identical,
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Figure 5-4: Absorption and fluorescence of LHCII-Vio and LHCII-Zea nan-
odiscs measured at neutral and acidic pH. (A) Linear absorption spectra (nor-
malized to the 675 nm peak, pH 5 data shown in dashed lines) and (B) normalized
fluorescence decay traces of LHCII-Vio (left) and LHCII-Zea (right) in nanodiscs,
measured at pH 7.5 (LHCII-Vio: orange, LHCII-Zea: blue) and pH 5 (LHCII-Vio:
yellow, LHCII-Zea: light blue).

both with an average fluorescence lifetime (< 𝜏fl >) of 2.8 ns (Figure 5-3 and Ta-

ble 5.1). The absence of further fluorescence quenching in LHCII-Zea as compared

to in LHCII-Vio indicates that Zea is able to neither open up additional quenching

sites nor induce conformational changes in LHCII that enhance quenching even in the

membrane environment.

5.4 pH Independence of Steady-State Spectra and

Fluorescence Lifetime

To mimic the acidification of the thylakoid lumen in vivo under excess light, the

steady-state absorption and fluorescence spectra as well as time-resolved fluorescence

were measured at pH 5, close to the optimal pH for VDE activity [110]. However, none
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of the data in LHCII-Vio nor in LHCII-Zea was affected by the reduction in pH (Figure

5-4). These observations indicate that the presence of neither Zea nor low pH is

sufficient to activate quenching in LHCII even in a membrane environment. Based on

these results, it is inferred that the site of Zea-dependent quenching observed in vivo

either is not located within an individual LHCII or requires additional interactions,

likely with neighboring proteins, to activate these photophysics.

The pH independence of quenching in LHCII with and without Zea was observed

previously for isolated LHCIIs in detergent micelles, at detergent concentrations

above the critical micelle concentration (CMC) [287, 288]. In contrast, pH-dependent

quenching was observed at detergent concentrations below the CMC, where LHCII ag-

gregates start to form [123]. The pH dependence gradually increased with decreasing

detergent concentration, i.e., with increasing extent of LHCII aggregation. It is possi-

ble that protein-protein interactions among the large number of antenna complexes in

vivo lead to similar pH-dependent behaviors of quenching as those observed in LHCII

aggregates in vitro. Indeed, previous in vivo work suggested that the presence of Zea

both promotes aggregation of LHCIIs, thereby increasing the magnitude of protein-

protein interactions, and also enhances pH-dependent quenching, likely through the

induced aggregation as observed in vitro [118, 126, 292]. In contrast, membrane-

induced quenching appears even for a single trimeric LHCII [289], and therefore does

not require protein-protein interactions. This explains the absence of pH dependence

observed for both LHCII-Vio and LHCII-Zea in the membrane nanodisc environment,

which does not include protein-protein interactions, and implies that the quenching

channel activated by the membrane is distinct from the Zea-dependent one observed

in vivo.

The observed pH independence of quenching in LHCII-Vio and LHCII-Zea is po-

tentially due to the absence of PsbS, which is thought to contribute to NPQ in vivo

as a sensor for low pH conditions [107]. Although Zea- and pH dependence have not

yet been investigated simultaneously, two recent in vitro studies on proteoliposomes

containing both LHCII and PsbS found Zea-dependent, but pH-independent quench-

ing [129, 293], suggesting that Zea and PsbS may act synergistically for full activation
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of NPQ.

5.5 Zeaxanthin Independence of Ultrafast Dissipa-

tive Pathways

Ultrabroadband 2DES was employed to map out ultrafast dissipative dynamics of

LHCII-Vio and LHCII-Zea in the nanodisc environment. 2D spectra were measured

only at neutral pH (pH 7.5) given the pH independence of photophysics as discussed

above in Sections 5.3 and 5.4.

5.5.1 Relaxation of Carotenoid Excited States

Figure 5-5A shows the high-energy region of the ultrabroadband 2D spectra, where

the bright S2 states of the Cars are predominantly photoexcited. Because the four

Cars bound to LHCII absorb at slightly different energies, it is possible to distinguish

the photophysical pathways originating from each Car by probing different regions of

the excitation frequency axis [67]. The positive and negative features of this region

correspond to the ground-state bleach (GSB)/stimulated emission (SE) of the Car S2

and excited-state absorption (ESA) of the dark S1 state. Following photoexcitation

into the S2 state, the Car excited state relaxes via two competing pathways on a sub-

200 fs timescale: internal conversion to the S1 state and energy transfer to lower-lying

Chl Q states [49, 67, 75]. The S2 → S1 internal conversion is followed by a dissipative

non-radiative relaxation of S1 to the ground state within tens of picoseconds [49].

Figure 5-5B shows the comparison of the relative intensity of S1 ESA in LHCII-

Vio and LHCII-Zea, obtained by normalizing the integrated 2D intensity of the S1

ESA region to the initial integrated 2D intensity of S2 GSB/SE (𝑇 = 30 fs). The

relative S1 intensity reports on the efficiency of the S2 → S1 internal conversion. The

relative S1 intensity of LHCII-Vio and LHCII-Zea is within error, with differences less

than 10% throughout the entire range of waiting times probed. This indicates that

the amplitude and timescale of internal conversion are independent of the xanthophyll
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Figure 5-5: Comparison of the 2D spectra and Car relaxation dynamics
in the Car S2/S1 region. (A) Normalized absorptive 2D spectra of LHCII-Vio
(left) and LHCII-Zea (right) in the membrane in the Car S2/S1 region at 𝑇 = 400 fs.
Stick plots indicate the S2 energy level of each Car. (B) Ratio of S1 ESA intensity
to S2 GSB/SE intensity in LHCII-Vio (orange) and in LHCII-Zea (blue) plotted as
a function of waiting time. The frequency range over which the 2D intensity was
integrated is shown in (A) with white dashed boxes. 𝑇 = 0 − 50 fs range is not
included due to pulse overlap effects. (C) Normalized fitted waiting time traces of
the S2 GSB/SE (left; 𝜔𝜏 = 20,000 cm−1, 𝜔𝑡 = 19,800 cm−1) and S1 ESA (right; 𝜔𝜏 =
20,000 cm−1, 𝜔𝑡 = 18,650 cm−1) peaks labeled in (A). Fit curves are shown in black.
All traces in (B) and (C) are plotted as the mean (solid lines) ± std. dev. (shaded
area) of three independent measurements.
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cycle Car, consistent with the identical magnitude of fluorescence quenching observed

for both systems. The invariance in dynamics is confirmed by comparing a narrow

frequency region around the S2 energy of Zea, as shown in the waiting time traces in

Figure 5-5C. The minor differences in the long, picosecond component likely originate

from the different S1 lifetime between Zea, which is only present in LHCII-Zea, and

the other Cars [294]. The similarity in dynamics could be due to either (1) intrinsic

similarity in the internal conversion timescales of the Cars, all within 110−163 fs [294]

or (2) an inability to resolve the contribution exclusively from Vio or Zea from that of

the close-lying Neo and Lut transitions due to their sub-stoichiometric amount within

LHCII (see Appendix A, Table A.1).

5.5.2 Relaxation of Chlorophyll Excited States

Figure 5-6A shows the regions of the ultrabroadband 2D spectra that map out the

energy transfer pathways of the Qy states of the Chls. On the diagonal, two positive

peaks appear at the energies of Chl 𝑏 Qy and Chl 𝑎 Qy.

The Chl 𝑎 Qy peak is elongated due to the existence of higher-energy (𝑎H) and

lower-energy pools (𝑎L) of Chl 𝑎, in agreement with previous 2D results [90, 94, 289].

A positive cross peak initially grows in on a 130−215 fs timescale at the intersection

of Chl 𝑏 excitation energy and Chl 𝑎 emission energy due to energy transfer from the

Chl 𝑏 to the Chl 𝑎 pools [90, 92, 94, 295]. The temporal evolution of this cross peak

is identical for LHCII-Vio and LHCII-Zea in the membrane. Consistently, the Chl

𝑏 diagonal peak shows identical decay profiles between LHCII-Vio and LHCII-Zea,

which primarily decays via energy transfer to the Chl 𝑎. Furthermore, the relaxation

dynamics of the Chl 𝑎 diagonal peaks are found to be the same in LHCII-Vio and

LHCII-Zea. These observations indicate that the relaxation dynamics of the Chls

are unaffected by the binding of Vio or Zea. Similar trends have been observed in

a transient absorption study for dark-adapted and in vitro de-epoxidized LHCII in

detergent micelles, where the ESA of the Chls was probed and no difference in the

relaxation dynamics was detected [138].
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Figure 5-6: Comparison of the 2D spectra and energy transfer dynamics
in the Chl Qy region. (A) Normalized absorptive 2D spectra of LHCII-Vio (left)
and LHCII-Zea (right) in the membrane in the Chl Qy region at 𝑇 = 400 fs. Stick
plots label the energy levels of the Chl 𝑏 and Chl 𝑎 Qy states and Car S1 ESA. (B,
C) Normalized waiting time traces of the peaks labeled in (A), shown for the first
1,500 fs. The traces are plotted as the mean (LHCII-Vio in orange, LHCII-Zea in
blue lines) ± std. dev. (shaded area) of three independent measurements, and the fit
curves are shown as black lines. (𝜔𝜏 , 𝜔𝑡) = (14,925, 14,450) (B), (14,925, 18,400) (C,
in cm−1).
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5.5.3 Dissipative Energy Transfer from the Terminal Chloro-

phyll a Locus to the Carotenoid S1 State

The low-energy Chl 𝑎 pool (𝑎L), the so-called terminal Chl 𝑎 locus (Chls 𝑎610, 𝑎611,

and 𝑎612), forms the emissive state of the LHCII complex [263, 268]. This pigment

locus is one of the proposed sites of NPQ via a dissipative pathway involving energy

or charge transfer between the Chls and the dark S1 of the Cars followed by non-

radiative relaxation of the Car S1 state [122, 136, 137]. In my previous investigation

of LHCII-Vio in the membrane (Chapter 4), correlated decay of the terminal Chl SE

and rise of the Car S1 ESA were revealed upon excitation of the terminal Chls, and

assigned to Chl → Car energy transfer [289]. Here, the presence and Zea dependence

of this dissipative energy transfer pathway were examined by comparing the temporal

evolution of the terminal Chl a and Car S1 populations.

Correlated decay and rise components, consistent with those observed for LHCII-

Vio in Chapter 4, were also present in LHCII-Zea. As shown in the waiting time traces

for the Chl SE and Car S1 ESA (Figure 5-6B, C), the amplitude and dynamics of

this energy transfer pathway are identical between LHCII-Vio and LHCII-Zea with

a time constant of 235−260 fs. Lut1 is the Car that most strongly interacts with

the terminal Chls, and so likely mediates this energy transfer pathway [122]. In

contrast, the xanthophyll cycle Cars exhibit negligible interactions with the terminal

Chls primarily due to the large distance between them (center-to-center distances to

the terminal Chls: 17.5−29.0 Å from Vio/Zea; 6.3−14.4 Å from Lut1) [17, 262, 278],

and thus are unlikely to contribute to this dissipative pathway.

5.6 Models for Zeaxanthin-Dependent Quenching

The mechanism of Zea-dependent NPQ in LHCII is widely debated with four current

models. The four models are: (1) direct quenching of the Chl 𝑎 excited states by low-

ering of the Car excited-state energy level due to the increased conjugation length of

Zea relative to Vio, known as the molecular gear shift model [131]; indirect, allosteric
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activation of quenching via (2) increasing the proton affinity of the antenna complex

or (3) facilitating its conformational change into a quenched form that resembles the

conformation of LHCIIs in aggregated state [109, 113, 296]; and (4) absence of a direct

or indirect role in quenching without additional factors such as PsbS [121, 125]. All

of the data presented here reveal that the presence of Zea alone is not sufficient for

the induction of NPQ in LHCII, even in the near-physiological membrane nanodisc

environment, consistent with only the last model listed above.

The molecular gear shift model (1) predicts a reversal in the directionality of

Chl Qy → Car S1 energy transfer with the xanthophyll cycle. This model relies on

the assumption that the S1 energy of Vio is energetically higher than the Chl Qy

energy, whereas the S1 energy of Zea is lower. Thus, when Vio is present, energy

is expected to transfer from the Car S1 to the Chls, whereas when Zea is present,

the Chls are expected to donate energy to the Car S1 state. It is revealed from

the 2DES measurements that the Chl Qy → Car S1 energy transfer dynamics are

independent of the xanthophyll cycle Car composition, in contrast with the picture

provided by the molecular gear shift model, disproving this proposal. The 2D data

exclusively reveal Chl → Car energy transfer, and not the reverse pathway, in both

LHCII-Vio and LHCII-Zea, strongly indicating that the S1 states of both Vio and Zea

are energetically below the Chl 𝑎 Qy state. This is in agreement with the negligible

difference in the S1 energies of Vio and Zea reported earlier [297]. Furthermore,

the similarity of both the amplitude and timescale of the Chl Qy → Car S1 energy

transfer for LHCII-Vio and LHCII-Zea highlights the absence of any Zea dependence

in the dissipative photophysics. Even if the Car S1 ESA rise shown in Figure 5-6C

predominantly arises from Lut1 as speculated above, according to the molecular gear

shift model the amplitude and/or the rate of the rise should increase for LHCII-Zea

compared to LHCII-Vio, which is not observed.

The proton affinity model (2) predicts a change in the pH dependence of the pho-

tophysics. For both LHCII-Vio and LHCII-Zea, no pH dependence was observed in

the steady-state absorption, steady-state fluorescence, or time-resolved fluorescence,

indicating that the proton affinity of individual LHCIIs is unaffected by Zea in the
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nanodisc membrane environment. Moreover, the identical decay kinetics of the Chl

fluorescence between the two samples show that, even if the proton affinity of LHCII

changes upon Zea binding, there is no resultant change in the quenching at the level

of individual LHCIIs, in contrast to the prediction from model (2). However, addi-

tional factors, such as the protein-protein interactions discussed earlier or complex

lipid mixtures, are present in the native plant thylakoids but absent in the nanodisc

platform, and thus may change the proton affinity in vivo.

The conformational change model (3) would lead to a difference in the CD spectra

between LHCII-Vio and LHCII-Zea, because this measurement is a sensitive reporter

on structure. The similarity of the spectra between the two samples indicates that

there is no significant conformational change in LHCII in the presence of Zea, even

without perturbative effects from detergent, inconsistent with model (3).

The inconsistencies between models (1)−(3) summarized above and the Zea-

independent quenching observed here lead to a conclusion that additional factors

beyond Zea incorporation and drop in pH, likely external to LHCII, are required for

the induction of Zea-dependent NPQ in LHCII. Protein-protein interactions between

LHCII and PsbS or between LHCIIs are two such factors. In the case of LHCII and

PsbS, the protein-protein interactions are thought to induce conformational changes

in the LHCII, which may be Zea-dependent [121, 129, 293]. Indeed, previous work

on proteoliposomes containing both LHCII and PsbS revealed an enhancement of

quenching in the presence of Zea, although the molecular-level details of the quench-

ing mechanism were not identified [129]. In the case of multiple LHCIIs, previous

work showed that the binding of Zea enhances aggregation of LHCIIs, which results

in changes in the conformations of LHCII [126, 292]. The Zea dependence of LHCII

aggregation was explained by the different hydrophobicity (polarity) of Vio and Zea

[298]. In both cases, the protein-protein interactions are likely to take place at the pe-

riphery of the LHCII trimers, at the interface between adjacent LHCIIs. Because the

binding site of Vio/Zea is located at the periphery of LHCIIs, it is possible that this

site mediates the interaction of LHCII with neighboring proteins, which could explain

the seemingly contradictory observations of Zea independence of individual LHCIIs
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in the membrane and Zea dependence in vivo. As discussed earlier and reflected in

the CD spectra, the xanthophyll cycle Car is less likely to undergo conformational

changes itself by interacting with the external membrane. Therefore, it is speculated

that the mechanism of mediation is indirect, such as modulation of the local hydrogen

bonding network between adjacent LHCIIs [292].

5.7 Conclusion

In this work, I characterized the Zea dependence of the conformation and photo-

physics of LHCII in a near-native membrane environment. While the membrane

environment induces quenching in individual LHCIIs in both the presence and ab-

sence of Zea, the data reveal that the presence of Zea does not enhance this effect,

suggesting that Zea-dependent quenching is a separate channel. 2DES data on the

dissipative Chl → Car energy transfer show that the directionality and timescale of

this pathway are independent of the presence of Zea, requiring reevaluations of ex-

isting models predicting Zea-dependent dynamics of dissipation. Overall, the results

presented here demonstrate Zea-independent photophysics in LHCII at the level of

individual antenna complexes, thus highlighting that synergistic interactions with ex-

ternal members of photosystem II are likely required for the full development of NPQ

in LHCII.

5.8 Materials and Methods

5.8.1 Sample Preparation

Trimeric LHCII complexes were extracted from spinach leaves, purified and charac-

terized as detailed in Appendix A, Section A.1. The Vio-binding form, LHCII-Vio,

was obtained from dark-adapted plants. The Zea-binding form, LHCII-Zea, was pre-

pared by in vitro de-epoxidation of Vio in intact dark-adapted thylakoid membranes

(Appendix A, Section A.1.2). The presence of Zea was verified by analyzing the

pigment composition of the purified LHCII with high-performance liquid chromatog-
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raphy (HPLC, Figure A-1B and Table A.1). The detergent-solubilized sample at

neutral pH was prepared by thawing the purified LHCII aliquots stored at −80∘C

and adjusting the concentration in a 0.01 M HEPES, 0.02 M NaCl buffer solution

(pH 7.5) containing 0.03% n-dodecyl 𝛼-D-maltopyranoside (𝛼-DM). Low pH deter-

gent sample was prepared by solubilizing buffer exchanging the neutral pH LHCII

sample into 0.04 M MES, 0.02 M NaCl buffer (pH 5) containing 0.03% 𝛼-DM.

Membrane nanodiscs containing a single trimeric LHCII were prepared with LHCII-

Vio and LHCII-Zea as detailed in Appendix A, Section A.2, with MSP1E3D1 as the

membrane scaffold protein and soy asolectin lipid. Linear absorption spectra of the

purified nanodisc products confirmed that the weakly binding Vio or Zea was retained

during nanodisc reaction. All nanodisc assembly reactions were performed at neutral

pH (pH 7.5), and low pH samples were prepared by buffer exchanging the nanodiscs

assembled at neutral pH into 0.04 M MES, 0.15 M NaCl buffer (pH 5). The final

optical density (OD) of all samples used for 2DES was 0.18 and 0.1 (per 0.5 mm) at

the Chl a Qy peak (675 nm), for the dataset obtained with spectrum 1 and spectrum

2, respectively.

5.8.2 Steady-State Spectroscopy

Linear absorption and steady-state fluorescence spectra were measured with a Cary

5000 spectrophotometer and a Cary Eclipse fluorimeter (Agilent), respectively, in 1

cm pathlength quartz cuvettes. For fluorescence measurements, the OD of the sample

at the excitation wavelength was kept at 0.05− 0.07 per cm to ensure absence of any

reabsorption effect. Excitation wavelengths of 436, 600, and 640 nm were used, and

no excitation wavelength dependence was found in the fluorescence spectra. Relative

fluorescence quantum yield of LHCII in nanodiscs compared to LHCII in detergent

was calculated by comparing the integrated area of the fluorescence spectrum normal-

ized by the OD at the excitation wavelength (630 nm). CD spectra were measured

at 10∘C on a Jasco J-1500 spectropolarimeter, in a 1 mm pathlength quartz cuvette.

The OD of the sample was 0.2 per mm at 670 nm.
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5.8.3 Fluorescence Lifetime Measurement

The fluorescence lifetime of LHCII was measured with TCSPC as described in detail

in Chapter 4, Section 4.10.3. Identical excitation and emission filters to those used

in Chapter 4 were used (Figure 4-10). A 0.5 mm pathlength flow quartz cuvette

was used, and the sample solution was continuously flowed with a peristaltic pump

during measurement to prevent sample photodegradation and thermal lensing effect.

To prevent reabsorption effect, the OD of all samples at the excitation wavelength

range was kept under 0.1 per 0.5 mm. An excitation pulse energy of 10 fJ was

employed. Excitation power dependence was checked at three different excitation

powers (10 fJ, 30 fJ, and 100 fJ), and no singlet-singlet annihilation was observed.

5.8.4 Ultrabroadband Two-Dimensional Electronic Spectroscopy

A detailed description of the ultrabroadband 2DES setup is provided in Chapter 2

and in [226]. The spectral and temporal profiles of the laser pulses used in 2DES

were identical to those described in Chapter 4 (Section 4.10.5, Figure 4-11). A pulse

energy of 6.3 nJ was employed with a beam waist of 150 𝜇m at the sample position,

corresponding to an excitation density of 2.5 − 2.8 ×1013 photons per pulse per cm2,

reported to be in the linear regime for LHCII [94]. 𝜏 was sampled in 0.5 fs steps in the

range of 𝜏 = −200−200 fs. 𝑇 was incremented in steps of 20 fs for 𝑇 = −200−500 fs,

40 fs for 𝑇 = 540−980 fs, and 1 ps for 𝑇 = 1−10 ps. The sample was circulated in a 0.5

mm pathlength quartz flow cell with a peristaltic pump to prevent photodegradation

and repetitive excitation of the same spot. The sample reservoir was kept at 4∘C

throughout the measurement with a home-built water jacket cooling system. The

2DES measurements were performed only on the neutral pH samples (pH 7.5). Each

dataset was collected three times, on separate days with freshly prepared samples,

to ensure reproducibility of the data. The integrity of the sample was confirmed by

comparing the linear absorption spectra and fluorescence decay profiles before and

after collection of each dataset.
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5.8.5 Analysis of Two-Dimensional Spectra

Each waiting time trace reported here was generated by integrating the 2D signal

intensity over finite frequency intervals in both frequencies (100 cm−1 in 𝜔𝜏× 100 cm−1

in 𝜔𝑡, unless otherwise noted) around the center frequencies reported in each figure.

Time constants were extracted by fitting each waiting time trace to an exponential

function convolved with a Gaussian pulse with the time resolution (6.2 fs or 6.9 fs)

of the experiment.
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5.9 Supplementary Information

5.9.1 Characterization of the Nanodiscs

Figure 5-7 show the fast protein liquid chromatography (FPLC), sodium dodecyl sul-

fate polyacrylamide gel electrophoresis (SDS-PAGE) and transmission electron mi-

croscopy (TEM) characterization results of the LHCII nanodiscs produced with both

xanthophyll cycle Cars, Vio and Zea. As shown in the figure, all characterization data

appear identical regardless of the xanthophyll cycle Car. The presence of Vio or Zea

in LHCII after insertion into the membrane nanodiscs was confirmed by comparing

the linear absorption spectra of LHCII-Vio and LHCII-Zea nanodiscs, as illustrated

in Figure 5-1.

Figure 5-7: Characterization of LHCII-Vio and LHCII-Zea nanodiscs. (A)
Fast protein liquid chromatogram of empty (black) and loaded (orange: LHCII-Vio,
blue: LHCII-Zea) LHCII nanodisc. Shaded area indicates the fraction of loaded discs
that was stored for spectroscopic measurements. (B) SDS-PAGE (lane 1: protein
standard, lane 2: LHCII-Vio nanodisc, lane 3: LHCII-Zea nanodisc). Both the mem-
brane scaffold protein (MSP1E3D1, 32.6 kDa) and LHCII (25−27 kDa) bands are
identified. (C) Representative TEM image of the produced LHCII-Zea nanodiscs.
Scale bar is 50 nm. (D) Size distribution analyzed for 300 objects imaged with TEM,
showing a mean diameter (𝑑) of 13.5 nm (LHCII-Vio) and 13.4 nm (LHCII-Zea).
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5.9.2 Supplementary Figures and Tables

Figure 5-8: pH comparison of the linear absorption spectra of LHCII-Vio
and LHCII-Zea in detergent. (A) LHCII-Vio and (B) LHCII-Zea. pH 5 data are
shown in dashed lines. All spectra are normalized to the 675 nm peak.

Figure 5-9: CD spectra of LHCII-Vio and LHCII-Zea in detergent. Both
spectra are normalized to the sample OD at 675 nm. Both spectra were measured at
pH 7.5.
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Figure 5-10: Fluorescence spectra of LHCII-Vio and LHCII-Zea in detergent
and in membrane nanodiscs. (A) Normalized fluorescence spectra of LHCII-Vio
(left column) and LHCII-Zea (right column) in both environments at pH 7.5 (top
row) and pH 5 (bottom row). Spectra measured in detergent are shown in solid
gray lines, and those of nanodiscs are shown in dashed orange (LHCII-Vio) and
blue (LHCII-Zea) lines. Each spectrum is normalized to the fluorescence maximum.
(B) Fluorescence spectra in (A) normalized to the maximum fluorescence intensity
in detergent. Spectra measured in detergent are shown in solid gray (pH 7.5) and
dashed black (pH 5) lines. Spectra of LHCII-Vio nanodiscs are shown in orange solid
(pH 7.5) and dashed yellow (pH 5) lines, and those of LHCII-Zea nanodiscs are shown
in blue solid (pH 7.5) and light blue dashed (pH 5) lines.
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Table 5.1: Fluorescence quantum yields and fit parameters from fluores-
cence lifetime measurements.a

Environment pH Car Φfl (%)b 𝐴1 (%) 𝜏1 (ns) 𝐴2 (%) 𝜏2 (ns) < 𝜏fl >c

Detergent
7.5 Vio 100 100 3.40 ± 0.05 − − 3.40 ± 0.05

Zea 100 100 3.40 ± 0.04 − − 3.40 ± 0.04

5 Vio 100 100 3.39 ± 0.04 − − 3.39 ± 0.04
Zea 100 100 3.38 ± 0.05 − − 3.38 ± 0.05

Membrane
7.5 Vio 87 ± 3 10.0 ± 1.0 0.29 ± 0.02 90.0 ± 1.0 3.10 ± 0.06 2.82 ± 0.06

Zea 87 ± 3 9.7 ± 1.0 0.30 ± 0.02 90.3 ± 0.9 3.09 ± 0.07 2.82 ± 0.07

5 Vio 87 ± 4 9.8 ± 1.0 0.29 ± 0.03 90.2 ± 1.1 3.12 ± 0.06 2.84 ± 0.07
Zea 87 ± 4 10.2 ± 0.09 0.30 ± 0.03 89.8 ± 0.8 3.11 ± 0.05 2.83 ± 0.05

a Data are reported as mean ± std. dev. from five independent measurements.
b Relative fluorescence quantum yield for membrane disc samples calculated by comparing the inte-

grated area of the steady-state fluorescence spectrum in detergent and in the membrane normalized
to the OD at the excitation wavelength. The data are reported as mean ± std. dev. from five
measurements from five independent measurements.

c Amplitude-weighted average fluorescence lifetime (< 𝜏fl >=

∑︀
𝐴𝑛𝜏𝑛∑︀
𝐴𝑛

).

Figure 5-11: Waiting time traces in the Car S2/S1 region of the 2D spectra.
The 2D spectrum on the left (𝑇 = 400 fs) illustrates the pigment energy levels (stick
plots) and peak positions (open squares) labeled. The traces are plotted as the mean
(solid lines; LHCII-Vio in orange, LHCII-Zea in blue) ± std. dev. (shaded area) of
three measurements. Black lines are the fit curves. Center frequencies around which
the traces were generated are indicated in each panel. The waiting time traces of
peaks C and G are shown in Figure 5-5C.
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Table 5.2: Fit parameters from the Car region of the 2D spectra.a

𝐴1 (%) 𝜏1 (fs) 𝐴2 (%) 𝜏2 (fs)
LHCII-Vio A (Neo/Vio S2) 44 ± 6 120 ± 35 56 ± 6 1,860 ± 640

B (Lut1 S2) 40 ± 5 130 ± 20 60 ± 5 2,145 ± 520
C 40 ± 5 180 ± 19 60 ± 5 2,940 ± 480
D (Lut2 S2) 47 ± 5 140 ± 20 53 ± 5 3,220 ± 880
E (Neo/Vio S1 ESA) -46 ± 6 136 ± 20 54 ± 6 5,300 ± 1,700
F (Lut1 S1 ESA) -41 ± 5 115 ± 25 59 ± 5 3,800 ± 1,100
G -42 ± 4 100 ± 30 58 ± 4 6,280 ± 600
H (Lut2 S1 ESA) -36 ± 8 135 ± 20 64 ± 8 7,070 ± 1,100

LHCII-Zea A (Neo S2) 41 ± 6 130 ± 30 59 ± 6 1,910 ± 390
B (Lut1 S2) 38 ± 5 140 ± 25 62 ± 5 2,190 ± 510
C (Zea S2) 38 ± 4 165 ± 25 62 ± 4 2,580 ± 480
D (Lut2 S2) 46 ± 5 120 ± 20 54 ± 5 3,300 ± 650
E (Neo S1 ESA) -45 ± 6 134 ± 20 55 ± 6 4,920 ± 1,920
F (Lut1 S1 ESA) -40 ± 5 105 ± 25 60 ± 5 3,770 ± 780
G (Zea S1 ESA) -46 ± 4 100 ± 30 54 ± 4 4,630 ± 600
H (Lut2 S1 ESA) -38 ± 8 123 ± 25 62 ± 8 7,075 ± 1,100

a Each entry reports the 95% confidence interval from fitting to a biexponential func-
tion convolved with the pulse width of the 2DES measurement. 𝐴 and 𝜏 report the
normalized amplitude in percentage (negative amplitude indicates exponential rise)
and the fitted time constant for each component.
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Figure 5-12: Waiting time traces in the Chl Qy region of the 2D spectra.
The 2D spectrum on the left (𝑇 = 100 fs) illustrates the pigment energy levels (stick
plots) and peak positions (open squares) labeled. The traces are plotted as the mean
(solid lines; LHCII-Vio in orange, LHCII-Zea in blue) ± std. dev. (shaded area)
of three measurements. Black lines are the fit curves. Center frequencies around
which the traces were generated are indicated in each panel. The trace for Chl SE
is integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 14, 270 − 14, 670 cm−1.
The early-time Chl SE traces (𝑇 = 0 − 1, 500 fs) are shown in Figure 5-6B.

Figure 5-13: Waiting time traces of Car S1 ESA and Chl Qy ESA. (A) Car
ESA (integrated over 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 18, 200 − 18, 600 cm−1) and
(B) Chl ESA (integrated over 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 15, 500 − 16, 000
cm−1), plotted as the mean (solid lines; LHCII-Vio in orange, LHCII-Zea in blue) ±
std. dev. (shaded area) of three independent measurements.
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Table 5.3: Fit parameters from the Chl Qy region of the 2D spectra.a

𝐴1 (%) 𝜏1 (fs) 𝐴2 (%) 𝜏2 (fs)
LHCII-Vio 1 (Chl b Qy) 56 ± 5 378 ± 35 44 ± 5 3,300 ± 460

2 (Chl aH Qy) 32 ± 3 165 ± 20 68 ± 3 3,070 ± 550
3 (Chl aL Qy) 32 ± 3 185 ± 45 68 ± 3 3,500 ± 400
4 (b → aH transfer) -44 ± 5 130 ± 20 56 ± 5 7,800 ± 1,100
5 (b → aL transfer) -36 ± 4 214 ± 20 64 ± 4 8,820 ± 1,700
Chl SE b 49 ± 5 255 ± 30 51 ± 5 4,300 ± 1,200
Car S1 ESAc -42 ± 7 238 ± 20 58 ± 7 4,730 ± 850
Chl ESAd 44 ± 3 290 ± 30 56 ± 3 4,270 ± 1,400

LHCII-Zea 1 (Chl b Qy) 58 ± 4 390 ± 40 42 ± 4 3,500 ± 440
2 (Chl aH Qy) 32 ± 3 168 ± 25 68 ± 3 3,130 ± 420
3 (Chl aL Qy) 37 ± 4 190 ± 30 63 ± 4 3,790 ± 475
4 (b → aH transfer) -41 ± 5 126 ± 26 59 ± 5 7,720 ± 1,290
5 (b → aL transfer) -34 ± 4 215 ± 20 66 ± 4 8,900 ± 1,020
Chl SE b 48 ± 5 260 ± 25 52 ± 5 4,240 ± 850
Car S1 ESAc -43 ± 6 235 ± 40 57 ± 6 4,650 ± 880
Chl ESAd 46 ± 4 283 ± 25 54 ± 4 4,675 ± 1,300

a Each entry reports the 95% confidence interval from fitting to a biexponential function
convolved with the pulse width of the 2DES measurement. 𝐴 and 𝜏 report the
normalized amplitude in percentage (negative amplitude indicates exponential rise)
and the fitted time constant for each component.

b Integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 14, 270 − 14, 670 cm−1.
c Integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 18, 200 − 18, 600 cm−1.
d Integrated over the area 𝜔𝜏 = 14, 775 − 15, 075 cm−1, 𝜔𝑡 = 15, 500 − 16, 000 cm−1.
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Chapter 6

Impact of Protein-Protein Interaction

on the Dissipative Photophysics of

Light-Harvesting Complex II in the

Membrane Nanodisc Environment

6.1 Chapter Summary

Non-photochemical quenching (NPQ), the photoprotective process in green plants, is

activated by a series of interrelated events: the buildup of a proton gradient (∆pH)

across the thylakoid membrane, accumulation of the xanthophyll cycle carotenoid

(Car) zeaxanthin (Zea), and conformational changes of the antenna complexes into a

quenched form. One of the proposed origins of the conformational changes is protein-

protein interactions between neighboring proteins of the array of antenna complexes

embedded in the thylakoid membrane. In vitro aggregates of light-harvesting com-

plex II (LHCII), the principal antenna complex in plants, have been widely employed

as a mimic of the native antenna arrays and revealed an induction of fluorescence

quenching. While the observed quenching of fluorescence shares similar characteris-

tics with that observed in vivo, the in vitro aggregates are a poor mimic of the native
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arrays mainly due to two limitations. First, they have a distinct morphology from

that of the native arrays, and so exhibit conformational changes that are likely not

relevant to the physiological ones that activate quenching in vivo. Second, it is not

possible to achieve homogeneous control of the aggregate size, and therefore the ex-

tent of protein-protein interaction, preventing systematic analysis of the dependence

of quenching on the extent of protein-protein interaction. The work described in

this chapter overcomes both limitations; I describe the extension of the membrane

nanodisc platform utilized in Chapters 4 and 5 to not only introduce but also system-

atically control protein-protein interactions between multiple LHCII complexes while

maintaining a near-physiological environment. Using nanodiscs co-reconstituting one

to four LHCIIs, I investigate how the magnitude and timescales of photoprotective

dissipation change as a function of protein-protein interaction with steady-state and

time-resolved absorption and fluorescence spectroscopies. Zea- and pH dependence of

the photophysics in the presence of protein-protein interactions are also investigated.

The data reveal that the extent of fluorescence quenching, i.e., dissipation, increases

with increased protein-protein interactions between LHCIIs. Furthermore, it is found

that protein-protein interaction switches on pH-dependent dissipative channels, but

has no impact on Zea dependence.

6.2 Introduction

The light-harvesting apparatus in the photosystem II (PSII) supercomplex of green

plants comprises a densely populated array of pigment-containing membrane proteins

termed antenna complexes. The antenna complex array is a dynamic system capa-

ble of tuning the balance between the light-harvesting and regulatory functionalities

to match physiological need. Under light-limited conditions, the antenna complexes

harvest the photoenergy from the sun and efficiently funnel it to the reaction center

to power growth [4, 5]. In the presence of excess radiation, the regulatory, or pho-

toprotective, mechanisms are activated, in which harmful excess energy is thermally

dissipated to prevent photooxidative damage, known as NPQ [106, 107].
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NPQ is activated by a series of changes to the proton affinity, pigment compo-

sition, and structural organization of the antenna complex array that are triggered

by exposure to high levels of sunlight [106]. The increased activity of the proton

pump under high-light conditions results in a reduction of pH on the lumen side

of the thylakoid, which forms a proton gradient (∆pH) across the thylakoid mem-

brane. The reduced pH of the lumen activates the xanthophyll cycle, the conversion

of violaxanthin (Vio) into Zea catalyzed by a pH-dependent enzyme, leading to a

change in the Car composition of the antenna complexes [109, 110, 286]. In parallel,

changes occur to the conformation of individual constituent antenna proteins as well

as the overall macro-organization of the antenna array. It is unclear whether these

structural changes are dependent on the changes in pH and Car composition or arise

independently.

A series of in vitro and in vivo studies identified several distinct structural alter-

ations that were proposed to be associated with the activation of dissipation. In vitro

investigations have largely been centered on LHCII accommodated in various envi-

ronments, ranging from lipid model membranes [143, 148, 289, 290, 299, 300] to solid-

state crystals [221] to detergent-free aqueous solutions, which induce self-aggregation

of LHCIIs [116–118, 122]. Conformational changes involving perturbations of two pe-

ripheral Cars, neoxanthin (Neo) and lutein 1 (Lut1) and the neighboring chlorophylls

(Chls) were identified and proposed to be related to the dissipative conformation of

LHCII in vivo. The peripheral locations of the pigment clusters involved led to the hy-

pothesis that dissipation is activated by the interaction of LHCII with the surrounding

local environment, whether that is with the lipid bilayer membrane (lipid-protein in-

teraction) or with adjacent LHCIIs (protein-protein interaction) in the case of LHCII

aggregates. In vivo characterizations of the macro-organization of PSII under high

light have consistently reported that a high light level induces LHCIIs to dissoci-

ate from the PSII supercomplex and form arrays amongst themselves, and proposed

that this light-induced array formation activates dissipation [115, 301]. The in vitro

LHCII aggregates mentioned above have been widely employed as a mimic of the

native LHCII arrays that form in high light, and exhibited Zea- and pH-dependent
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Figure 6-1: Introduction of protein-protein interaction into the membrane
nanodisc platform. Cartoon illustration of membrane nanodiscs (A) reconstituting
a single LHCII trimer (⟨𝑁LHCII⟩ = 1) and (B) co-reconstituting four LHCII com-
plexes (⟨𝑁LHCII⟩ = 4), thus representing near-physiological environments for LHCII
without and with protein-protein interaction, respectively. A detailed side view of a
monomeric subunit of LHCII is shown on the right, with the V1 binding site for the
xanthophyll cycle Car highlighted in orange.

quenching of fluorescence reminiscent of that observed in vivo [116–118, 122, 123, 253].

The extensive characterizations of in vitro LHCII aggregates and the similarities in

their photophysics to those in native LHCII arrays definitively established that there

is a correlation between protein-protein interaction and dissipation. However, neither

the structural or photophysical mechanism by which protein-protein interaction acti-

vates dissipation nor how the extent of dissipation scales with that of protein-protein

interaction has been determined, due to two major limitations of the in vitro aggre-

gates. First, the morphology of in vitro aggregates produced by detergent removal,

typically three-dimensional, is distinct from that of the two-dimensional LHCII ar-

rays found in vivo, preventing a direct comparison between the conformation and

photophysics of the aggregates and the physiological ones appearing in native arrays

[143, 149, 302, 303]. Second, the distribution of aggregate size, and in turn, the extent

of protein-protein interaction, is neither homogeneous nor systematically controllable,

and so it is impossible to elucidate the quantitative correlation between the extent of

protein-protein interaction and that of dissipation using in vitro aggregates.

In this work, I overcome both limitations by using a controllable and near-native

model membrane platform, known as a nanodisc. Nanodiscs are a discoidal lipid bi-

layer membrane embedding the membrane protein of interest, which is then encircled

by a membrane scaffold protein. The size and membrane protein content of nanodiscs

can be easily tuned by tuning the stoichiometry of the protein and lipid components
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[152, 153]. My previous works demonstrated the applicability of the nanodisc plat-

form to spectroscopic studies of dissipative photophysical pathways for a single, un-

aggregated LHCII complex [289, 299]. Here, a series of nanodiscs with systematically

varied LHCII content, from one to four LHCII complexes, are prepared, and their

photophysical properties are compared as a function of the extent of protein-protein

interaction (Figure 6-1). Along with the LHCII content, the xanthophyll cycle Car

(Vio vs. Zea) and pH (pH 7.5 vs. pH 5), the two established contributors for dissipa-

tion, are varied for interrogation of the Zea- and pH dependence of dissipation in the

presence of protein-protein interaction. Time-resolved fluorescence measurements re-

veal that protein-protein interaction enhances quenching of LHCII fluorescence, and

that the extent of quenching increases with increased protein-protein interaction. The

extent of quenching is dependent on pH but independent of Zea, suggesting that pH-

dependent and Zea-dependent quenching, implicated to be strongly correlated from in

vivo studies, may rather operate with independent mechanisms. Ultrabroadband two-

dimensional electronic spectroscopy (2DES) is utilized to uncover the timescale and

amplitude of ultrafast dissipative photophysics in these nanodiscs. Preliminary anal-

ysis of the 2D spectra reveals that the dissipative Chl-to-Car energy transfer pathway,

previously observed in single LHCIIs embedded in the nanodiscs (Chapters 4 and 5),

is enhanced in the presence of protein-protein interaction. It is also revealed that this

pathway is further enhanced at pH 5, consistent with the pH-dependent quenching

observed with time-resolved fluorescence.

6.3 Introduction of Protein-Protein Interaction into

the Nanodisc Platform

Membrane nanodiscs co-reconstituting one to four LHCII complexes were prepared by

systematically varying the stoichiometry of the assembly reaction (see Appendix A,

Section A.2 for details). Both the xanthophyll Car (Vio vs. Zea) and pH (pH 7.5 vs.

pH 5) were varied in order to investigate the Zea- and pH dependence of the photo-
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Figure 6-2: Characterizations of membrane nanodiscs co-reconstituting mul-
tiple LHCII proteins. (A) SDS-PAGE images of nanodiscs with ⟨𝑁LHCII⟩ = 1−4
prepared with LHCII-Vio and LHCII-Zea at pH 7.5 (top row) and pH 5 (bottom
row). (B) Characterization of ⟨𝑁LHCII⟩ with 280 nm absorption. Dashed curve shows
the theoretical ratio, and filled squares are obtained from experimental data. Only
LHCII-Vio data (pH 7.5) are shown, but LHCII-Zea and pH 5 data exhibited the
same trend. Error bars are std. dev. from five different sample preparations. (C)
Fluorescence correlogram of nanodiscs with ⟨𝑁LHCII⟩ = 1−4 (fit curves in black).
Only LHCII-Zea data at pH 7.5 are shown, but LHCII-Vio and pH 5 data exhibited
the same trend. The correlation curve of LHCII in detergent is also shown for com-
parison. (D) Representative TEM images for each ⟨𝑁LHCII⟩ (LHCII-Vio, pH 7.5) are
shown on the left, and the corresponding size distributions with mean diameters (𝑑),
each constructed from 100 objects, are shown on the right. Scale bars are 100 nm.
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physics as a function of the extent of protein-protein interaction. The characterization

results shown in Figure 6-2 demonstrate the integrity of the prepared nanodiscs. Both

the 20 kDa ApoE422K band and the 25−27 kDa LHCII band were identified in the

sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) of all of the

purified nanodisc products, demonstrating the robustness of the nanodisc assembly

reaction to varied reaction stoichiometry, xanthophyll Car composition and pH (Fig-

ure 6-2A). The gradual increase in the average LHCII content per nanodisc (⟨𝑁LHCII⟩)

was verified with analysis of the absorbance at 280 nm, and was in quantitative agree-

ment with the desired stoichiometry of ⟨𝑁LHCII⟩ = 1−4 (Figure 6-2B, see Section

6.9.1 for detailed description of this analysis). Fluorescence correlation spectroscopy

(FCS) was employed to ensure the absence of any large-sized LHCII aggregates as well

as characterize the hydrodynamic radii of the produced nanodiscs. The correlation

curves display a monoexponential diffusion kinetics regardless of ⟨𝑁LHCII⟩, indicating

the absence of large aggregates, which, if present, would give rise to additional slow

time components (Figure 6-2C). The diffusion becomes gradually slower as ⟨𝑁LHCII⟩

increases, reflecting the gradually increasing hydrodynamic radius of the nanodisc as

a function of LHCII content (Table 6.1). The hydrodynamic radii extracted from fit-

ting the correlation curves are in good agreement with the size distributions obtained

from transmission electron microscopy (TEM, Figure 6-2D). Taken together, these

results demonstrate successful introduction and systematic control of protein-protein

interactions between LHCIIs within the nanodisc platform.

6.4 Spectroscopic Markers of Protein-Protein Inter-

action in Absorption and Circular Dichroism

Linear absorption and circular dichroism (CD) spectroscopies were employed for char-

acterization of the changes in pigment electronic structure and conformations as a

function of the extent of protein-protein interaction. The linear absorption spectra

of the LHCII nanodiscs containing one and four proteins, with differing xanthophyll
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Figure 6-3: Changes in linear absorption with protein-protein interaction.
(A) Linear absorption spectra of LHCII nanodiscs with ⟨𝑁LHCII⟩ = 1 (gray solid line)
and 4 (black dashed line). The xanthophyll Car and pH are indicated in each panel.
(B) Change in the absorbance at 535 nm (marked with arrows in (A)) plotted as a
function of ⟨𝑁LHCII⟩. The data are presented as the mean ± std. dev. of fifteen and
eight independent sample preparations for pH 7.5 and pH 5, respectively.
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cycle Cars and pH, are shown in Figure 6-3A. The spectral profiles are nearly identi-

cal with less than 5% changes in absorbance across the absorption wavelength range,

suggesting that the introduction of protein-protein interaction does not significantly

affect the energetics of the pigment electronic transitions. Upon closer inspection, a

gradual increase in the absorbance at 535 nm (∆𝐴535) was identified with a linear

dependence on the LHCII content, as shown in Figure 6-3B. While the dependence is

not obvious at pH 7.5, a much stronger and clearer dependence is observed at pH 5,

demonstrating the pH dependence of ∆𝐴535. The increased slope of the dependence

with Zea at pH 5 relative to Vio at the same pH indicates that this feature is also

Zea-dependent. This characteristic increase in the absorbance at 535 nm has been

observed in vivo under high-light conditions [113] as well as in in vitro aggregates

of LHCII [304]. ∆𝐴535 was found to be linearly correlated with the level of NPQ,

and therefore hypothesized to be related to a quenched state of LHCII [305, 306].

Furthermore, the increase was enhanced in the presence of Zea and at low pH, in

accordance with my observations in nanodiscs above. While the origin of ∆𝐴535 re-

mains undetermined, a leading hypothesis is that it arises from excitonic interactions

between two Zea molecules brought to close contacts upon aggregation of LHCIIs

[304]. Theoretical simulations proposed that the excitonic interactions likely result

in a strongly coupled Zea dimer with a J-aggregate-like structure, thereby inducing a

red-shift of the Zea S2(0−0) absorption maximum to 535 nm from that of a monomer

at 505 nm [307]. A similar increase, but at a slightly blue-shifted wavelength (525

nm), was identified and attributed to an excitonic Vio dimer [304, 308]. The blue-

shift in the wavelength arises from the blue-shifted S2(0−0) energy of Vio compared

to Zea due to its shorter conjugation length. Therefore, the presence and gradual

increase of ∆𝐴535, a Zea-specific signature, even in the Vio-binding LHCIIs could be

due to partially overlapping contributions from ∆𝐴525 originating from Vio.

An additional spectroscopic signature that sensitively depends on the LHCII con-

tent is found in the CD spectra (Figures 6-4A and 6-8). Similarly to the linear ab-

sorption spectra, the overall spectral profiles of the CD spectra are nearly unaffected

by the LHCII content, the xanthophyll Car or the pH. The minor changes observed
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in the Car S2 absorption range (425−525 nm), including the slight increase in the CD

intensity of the negative 460 nm band in the presence of Zea, likely simply reflect the

change in the Car composition, as has been revealed earlier [232, 287, 299]. Two neg-

ative peaks, at 440 nm and 460 nm, exhibit a gradual increase in peak intensities as a

function of ⟨𝑁LHCII⟩. The change in the CD intensity of the 460 nm peak (∆CD460)

for both xanthophyll cycle Car and pH conditions plotted as a function of ⟨𝑁LHCII⟩

is shown in Figure 6-4B. ∆CD460 shows a nonlinear dependence on ⟨𝑁LHCII⟩ in all

four cases. The trends observed for Vio-binding LHCII at pH 7.5 and pH 5 are nearly

identical, thus revealing no pH dependence. In contrast, comparison of the trends in

Zea-binding LHCII reveals a slight pH dependence, where a stronger dependence on

⟨𝑁LHCII⟩ was seen at pH 5. Zea dependence is observed for both pH 7.5 and pH 5,

and a more pronounced dependence is seen at pH 5.

The CD bands at 440 and 460 nm appear in the native thylakoid membrane as

well as in in vitro LHCII aggregates, albeit with much higher intensities than those

observed for my nanodiscs [143, 303]. In contrast, the intensities of these bands be-

come negligible in detergent-solubilized, non-aggregated LHCII, with both bands only

appearing as weak shoulders. As a result, these two bands have been considered to

selectively report on the degree of aggregation of LHCII. In my CD spectra measured

in the nanodisc environment, clear peak structures are observed at both wavelengths

even in the absence of protein-protein interaction (⟨𝑁LHCII⟩ = 1), reiterating that

the conformation of LHCII in the detergent and membrane environments are likely

vastly different, as also demonstrated in Chapter 4. The smaller intensities of these

bands observed in the nanodiscs than in the native thylakoid membrane and in vitro

LHCII aggregates are a consequence of the lower extent of protein-protein interac-

tions present in the nanodiscs, which incorporate smaller protein arrays with only up

to four LHCIIs, as opposed to the heterogeneous macroaggregates found in vivo or

formed in vitro with detergent removal. While it is established that the CD signal in

this wavelength range originates from the Chl Soret and/or Car S2 states [259], the

exact pigment electronic transitions responsible for the appearance of these bands are

not identified due to the highly congested energy landscape of LHCII.
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Interestingly, the dependence of CD on LHCII content exhibits vastly different

qualitative features from the trends observed in the linear absorption spectra. First,

∆CD460 nonlinearly depends on ⟨𝑁LHCII⟩, in contrast to the linear dependence ob-

served in ∆𝐴535. Second, Zea dependence is observed in ∆CD460 for both pH con-

ditions, whereas ∆𝐴535 shows Zea dependence only at pH 5. Furthermore, the pH

dependence of ∆CD460 is only present for Vio-binding LHCII, whereas ∆𝐴535 is pH-

dependent irrespective of the xanthophyll cycle Car. These differences likely originate

from the fact that ∆𝐴535 is exclusively sensitive to the photophysics of the xanthophyll

cycle Car but not the other Cars or Chls, but that ∆CD460 includes contributions

from multiple Car S2 states and potentially also the Chl Soret states, as discussed

above.

6.5 pH-Dependent, Zeaxanthin-Independent Fluores-

cence Quenching in the Presence of Protein-Protein

Interaction

To elucidate the impact of protein-protein interaction on the extent of dissipation,

time-resolved fluorescence spectra (TRFS) were measured and compared for nanodiscs

with ⟨𝑁LHCII⟩ = 1−4. Regardless of the LHCII content, xanthophyll cycle Car, or

pH, all TRFS exhibit identical spectral profiles with one intense band peaking at 682

nm and a weaker red-shifted band at > 710 nm, consistent with the steady-state

fluorescence spectra (Figures 6-5 and 6-9). The TRFS uniformly decay across the

emission wavelength range without any time-dependent shift in the peak positions or

emission-wavelength-dependent dynamics.

The fluorescence decay profiles of the nanodiscs reveal a gradual decrease in the

average fluorescence lifetime as a function of ⟨𝑁LHCII⟩, for both xanthophyll cycle

Cars and at both neutral and low pH conditions (Figure 6-10). A 35% and 32%

decrease in average fluorescence lifetime is observed for Vio- and Zea-binding LHCII,

respectively, when the decay traces with ⟨𝑁LHCII⟩ = 1 and 4 were compared at pH 7.5
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Figure 6-5: Dependence of fluorescence decay profiles on LHCII content,
pH and the xanthophyll cycle Car. (A) TRFS of ⟨𝑁LHCII⟩ = 4 nanodiscs with
the xanthophyll Car and pH as labeled in the figure. (B) Bar plots of the fitted
average fluorescence lifetimes as a function of ⟨𝑁LHCII⟩ and pH, for Vio-binding (left)
and Zea-binding LHCII. (C) Percent decrease in the fluorescence lifetime plotted as
a function of ⟨𝑁LHCII⟩ at pH 5. The data in (B) and (C) are presented as the mean
± std. dev. of eight independent sample preparations.
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(Figure 6-5B). At pH 5, the decrease is enhanced to 55% and 52% for Vio- and Zea-

binding LHCII, indicating that the fluorescence quenching induced by protein-protein

interaction is pH-dependent. In contrast, comparison of the lifetimes with Vio and

Zea at each pH reveals no Zea dependence with negligible differences in the fitted time

constants. In the absence of protein-protein interaction, the fluorescence dynamics are

neither Zea- nor pH dependent, as seen in the identical average fluorescence lifetimes

obtained for all four xanthophyll Car/pH combinations of ⟨𝑁LHCII⟩ = 1 nanodiscs and

also observed earlier in Chapter 5 [299]. While protein-protein interaction activates

pH-dependent quenching as mentioned above, it is not capable of further tuning the

magnitude of the pH dependence, as evidenced by the uniform percent decrease of

28−33% in the fluorescence lifetime regardless of ⟨𝑁LHCII⟩ (Figure 6-5C).

The results presented above are only partially consistent with the quenching be-

haviors observed in vivo and in in vitro LHCII aggregates, which are both pH- and

Zea-dependent, the latter of which I do not observe [118, 268, 292]. The observed Zea

dependence was explained by hypothesizing a role of Zea as an allosteric promoter

of NPQ by inducing a closer packing among LHCIIs within the antenna complex ar-

ray. Specifically, due to the increased hydrophobicity of Zea compared to Vio, Zea is

thought to better stabilize aggregated structures of LHCIIs by modulating the inter-

protein hydrogen bonding network between the protein scaffold of adjacent LHCIIs

[292, 309]. The inconsistency between the Zea independence observed here and Zea

dependence observed in vivo may arise from two possible origins. First, the site of

Zea-dependent quenching may not be LHCII, but rather the minor complexes, which

are present in the native system but absent in the LHCII-only nanodiscs studied

here. A second possibility is that Zea-dependent quenching may require the presence

of the photosystem II subunit S (PsbS), a non-pigment-binding pH sensor protein

thought to be necessary for full activation of NPQ [125–130], which is not present in

the nanodiscs. It is unclear at present what gives rise to the inconsistency between

the Zea-independent quenching of the nanodiscs and Zea-dependent quenching seen

in in vitro LHCII aggregates. It should be noted, however, that there are very few

examples that report Zea dependence in in vitro LHCII aggregates with variations in
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sample preparation protocols or Zea content, which may contribute to the observed

discrepancies [118, 292].

6.6 Preliminary Analysis of Ultrafast Dissipative Pho-

tophysics

The impact of protein-protein interaction on the ultrafast dissipative photophysics

was characterized with ultrabroadband 2DES. The 2D spectra were measured only for

⟨𝑁LHCII⟩ = 4 nanodiscs, which show the highest extent of protein-protein interaction

and therefore are expected to reveal the most pronounced changes in the dynamics.

The pH- and Zea dependence was analyzed by varying both the xanthophyll cycle

Car and pH conditions.

Figure 6-6A shows a representative ultrabroadband 2D spectrum at 𝑇 = 320 fs,

measured for Vio-binding LHCII at pH 7.5. The spectra for the other three conditions

revealed qualitatively similar features in the peak positions and spectral profiles. As

extensively discussed in Chapters 3−5, this frequency range of the spectrum reveals a

pair of intense positive and negative peaks, which correspond to the S2 ground-state

bleach (GSB)/stimulated emission (SE) and S1 excited-state absorption (ESA) of the

Cars. Therefore, this region of the 2D spectra maps out one of the two dissipative

photophysical pathways identified earlier, Car S2→S1 internal conversion [289]. The

temporal evolution of the positive S2 GSB/SE and negative S1 ESA peaks is shown in

Figure 6-6B and C, respectively. The S2→S1 internal conversion pathway appears in a

2D spectrum as a rapid sub-picosecond decay of the S2 GSB/SE and an initial growth

of S1 ESA on a matching timescale [49, 228]. The time traces shown in Figure 6-6B, C

reveal such correlated decay and rise components with a time constant of 155±25 fs,

which is assigned to the timescale of internal conversion. The extracted timescale of

internal conversion in the presence of protein-protein interaction is within the range

of the 100−180 fs timescale observed in the absence of protein-protein interaction

(Chapter 5, Table 5.2). Consistent with the pH-dependent but Zea-independent flu-
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Figure 6-6: 2D spectrum and representative fits of ⟨𝑁LHCII⟩ = 4 nanodiscs
probing Car internal conversion dynamics. (A) Representative absorptive 2D
spectrum of ⟨𝑁LHCII⟩ = 4 nanodiscs, with Vio as the xanthophyll cycle Car at pH
7.5 at 𝑇 = 320 fs. The Car S2 GSB/SE and S1 ESA peaks analyzed and mentioned
in the text are labeled. (B, C) Fitted time traces of (B) Car S2 GSB/SE and (C)
S1 ESA. The insets in (C) show the growth of Car S1 ESA for the initial 500 fs due
to internal conversion. The traces in (C) are normalized to the initial S2 GSB/SE
peak intensity immediately after photoexcitation (𝑇 = 30 fs) so that they visualize
the relative intensity of the S1 population. (𝜔𝜏 , 𝜔𝑡) = (20,300, 20,300) (B), (20,300,
18,800) (C, in cm−1).
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orescence quenching observed in time-resolved fluorescence measurements, the time

traces of both S2 GSB/SE and S1 ESA exhibit pH dependence and Zea independence.

The relative intensity of the S1 ESA peak, obtained by normalizing the raw peak in-

tensity to the initial S2 GSB/SE peak intensity immediately after photoexcitation (𝑇

= 30 fs), is increased by ∼20% at pH 5 compared to at pH 7.5. In agreement with this

increase, the S2 GSB/SE peak decays ∼20% faster at pH 5, corroborating the accel-

eration of this channel in a pH-dependent manner in the presence of protein-protein

interaction.
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Figure 6-7: 2D spectrum and representative fits of ⟨𝑁LHCII⟩ = 4 nanodiscs
probing dissipative Chl-to-Car energy transfer. (A) Representative absorptive
2D spectrum of ⟨𝑁LHCII⟩ = 4 nanodiscs, with Vio as the xanthophyll cycle Car at pH
7.5 at 𝑇 = 700 fs. The stick plots label the energy level of the Chl a donor and Car S1

acceptor of the dissipative energy transfer pathway. (B) Fitted time traces showing
the correlated decay of Chl a (bottom, green box in (A)) and growth of Car S1 (top,
pink box in (A)) populations for the initial 1,500 fs. The xanthophyll Car and pH
conditions are color-coded in the traces and labeled inside the bottom panel. The
top traces are normalized to the initial Chl a GSB/SE peak intensity immediately
after photoexcitation (𝑇 = 30 fs) so that they visualize the relative intensity of the
S1 population. (𝜔𝜏 , 𝜔𝑡) = (14,950, 18,350) (top), (14,950, 14,450) (bottom, in cm−1).
(C) Comparison of the dynamics between ⟨𝑁LHCII⟩ = 1 (gray) and ⟨𝑁LHCII⟩ = 4
(orange; Vio, pH 7.5 data are plotted) for the Chl a decay (bottom) and Car S1 rise
(top).
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The other dissipative photophysical pathway, the dissipative Chl-to-Car energy

transfer, appears as correlated decay of the Chl a Qy donor and rise of the Car

S1 acceptor excited-state populations. These spectroscopic signatures appear in the

excitation frequency range of the lowest-energy Chl a locus and a broad emission

frequency range encompassing the energy levels of the Chl a GSB/SE as well as the

Car S1 ESA [289]. Figure 6-7A displays a representative 2D spectrum of ⟨𝑁LHCII⟩

= 4 nanodiscs at 𝑇 = 700 fs in this frequency region. Only the spectrum for Vio-

binding LHCII at pH 7.5 is shown, but the spectra for the other three conditions

exhibited qualitatively similar overall spectral profiles. The waiting time traces in

Figure 6-7B reveal the characteristic correlated decay of Chl a and growth of Car S1

peaks on a 135 ± 30 fs timescale, indicating that the dissipative Chl-to-Car energy

transfer channel is active in the presence of protein-protein interaction. In accordance

with the fluorescence data as well as the Car internal conversion dynamics discussed

above, this dissipative pathway is pH-dependent yet Zea-independent. At pH 5, the

amplitude of the observed 135 ± 30 fs component increases by 20% regardless of the

xanthophyll cycle Car. Notably, the 135 ± 30 fs timescale of the dissipative energy

transfer extracted for ⟨𝑁LHCII⟩ = 4 nanodiscs is significantly faster than the ∼300 fs

timescale observed for ⟨𝑁LHCII⟩ = 1, i.e., in the absence of protein-protein interaction

(Figure 6-7C; see Chapters 4 and 5 for ⟨𝑁LHCII⟩ = 1 data) [289, 299]. The LHCII-

content-dependent behavior observed for this dissipative pathway is at variance with

the trend observed for Car internal conversion, the other dissipative pathway, the

timescale of which was found to be independent of ⟨𝑁LHCII⟩.

6.7 Conclusion and Outlook

The series of observations from steady-state and time-resolved spectroscopic char-

acterizations reveal that protein-protein interactions between LHCIIs lead to pH-

dependent but Zea-independent dissipative photophysics, which are enhanced with

increased protein-protein interaction. The nanodisc platform utilized here presents a

novel in vitro membrane environment that is both fully controllable in protein content
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and near-physiological, enabling quantitative analysis of the correlation between the

extent of protein-protein interaction and that of dissipation. Further analysis of the

2D spectra is expected to reveal insights into the possibility of the existence of photo-

physical mechanisms that appear only in the presence of protein-protein interaction,

distinct from the dissipative pathways that already exist in its absence. One such

photophysical pathway is the relaxation of excitonically coupled xanthophyll cycle

Car dimers, since the analysis of ∆𝐴535 revealed the likely formation of these dimers

in the presence of protein-protein interaction. A transient absorption study on Zea

aggregates reported a shift in the S1 ESA peak position as well as distinct relaxation

kinetics compared to those of monomeric Zea molecules [308]; similar spectral and

temporal behaviors may be revealed for the excitonically coupled xanthophyll cycle

Car dimers.

Possible future directions include (1) characterization of other types of protein-

protein interaction present in the PSII supercomplex that may be relevant to NPQ,

e.g. the interactions between LHCII and PsbS, and (2) further extension of the nan-

odisc approach to more closely mimic the in vivo antenna network by incorporating

other members of the PSII supercomplex. I discuss these two directions in more detail

below.

6.7.1 Characterization of Protein-Protein Interaction between

Light-Harvesting Complex II and Photosystem II Sub-

unit S

Interactions between LHCIIs investigated in this work are only one of the several

different the protein-protein interactions postulated to activate dissipative pathways.

Another established yet underexplored interaction is that between LHCII and PsbS,

as briefly pointed out in Section 6.5. Although debated, the current model for NPQ

induced by LHCII-PsbS interaction assumes that the dimeric PsbS protein found in

low light dissociates into a monomer and forms a LHCII-PsbS heterodimer upon ex-

posure to high light [310]. The subsequent protein-protein interaction between LHCII

189



and PsbS within the heterodimer is thought to activate quenching by causing alter-

ations to the conformation, and in turn, dissipative photophysical pathways of LHCII.

Two recent studies using proteoliposomes that co-reconstitute LHCII and PsbS into

a lipid membrane revealed PsbS-dependent fluorescence quenching, and proposed

an enhancement in the electronic interactions between Chls and the dark S1 of the

Cars [129] or activation of a Chl-Chl charge transfer state [311] as the photophysical

mechanisms for PsbS-dependent quenching. Many open questions remain, however,

including about the reproducibility of these results [293] as well as the interaction

geometry and the resultant conformational changes of the two proteins.

6.7.2 Extension of the Nanodisc Platform towards Mimicking

the Native Protein Composition of Plant Thylakoids

Another interesting, longer-term research direction is to further extend the nanodisc

platform, the power of which as a systematically controllable and near-native mem-

brane platform for photosynthetic antenna complexes I showcased in Chapters 4−6,

towards mimicking the native protein composition of plant thylakoids. The func-

tional antenna array in the native thylakoid membrane that performs photosynthesis

includes many different membrane proteins that are missing in the LHCII nanodiscs

employed here, such as the minor complexes, core complexes and PsbS. Using the

structural and photophysical insights obtained here for dissipation in LHCII-only ar-

rays as a benchmark, the impact of additional parameters, such as the presence of

minor complexes and/or core complexes, can be systematically interrogated within

the nanodisc platform by constructing larger-sized nanodiscs [258].

6.8 Materials and Methods

6.8.1 Sample Preparation

Trimeric LHCII complexes were extracted from spinach leaves, purified and character-

ized as detailed in Appendix A, Section A.1. The Vio-binding form was obtained from
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dark-adapted plants. The Zea-binding form was prepared by in vitro de-epoxidation

of Vio in intact dark-adapted thylakoid membranes (Appendix A, Section A.1.2).

The presence of Zea was verified by analyzing the pigment composition of the puri-

fied LHCII with high-performance liquid chromatography (HPLC, Figure A-1B and

Table A.2).

Membrane nanodiscs containing an average LHCII content of one to four trimeric

LHCII complexes per disc (⟨𝑁LHCII⟩ = 1−4) were prepared with both Vio- and Zea-

binding LHCII proteins as detailed in Appendix A, Section A.2, with ApoE422K as

the membrane scaffold protein and soy asolectin lipid. Linear absorption spectra of the

purified nanodisc products confirmed that the weakly binding Vio or Zea was retained

during nanodisc reaction. All nanodisc assembly reactions were initially performed

at neutral pH (pH 7.5). Low pH nanodisc samples were prepared by desalting the

pH 7.5 products with 0.04 M MES, 0.02 M NaCl buffer (pH 5) on a desalting column

(PD-10, GE Healthcare). The final optical density (OD) of all samples used for 2DES

was 0.2 and 0.15 (per 0.5 mm) at the Chl a Qy peak (675 nm) for the dataset obtained

with spectrum 1 and spectrum 2, respectively.

6.8.2 Steady-State Spectroscopy

Linear absorption and steady-state fluorescence spectra were measured with a Cary

5000 spectrophotometer and a Cary Eclipse fluorimeter (Agilent), respectively, in 1

cm pathlength quartz cuvettes. For fluorescence measurements, the OD of the sample

at the excitation wavelength was kept at 0.05− 0.07 per cm to ensure absence of any

reabsorption effect. Excitation wavelengths of 436, 600, and 640 nm were used, and no

excitation wavelength dependence was found in the fluorescence spectra. CD spectra

were measured at 10∘C on a Jasco J-1500 spectropolarimeter, in a 1 mm pathlength

quartz cuvette. The OD of the sample was 0.1 per mm at 670 nm.
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6.8.3 Fluorescence Lifetime Measurement

The fluorescence lifetime of LHCII was measured with time-correlated single photon

counting (TCSPC) as described in detail in Chapter 4, Section 4.10.3, with identical

excitation and emission filters to those used in Chapters 4 and 5 (Figure 4-10). A

1 mm pathlength flow quartz cuvette was used, and the sample solution was contin-

uously flowed with a peristaltic pump during measurement to prevent sample pho-

todegradation and thermal lensing effect. To prevent reabsorption effect, the OD of

all samples at the excitation wavelength range was kept under 0.1 per mm. Excitation

power dependence was checked at three different excitation powers (6 fJ, 20 fJ, and

60 fJ), and no singlet-singlet annihilation was observed (Figure 6-11).

6.8.4 Measurement of Time-Resolved Fluorescence Spectra

TRFS were measured with the TCSPC apparatus described above coupled with a

commercial spectral interferometer (Gemini, NIREOS). Detailed information about

the spectral interferometry setup and data analysis can be found elsewhere [312].

Briefly, the fluorescence emitted from the sample was sent into the spectral inter-

ferometer, and the glass wedges therein were scanned over a distance of several mm

to generate the time-domain interferogram at each photon arrival time determined

by the single-photon counting module. The fluorescence spectrum was recovered by

Fourier transforming the time-domain data at each photon arrival time, yielding a 2D

map of fluorescence as a function of wavelength and photon arrival time. The resolu-

tion of the wavelength axis was 0.35 nm. Due to the lower signal-to-noise ratio of this

measurement than that of individual trace measurement with TCSPC, an excitation

power of 20 fJ was used.

6.8.5 Fluorescence Correlation Spectroscopy

FCS measurements were performed as described in detail in Chapter 4, Section 4.10.4

with identical excitation spectrum and emission path optics (Figure 4-10). The con-

centration of each nanodisc sample was 10 nM, and the excitation laser fluence on the
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sample plane was 888 nJ per cm2. The correlation curves were fitted and analyzed

using the same equations and parameters as described in Chapter 4.

6.8.6 Ultrabroadband Two-Dimensional Electronic Spectroscopy

A detailed description of the ultrabroadband 2DES setup is provided in Chapter 2

and in [226]. The spectral and temporal profiles of the laser pulses used in 2DES

were identical to those described in Chapters 4 and 5 (Section 4.10.5, Figure 4-11).

A pulse energy of 6.3 nJ was employed with a beam waist of 150 𝜇m at the sample

position, corresponding to an excitation density of 2.5− 2.8 ×1013 photons per pulse

per cm2, reported to be in the linear regime for LHCII [94]. 𝜏 was sampled in 0.5

fs steps in the range of 𝜏 = −200 − 200 fs. 𝑇 was incremented in steps of 20 fs for

𝑇 = −200 − 500 fs, 40 fs for 𝑇 = 540 − 980 fs, 1 ps for 𝑇 = 1 − 10 ps, and 10 ps

for 𝑇 = 10 − 100 ps. The sample was circulated in a 0.5 mm pathlength quartz flow

cell with a peristaltic pump to prevent photodegradation and repetitive excitation of

the same spot. The sample reservoir was kept at 4∘C throughout the measurement

with a home-built water jacket cooling system. Each dataset was collected twice, on

separate days with freshly prepared samples, to ensure reproducibility of the data.

The integrity of the sample was confirmed by comparing the linear absorption spectra

and fluorescence decay profiles before and after collection of each dataset.

6.8.7 Analysis of Two-Dimensional Spectra

Each waiting time trace reported here was generated by integrating the 2D signal

intensity over finite frequency intervals in both frequencies (100 cm−1 in 𝜔𝜏× 100 cm−1

in 𝜔𝑡, unless otherwise noted) around the center frequencies reported in each figure.

Time constants were extracted by fitting each waiting time trace to an exponential

function convolved with a Gaussian pulse with the time resolution (6.2 fs or 6.9 fs)

of the experiment.
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6.9 Supplementary Information

6.9.1 Supplementary Characterization of Nanodiscs

Detailed description of the analysis of the 280 nm absorbance

The average LHCII content per disc, ⟨𝑁LHCII⟩, of the products, was quantitatively

analyzed by inspection of the absorbance of each component of the nanodiscs (LHCII,

membrane scaffold protein, and lipids) at 280 nm, where the membrane scaffold pro-

tein and lipid have non-zero absorbance and so contribute to the total absorbance

along with the absorbance from LHCII. Using the reaction stoichiometry in Table A.3

and the known extinction coefficient for each component, the theoretical contributions

from LHCII and from the membrane scaffold protein/lipid to the total absorbance

at 280 nm were estimated. The dashed line in Figure 6-2B corresponds to the the-

oretical curve constructed by calculating the ratio of LHCII absorbance (𝐴LHCII) to

membrane scaffold protein/lipid absorbance (𝐴∼LHCII) at 280 nm. The ratios ob-

tained from experimental measurements of the purified nanodiscs are in agreement

with the theoretical ratios, verifying successful production of LHCII nanodiscs with

the desired ⟨𝑁LHCII⟩.

Supplementary FCS data

Table 6.1: Fitted diffusion time constants (𝜏D), and the diffusion constants
(𝐷) and hydrodynamic radii (𝑟) extracted from the fit.a

⟨𝑁LHCII⟩ 𝜏D (ms) 𝐷 (𝜇m2/s) 𝑟 (nm)
Detergent − 0.83 ± 0.06 30.2 ± 2.3 7.1 ± 0.5

Nanodisc

1 1.76 ± 0.15 14.3 ± 1.3 15.1 ± 1.3
2 2.08 ± 0.09 12.1 ± 0.6 17.8 ± 0.8
3 2.56 ± 0.08 9.8 ± 0.3 21.9 ± 0.7
4 2.92 ± 0.15 8.6 ± 0.5 25.0 ± 1.3

a Each entry reports mean ± std. dev. from five different sample prepa-
rations.
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6.9.2 Supplementary Figures
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Figure 6-8: CD spectra at pH 5. CD spectra of LHCII nanodiscs with ⟨𝑁LHCII⟩
= 1−4 with Vio (top) and Zea (bottom) as the xanthophyll cycle Car, at pH 5. The
spectra are normalized to the absorbance at 650 nm. The arrows indicate the gradual
growth of the 460 nm peak (dashed line) as ⟨𝑁LHCII⟩ is increased from 1 to 4.
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⟨𝑁LHCII⟩ = 1−4 with both xanthophyll cycle Car and pH conditions.
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Figure 6-10: Fitted fluorescence decay traces. Normalized fluorescence decay
profiles of LHCII nanodiscs with ⟨𝑁LHCII⟩ = 1−4 with the xanthophyll cycle Car and
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Figure 6-11: Independence of the fluorescence decay profiles on excitation
power. Normalized fluorescence decay profiles of LHCII nanodiscs with ⟨𝑁LHCII⟩ =
1−4 measured with excitation powers of 6 fJ (blue), 20 fJ (red), and 60 fJ (black),
confirming the absence of power dependence. The data are shown for LHCII-Zea at
pH 7.5 only, but the same trend was observed for LHCII-Vio and at pH 5.
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Appendix A

Sample Preparation Protocols

A.1 Extraction and Purification of Light-Harvesting

Complex II

A.1.1 Isolation of Thylakoids

Stacked thylakoids were purified from leaves of spinach plants following a previ-

ously reported protocol [313] with minor modifications. Tissues were harvested and

freshly homogenized in cold extraction buffer (0.5% milk powder, 0.4 M NaCl, 0.02

M Tricine/KOH, pH 7.8, 0.002 M MgCl2 and 0.005 M 𝜖-aminocaproic acid, 0.001 M

phenylmethylsulfonyl fluoride and 0.001 M benzamidine as protease inhibitors). After

filtration, samples were precipitated by centrifugation at 4,000 × g for 10 min at 4∘C

and then resuspended in hypotonic buffer (0.015 M NaCl, 0.005 M MgCl2, 0.01 M

HEPES/KOH, pH 7.5, and protease inhibitor). After centrifugation for 10 min at

10,000 × g at 4∘C, thylakoids were resuspended in a buffer containing 0.4 M sorbitol,

0.015 M NaCl, 0.005 M MgCl2, and 0.01 M HEPES/KOH, pH 7.5.

A.1.2 In vitro De-epoxidation of Violaxanthin

Zeaxanthin (Zea)-containing samples (discussed in Chapters 4−6) were prepared by in

vitro de-epoxidation of violaxanthin (Vio) in intact thylakoid membranes. Thylakoids
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Figure A-1: Purification and pigment composition analysis of trimeric
LHCII. (A) Representative image from sucrose gradient ultracentrifugation of
spinach thylakoid. The band containing LHCII trimers were isolated and used for nan-
odisc preparation as well as spectroscopic measurements. (B) Representative HPLC
chromatograms of dark-adapted (Vio-containing, left) and in vitro de-epoxidated
(Zea-containing, right) LHCII trimers. The absorbance was simultaneously moni-
tored at 440, 431, and 663 nm, which correspond to predominantly carotenoid (Car),
Chl a, and Chl b absorption, respectively.

were diluted to 50 𝜇g/mL of chlorophyll (Chl) in 0.33 M sorbitol, 0.005 M MgCl2,

0.01 M NaCl, 0.04 M MES/NaOH, pH 5.1, 0.02 M ascorbate, 0.1% (w/v) bovine

serum albumin, and protease inhibitors. Thylakoids were stirred for 2 h at room

temperature (RT) and then centrifuged at 10,000 × g for 10 min at 4∘C.

A.1.3 Purification of Light-Harvesting Complex II Trimers

Thylakoid membranes at a concentration of 3 mg Chl were washed with 0.005 M

EDTA and resuspended at a concentration of 1 mg/mL Chl in 0.01 M HEPES, pH

7.5. The sample was then solubilized at a final concentration of 0.5 mg/mL Chl, by

adding 1.6% n-dodecyl 𝛼-D-maltopyranoside (𝛼-DM) and 0.01 M HEPES, pH 7.5 and

vortexing for 1 min. After 10 min of incubation on ice, the sample was centrifuged at

15,000 × g for 10 min to eliminate unsolubilized material. Trimeric light-harvesting

complex II (LHCII) complexes were isolated by sucrose gradient ultracentrifugation

with an SW28 rotor (Beckman Coulter), on a 0.1−1 M sucrose gradient containing

0.03% 𝛼-DM and 0.01 M HEPES, 0.02 M NaCl, pH 7.5 for 40 h at 103,000 × g at 4∘C

(Figure A-1A). The purified LHCII sample was stored at −80∘C until further use, and

thawed immediately before each laser measurement. Sample integrity was examined
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with sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE), linear

absorption and steady-state fluorescence spectra.

Table A.1: Pigment composition of purified LHCII used in Chapters 3−5.a

Pigment LHCII-Vio LHCII-Zea
Chl a/Chl b 1.26 ± 0.02 1.19 ± 0.02
Chl a per mol 7.8 ± 0.09 7.6 ± 0.09
Chl b per mol 6.2 ± 0.04 6.4 ± 0.04
Neoxanthin (Neo) 0.7 ± 0.05 0.8 ± 0.05
Vio 0.6 ± 0.01 0.08 ± 0.01
Lutein (Lut) 2.0 ± 0.04 2.2 ± 0.04
Zea 0 0.4 ± 0.06
Chl/Car 4.3 ± 0.12 4.1 ± 0.12
Chl total 14 14
Car total 3.3 ± 0.09 3.4 ± 0.10
a Each entry represents the mean ± std. dev. from three mea-

surements.

Table A.2: Pigment composition of purified LHCII used in Chapter 6.a

Pigment LHCII-Vio LHCII-Zea
Chl a/Chl b 1.28 ± 0.03 1.30 ± 0.03
Chl a per mol 7.8 ± 0.08 7.9 ± 0.07
Chl b per mol 6.1 ± 0.08 6.1 ± 0.04
Neo 0.94 ± 0.09 1.35 ± 0.06
Vio 0.61 ± 0.01 0.11 ± 0.01
Lut 2.06 ± 0.05 2.14 ± 0.05
Zea 0 0.67 ± 0.01
Chl/Car 3.88 ± 0.15 3.28 ± 0.02
Chl total 14 14
Car total 3.6 ± 0.14 4.3 ± 0.10
a Each entry represents the mean ± std. dev. from four mea-

surements.

A.1.4 Analysis of Pigment Composition

Pigments were extracted from purified LHCII trimers with 80% acetone and cen-

trifuged two times at 20,000 × g for 15 min at 4∘C. The supernatant was analyzed

by high-performance liquid chromatography (HPLC) as described in [314]. Repre-

sentative HPLC chromatograms of the purified LHCII complexes used in the work
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described in Chapters 3−5 are shown in Figure A-1B. The analyzed pigment compo-

sitions of LHCII used in Chapters 3−5 and Chapter 6 are summarized in Tables A.1

and A.2, respectively.

A.2 Production and Characterization of Light-Harvesting

Complex II Membrane Nanodiscs

A.2.1 Assembly of Membrane Nanodiscs Containing a Single

Light-Harvesting Complex II

Assembly of nanodiscs embedding a single LHCII was carried out with two different

membrane scaffold proteins, MSP1E3D1 and ApoE422K. The former yields smaller

disc sizes of ∼13 nm in diameter, while the latter forms larger nanodiscs of ∼25−30

nm diameters [258, 281]. The nanodisc samples were produced immediately before

any spectroscopy measurement, and all spectroscopic measurements were completed

within 24 hours of sample preparation.

Overexpression and purification of membrane scaffold protein MSP1E3D1

The membrane scaffold protein MSP1E3D1 was overexpressed from the plasmid

pMSP1E3D1 containing a 6× histidine tag and kanamycin antibiotic resistance (Ad-

dgene), and purified with nickel affinity chromatography according to previously re-

ported protocols [152, 258]. The mass and purity of the final product were verified

by reverse-phase liquid chromatography mass spectrometry (LC-MS) and denatur-

ing SDS-PAGE (Figure A-2A). The purified protein was concentrated with a 10 kDa

cutoff centrifugal filter to a final concentration of several hundreds of 𝜇M (typically

200 − 600 𝜇M) and aliquoted. Protein concentration was determined using the ab-

sorbance of the protein at 280 nm and the known extinction coefficient of MSP1E3D1

at this wavelength [258]. The aliquots were flash frozen in liquid nitrogen and stored

at −80∘C until further use.
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Figure A-2: SDS-PAGE of purified MSP1E3D1 and ApoE422K membrane
scaffold proteins. (A) MSP1E3D1, and (B) ApoE422K before and after thrombin
cleavage reaction. The bands that corresponds to the final, purified product are
indicated in each panel with dashed boxes (32.6 kDa for MSP1E3D1, and 22 kDa for
ApoE422K). (C) SDS-PAGE of both proteins (left: MSP1E3D1, right: ApoE422K)
at saturating concentrations (∼ 100 𝜇M loaded in each lane) for evaluation of purity.
The impurity bands at lower weights are indicated with dashed boxes.

Overexpression and purification of membrane scaffold protein ApoE422K

ApoE422K, the N-terminal 22 kDa fragment of human apolipoprotein E4, was overex-

pressed and purified following a previously reported protocol with minor modifications

[315]. Briefly, thioredoxin-ApoE422K-full length fusion protein was overexpressed

from the plasmid pD451-SR containing containing a 6× histidine tag and kanamycin

antibiotic resistance (DNA 2.0), and purified with nickel affinity chromatography sim-

ilarly to the purification of MSP1E3D1. After nickel affinity purification, thrombin

(Sigma Aldrich) was added to the eluate for the cleavage of thioredoxin, and the mix-

ture was incubated overnight at RT. SDS-PAGE was used to monitor the progress of

the cleavage reaction (see the protein sequence below and Figure A-2B). Following

complete reaction, the product was purified once more with nickel affinity chromatog-

raphy. The purified protein was concentrated with a 10 kDa cutoff centrifugal filter

to a final concentration of several hundreds of 𝜇M (typically 100 − 300 𝜇M) and

aliquoted. Protein concentration was determined using the absorbance of the protein

at 280 nm and the extinction coefficient of ApoE422K at this wavelength (30, 940

M−1cm−1). The aliquots were flash frozen in liquid nitrogen and stored at −80∘C
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until further use.

Protein sequence for thioredoxin-ApoE422K-full length fusion protein and

thrombin cleavage sites

M S D K I I H L T D D S F D T D V L K A D G A I L V D F W A E W C G

P C K M I A P I L D E I A D E Y Q G K L T V A K L N I D Q N P G T A P

K Y G I R G I P T L L L F K N G E V A A T K V G A L S K G H L K E F L

N A N L A G S G S G H S S G L V P R G S G M K E T A A A K F E R Q H

M D S P D L G T D D D D K A L V P R G S G H H H H H H H D Y D I P

T T E N L Y F Q G K V E Q A V E T E P E P E L R Q Q T E W Q S G Q R

W E L A L G R F W D Y L R W V Q T L S E Q V Q E E L L S S Q V T Q E

L R A L M D E T M K E L K A Y K S E L E E Q L T P V A E E T R A R L

S K E L Q A A Q A R L G A D M E D V R G R L V Q Y R G E V Q A M L G

Q S T E E L R V R L A S H L R K L R K R L L R D A D D L Q K R L A V Y Q A G

The thrombin cleavage sites are labeled in bold. The sequence shaded in gray is

the cleavage product that was purified through the second nickel affinity column

chromatography and saved for nanodisc production.

Integrity of the purified membrane scaffold proteins

As shown in Figure A-2C, the SDS-PAGE images show several low molecular-weight

bands below the main band for both membrane scaffold proteins post-purification.

These bands originate from impurities known as endotoxin, which are unable to be

separated with nickel affinity chromatography, and thus are commonly found impu-

rities in protein purification [316]. While the intensities of these impurity bands vary

in each preparation, they are typically < 20% of that of the main band.

Preparation of lipids

Preparation of lipids was performed similarly to the method reported in earlier work

[146, 147]. Soy asolectin, a mixture of phospholipids, was purchased from Sigma
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Aldrich and used without further purification. A 25 mg/mL stock solution was pre-

pared by solubilizing asolectin in 0.05 M HEPES, 0.1 M NaCl, 0.04 M sodium cholate

(pH 7.5). The molar concentration of the lipid in the stock solution was determined

by phosphorus assay [317].

For nanodisc assembly reactions with glycolipid mixtures, monogalactosyldiacyl-

glycerol (MGDG), digalactosyldiacylglycerol (DGDG), sulfoquinovosyldiacylglycerol

(SQDG), and phosphatidylglycerol (PG) were purchased from Avanti Polar Lipids,

and each solubilized to a 5 mg/mL concentration in 0.05 M HEPES, 0.1 M NaCl,

0.04 M sodium cholate (pH 7.5).

The prepared stock lipid solutions were aliquoted and degassed of oxygen by bub-

bling in N2 gas. The aliquots were flash frozen and stored at −80∘C until further

use.

Assembly of 13 nm diameter LHCII nanodiscs with soy asolectin lipid

Purified MSP1E3D1, soy asolectin, and detergent-solubilized LHCII were mixed at a

molar ratio of 1 : 55 : 0.125. 400% excess MSP1E3D1 and lipid were used to minimize

contamination of the sample with nanodiscs embedding multiple LHCIIs in order

to prevent fluorescence quenching by LHCII self-aggregation. The MSP1E3D1:lipid

molar ratio was systematically varied to optimize the yield of the product, and an

optimal molar ratio of 1 : 55 : 0.125 was determined. The mixture was incubated at

4∘C shaking for 1 h. To remove the detergent, Bio-Beads SM-2 adsorbents (Bio-Rad)

were added to the reaction and incubated at 4∘C shaking for 1 h. Typically, 50 mg

of adsorbents were added per mL of reaction volume. Bio-Beads were removed by

centrifugation at 4,000 RPM for 20 min.

The product was purified by the 6× histidine tag of MSP1E3D1 on a nickel affinity

column. Following sample equilibration for 2 h at 4∘C on a nutating mixer, column

flow-through was collected and the column was washed with three column volumes

of 0.01 M HEPES, 0.02 M NaCl, 0.02 M imidazole, pH 7.5. The sample was eluted

with 0.01 M HEPES, 0.02 M NaCl, 0.4 M imidazole, pH 7.5 in fractions. Fractions

containing LHCII-loaded nanodiscs were determined by SDS-PAGE and linear ab-
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sorption. Imidazole in the purified nanodiscs was removed by buffer exchange into

0.01 M HEPES, 0.02 M NaCl, 0.5 mM EDTA, pH 7.5. The sample was further buffer

exchanged into 0.05 M HEPES, 0.15 M NaCl, pH 7.5.

The loaded nanodiscs were further purified by fast protein liquid chromatography

(FPLC) with a BioLogic DuoFlow (Bio-Rad) on a Superdex 200 Increase 10/300 GL

(GE Healthcare Life Sciences) at a flow rate of 0.75 mL min-1 in 0.05 M HEPES,

0.15 M NaCl, pH 7.5. Fractions of the main peak were collected and analyzed by lin-

ear absorption, SDS-PAGE, and transmission electron microscopy (TEM) to identify

the peak containing LHCII nanodiscs. TEM samples were prepared by the negative

staining method [318] with 2% uranyl acetate on negatively glow-discharged 400-mesh

Cu-carbon coated films (Electron Microscopy Sciences). Samples were imaged on a

FEI Tecnai (G2 Spirit TWIN) electron microscope operating at 120 kV. Characteri-

zation results are shown in Chapter 4, Figure 4-2.

Assembly of 13 nm diameter LHCII nanodiscs with glycolipids

To mimic the lipid composition of the native plant thylakoid membrane (∼50%

MGDG, ∼30% DGDG, ∼5−12% SQDG, and ∼5−12% PG) [319], glycolipid mix-

ture containing 50% MGDG, 27% DGDG, 12% SQDG and 11% PG was prepared

by mixing the stock aliquots prepared as described in Section A.2.1. Lipid mixture

without the non-bilayer-forming lipid MGDG was also prepared (62% DGDG, 17%

SQDG, 21% PG). Each lipid mixture was added to the nanodisc reaction at the same

molar ratio as for the reaction with asolectin (1 : 55 : 0.125). The nanodiscs were

prepared and characterized using the same protocol and methods described above for

soy asolectin (Figure A-3).

Assembly of 25 nm diameter LHCII nanodiscs with soy asolectin lipid

Larger-sized LHCII nanodiscs with ApoE422K membrane scaffold protein were pre-

pared similarly to those with MSP1E3D1. 400% excess ApoE422K and lipid were

used to minimize contamination of the sample with nanodiscs embedding multiple

LHCIIs in order to prevent fluorescence quenching by LHCII self-aggregation. Stoi-
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Figure A-3: Characterization of LHCII nanodiscs with glycolipids. (A) Fast
protein liquid chromatogram of empty (black) and loaded (green) LHCII nanodisc.
Shaded area indicates the fraction of loaded discs that was stored for spectroscopic
measurements. (B) SDS-PAGE (lane 1: protein standard, lane 2: LHCII nanodisc).
Both the membrane scaffold protein (MSP1E3D1, 32.6 kDa) and LHCII (25−27 kDa)
bands are identified. (C) Representative TEM image of the produced LHCII nan-
odiscs. Scale bar is 50 nm. (D) Size distribution analyzed for 150 objects imaged
with TEM. Mean diameter (𝑑) is 13.6 nm.

chiometry of the components was systematically varied to optimize the yield of the

product, and an optimal molar ratio of ApoE422K : LHCII: lipid = 1 : 0.042 : 180

was determined.

Incubation, removal of detergent, nickel affinity purification, and buffer exchange

were performed exactly as described for the 13 nm diameter nanodiscs. FPLC purifi-

cation could not be performed because the sample stuck to the size exclusion column,

resulting in > 90% loss of the product. The product was characterized with linear

absorption, SDS-PAGE, and TEM as described above (Figure 6-2, ⟨𝑁LHCII⟩ = 1).

A.2.2 Assembly of Membrane Nanodiscs Containing Multiple

Light-Harvesting Complex II Proteins

Purified ApoE422K, soy asolectin lipid, and detergent-solubilized LHCII were mixed

at systematically varied molar ratios to produce nanodiscs as shown in Table A.3.

Incubation, removal of detergent, nickel affinity purification, and buffer exchange

were performed exactly as described for nanodiscs containing a single LHCII com-

plex. Because the LHCIIs do not have histidine tags, self-aggregates of LHCIIs not

incorporated into the discs were removed in the flow-through and washes during
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Table A.3: Stoichiometry of the nanodisc reactions (per nanodisc).

⟨𝑁LHCII⟩ 2 3 4
LHCII 2 3 4
ApoE422K 6 6 6
Asolectin lipid 1,099.8 1,009.7 918.9

nickel affinity purification. FPLC purification could not be performed because the

sample stuck to the size exclusion column, resulting in > 90% loss of the product.

The product was characterized with linear absorption, SDS-PAGE, TEM, and fluo-

rescence correlation spectroscopy (FCS). The characterization results and additional

descriptions are included in Chapter 6, Section 6.9.1 (Figure 6-2 and Table 6.1).
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