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ABSTRACT 

Protein degradation is a key regulatory mechanism that controls protein homeostasis in all cells. 
Found in all domains of life, proteases of the AAA+ (ATPases associated with diverse cellular 
activities) superfamily perform targeted protein degradation of specific substrates. All AAA+ 
proteases consist of a hexameric AAA+ unfoldase and a compartmentalized peptidase. AAA+ 
proteases harness the energy of ATP hydrolysis to mechanically unfold and translocate 
substrates through the axial channel into the peptidase chamber for degradation. Degradation by 
AAA+ proteases is carefully regulated by several mechanisms, including selective recognition of 
specific peptide sequences in the substrate (called degrons), substrate-tethering sequences 
(called enhancement- or e-tags), and adaptor proteins.  

My thesis examines the structural basis of substrate recognition and degradation by the bacterial 
AAA+ proteases ClpAP and ClpXP, which are composed of either the double-ringed ClpA or the 
single-ring ClpX unfoldase in complex with the ClpP peptidase. Using covalently crosslinked 
ClpA–ClpP complexes, I interrogate the symmetry mismatch between the ClpA hexamer and the 
ClpP heptamer interface to establish that rotation of ClpA relative to ClpP is not required for 
proteolytic function, contrary to the prediction of structure-based models. Next, I present cryo-EM 
structures of ClpAP in complex with its adaptor ClpS and an N-degron substrate, revealing the 
degron-like binding of the ClpS NTE in the ClpA channel and an altered, ‘tucked’ pore-1-loop 
conformation. I also investigate the function of ClpA D1 pore-2 loops in adaptor-independent and 
ClpS-assisted degradation. Next, using engineered fusion proteins, I show that a Pro-Pro 
dipeptide (found in the ClpS junction) near a folded domain is sufficient for protection from ClpAP. 
Finally, I investigate the redox-sensitive mechanism of ClpXP degradation of the bacterial global 
transcription regulator FNR and demonstrate that the N-terminal e-tag is a ClpX-tethering motif 
and the C-terminal recognition signal is a pore-binding tag. Crystal structures of apo (oxidized) 
and [4Fe-4S]-bound holoFNR reveal how oxygen-induced conformational changes alter exposure 
of these two signals to selectively target the apo form for degradation. In summary, these studies 
identify distinct elements within enzymes, adaptors, and substrates that contribute specific 
functions during the multistep process of degradation by AAA+ proteases. 

 
Thesis Supervisor: Tania A. Baker 
Title: E.C. Whitehead Professor of Biology 
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BIOGRAPHICAL NOTE 

Sora Kim identifies as gender non-binary and uses they/them pronouns. 

 

PREFACE 

I use the first-person plural pronoun, “we”, in my thesis to refer to (i) collaborative work performed 
as noted in the author acknowledgments of each section, or (ii) my own ideas, which have been 
informed by discussions with my thesis advisors and members of the Baker and Sauer labs, as 
well as research by other investigators.  
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OVERVIEW 

In all cells, the continual, dynamic processes of protein synthesis and degradation determine the 

abundance of individual proteins. Cells control the rates of these opposing processes and monitor 

protein folding to maintain functional proteomes. Once synthesized, proteins exist in a 

conformational equilibrium, folding from nascent, unfolded states to energetically-favored native 

conformations, as well as misfolding into energetically competing, aggregate structures. Enzymes 

and factors in the protein quality control network refold, sequester, and eliminate proteins that 

misfold, aggregate, or become damaged or unneeded (Chen et al., 2011). For example, AAA+ 

(ATPases associated with diverse cellular activities) remodeling enzymes/unfoldases can 

function as chaperones to promote proper folding or as proteases (in a protein complex with a 

peptidase) to unfold and degrade specific proteins (Mogk et al., 2011). As proteolysis is 

irreversible and destructive, protein degradation by AAA+ proteases is carefully controlled to 

avoid indiscriminate activity (Mahmoud and Chien, 2018).  

This thesis focuses on the molecular principles regulating protein degradation by AAA+ proteases 

in bacteria. To contextualize my work on these enzymes, this section first provides background 

on the biological relevance of regulated proteolysis and the basic architecture of AAA+ proteases 

in prokaryotes and eukaryotes. The next portion of the introduction describes how substrate 

proteins are targeted for recognition by bacterial AAA+ proteases, followed by a section describing 

how additional proteins, called adaptors, modulate substrate recognition.  
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IMPORTANCE OF REGULATED PROTEIN DEGRADATION  

Targeted protein degradation performs protein quality control and regulates numerous cellular 

processes by altering the proteome in response to stimuli (Varshavsky, 2017; Mahmoud and 

Chien, 2018). Following exposure to stress, such as oxidative damage, heat shock, and nutrient 

starvation, or as a result of spontaneous fluctuations in protein conformation, proteases degrade 

proteins that become damaged, unfolded, misfolded, or aggregation-prone (Hartl and Hayer-

Hartl, 2009; Chen et al., 2011). By removing aberrant proteins, proteases also help alleviate 

chaperone-overload, thereby preventing excess non-native proteins from accumulating and 

allowing chaperones to effectively buffer against protein misfolding and aggregation.  

Although the detailed mechanisms of protein toxicity are poorly understood, misfolded proteins 

and aggregates can lead to dysfunctional protein homeostasis and even cell death due to (i) 

aberrant interactions with other proteins, membranes, and organelles, (ii)  the acquisition of 

detrimental function(s) from altered protein conformations, and (iii) by overwhelming the buffering 

capacity of the protein quality control network (Rao and Bredesen, 2004; Stefani, 2004; Valastyan 

and Lindquist, 2014; Gonzalez-Garcia et al., 2021).  In the absence of properly functioning 

proteolytic quality control pathways, cells accumulate these often-deleterious species, which 

contributes to pathological conditions, including cystic fibrosis, lysosomal storage disorders, 

cancer, and neurodegenerative diseases (Chen et al., 2011). For example, in breast, colon, liver, 

lung, and ovarian cancer cell lines and tumor tissues, mutations in the tumor-suppressor protein 

p53 induce aggregation into amyloid-like fibrils, which have been shown to promote oncogenesis 

and chemoresistance (Yang-Hartwich et al., 2015; Ghosh et al., 2017; de Oliveira et al., 2020; 

Navalkar et al., 2021). Conversely, cells often activate protein degradation pathways, such as the 

unfolded protein response and autophagy, to protect against apoptosis (Wang and Kaufman, 

2014; Mulcahy Levy and Thorburn, 2020). Rapidly dividing tumor cells in many cancer types also 
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frequently upregulate proteasomal degradation to meet their increased metabolic demands 

(Rousseau and Bertolotti, 2018; Morozov and Karpov, 2019). 

In addition to their central role in protein homeostasis, proteases help organisms respond to 

environmental changes often by degrading regulatory proteins. For example, proteases target cell 

cycle proteins for destruction at specific times, driving unidirectional cell division progression from 

one phase to another (King et al., 1996). Furthermore, proteolysis is a fast process that directly 

changes protein levels, allowing for rapid regulation of cellular processes compared to much 

slower mechanisms that rely on changes in transcription and translation (Mahmoud and Chien, 

2018). Thus, protein degradation is a fundamental regulatory mechanism involved in nearly all 

cellular processes ranging from the molecular to the organismal level, such as (i) gene 

expression, signal transduction, and stress responses, (ii) apoptosis, (iii) DNA repair, (iv) 

metabolism, (v) vesicular trafficking, (vi) immunity, and (vii) cell division, cell differentiation, and 

tissue morphogenesis (Brinkmann et al., 2015; Varshavsky, 2017; Mahmoud and Chien, 2018).   

AAA+ PROTEASES 

AAA+ (ATPases associated with diverse cellular activities) proteases use the energy of ATP 

hydrolysis to degrade damaged, unneeded, and/or regulatory proteins. AAA+ proteases consist 

of a AAA+ unfoldase/remodeling enzyme and a self-compartmentalized peptidase, which are 

either genetically-tethered by being encoded in the same gene or are assembled into stable 

complexes from separately encoded subunits. AAA+ unfoldases/remodeling enzymes are a 

subgroup of the AAA+ superfamily (described below, p. 20) that contain at least one AAA+ module 

(an evolutionarily conserved protein fold containing the ATPase) and a family-specific auxiliary 

domain. All AAA+ unfoldases/remodeling enzymes assemble into ring-shaped oligomers (usually 

hexamers), forming an axial channel lined with pore loops that bind a polypeptide substrate. 

Repeated cycles of ATP binding, hydrolysis, and product release drive conformational changes 
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in the AAA+ hexamer that transmit mechanical force through these pore loops to the bound 

substrate, resulting in (i) protein remodeling or (ii) protein unfolding and subsequent translocation 

of the unfolded polypeptide into the peptidase chamber (see Figure 1.1). 

 

Figure 1.1 Mechanism of AAA+ proteases and remodeling enzymes. 
(A) Protein substrate binding, unfolding, and translocation/degradation by AAA+ proteases. The 
AAA+ protease, which is composed of a hexameric AAA+ unfoldase and a 
self-compartmentalized peptidase, binds a protein substrate via pore loops located in the axial 
channel. Multiple cycles of ATP binding, hydrolysis, and product release power conformational 
changes in the AAA+ unfoldase that lead to substrate unfolding, followed by polypeptide 
translocation into the peptidase chamber where proteolytic active sites (serrated circles) cleave 
the polypeptide (yellow fragments). 
(B) Disassembly of protein complexes by AAA+ remodeling enzymes. Through axial pore-loop 
interactions with a protein substrate, AAA+ remodeling enzymes bind and remodel a specific 
component within the substrate complex, which results in ATP hydrolysis-driven protein complex 
disassembly. 
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In the absence of associated peptidases, AAA+ unfoldases/remodeling enzymes can remodel 

substrate proteins to induce conformational changes in tertiary structure and/or to disassemble 

protein complexes. For example, the unfoldase ClpX alone disassembles the DNA-bound 

tetrameric form of the bacteriophage MuA transposase, whereas the protease ClpXP (ClpX in 

complex with the ClpP peptidase) degrades MuA monomers (Levchenko et al., 1995; Kruklitis et 

al., 1996; Laachouch et al., 1996; Abdelhakim et al., 2008; Ling et al., 2015). Other AAA+ 

remodeling enzymes lack partner peptidases and work exclusively as remodeling or disassembly 

machines, including the major cellular disaggregases ClpB/Hsp104, which collaborate with the 

refolding chaperones DnaJ/Hsp70 and DnaK/Hsp40; the microtubule-severing enzyme katanin; 

and the membrane fusion enzyme NSF, which disassembles SNARE (soluble NSF attachment 

protein receptor) complexes upon completion of vesicle docking to allow SNARE subunit recycling  

(Sauer and Baker, 2011; Olivares et al., 2015). In contrast to AAA+ proteases, many AAA+ 

remodeling enzymes do not fully unfold their substrate proteins and instead selectively destabilize 

individual components of protein complexes to promote a specific conformational change 

(illustrated in Figure 1.1B) (Burton and Baker, 2005).    

Self-compartmentalized peptidases form barrel-shaped complexes with their active sites facing 

the interior of the peptidase chamber. The identity of these active-site residues varies among 

self-compartmentalized peptidases (e.g., the proteasome and HslV contain N-terminal Thr 

residues to serve as the catalytic nucleophile, the zinc metalloprotease protease FtsH uses 

Asp-zincin/HEXXH, Lon uses a Ser-Lys dyad, and ClpP uses a Ser-His-Asp triad),  and therefore 

contributes to different peptide cleavage specificities (Löwe et al., 1995; Wang et al., 1997; 

Bochtler et al., 2000; Sousa et al., 2002; Botos et al., 2004; Bieniossek et al., 2006; Suno et al., 

2006). Most self-compartmentalized peptidases are synthesized as proenzymes in which an 

N-terminal propeptide is autocatalytically removed to generate the active, mature form, and in 

some contexts, e.g., for the β subunits of the proteasome, to expose active-site residues hidden 
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in the unprocessed form (Thompson and Maurizi, 1994; Maupin-Furlow, Julie, 2000). For some 

peptidases, the propeptide promotes oligomerization by bridging the interface between 

neighboring subunits (Murata et al., 2009). Whereas for others, the oligomeric assembly helps 

position the proenzyme subunits for propeptide cleavage (Witt et al., 2006). Thus, formation of a 

barrel-shaped assembly sequesters peptidolytic active sites, limiting degradation to substrates 

selectively translocated by their AAA+ unfoldase partner. 

In complex with a AAA+ unfoldase, self-compartmentalized peptidases degrade polypeptide 

substrates that are translocated from the axial channel of the AAA+ enzyme. Narrow central pores 

that gate access to the proteolytic active sites block folded proteins from entering (Baumeister et 

al., 1998; Lee et al., 2010b). Furthermore, additional mechanisms prevent proteolysis in the 

absence of a AAA+ unfoldase partner. Binding of a AAA+ unfoldase partner often controls the 

width of the peptidase entrance pore by directly modulating the residues that sterically block the 

opening (Groll et al., 2000; Whitby et al., 2000; Rabl et al., 2008; Lee et al., 2010b; Effantin et al., 

2010; Fei et al., 2020a). Alternatively, proteolysis by these barrel-shaped enzymes can be 

controlled by allosteric mechanisms that induce an active conformation in the active-site residues 

upon binding of the AAA+ unfoldase (Yoo et al., 1996; Sousa et al., 2002; Kwon et al., 2003).  

The two components of AAA+ proteases separate protein unfolding/translocation and peptide 

cleavage into discrete, sequential activities; however, the two enzymes tightly couple their 

functions to support regulated protein degradation. Independently, neither the AAA+ 

unfoldase/remodeling enzyme nor the self-compartmentalized peptidase degrade folded proteins. 

Stressing the importance of coupling these enzyme activities, small-molecule agonists called 

acyldepsipeptides (ADEPs) that activate unfoldase-independent ClpP proteolysis kill bacteria as 

a result of uncontrolled degradation of nascent polypeptides and other unfolded proteins (Brötz-

Oesterhelt et al., 2005; Kirstein et al., 2009; Lee et al., 2010a; Li et al., 2010; Schmitz et al., 2014). 
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Similarly, targeting the AAA+ enzyme with cyclic peptide antibiotics that stimulate ATPase activity 

also uncouples the unfoldase from the peptidase, demonstrating bacteriocidal activity against 

both growing and dormant mycobacteria  (Schmitt et al., 2011; Vasudevan et al., 2013; Gavrish 

et al., 2014). 

AAA+ Protein Superfamily 

The AAA+ superfamily, which includes AAA+ unfoldases/remodeling enzymes, comprises a 

group of functionally diverse proteins found in all domains of life that contain a 

structurally-conserved AAA+ ATPase module of ~200–250 amino acids (Iyer et al., 2004; Snider 

et al., 2008; Wendler et al., 2012). The AAA+ module consists of an αβα/Rossmann-fold large 

domain, a connecting hinge-linker, and an α-helical small domain. ATP binding and hydrolysis 

occurs at the interface of the large and small domains, which have structural motifs that interact 

with the nucleotide and/or mediate catalysis (Table 1.1 and Figure 1.2A–C). These AAA+ motifs 

can act in cis (within the active site of the same subunit) or in trans (by contacting the ATPase 

site in a neighboring subunit). Nucleotide-binding site interactions between the large and small 

domains of adjacent AAA+ modules contribute to subunit packing, thus stabilizing oligomeric 

assemblies that are shaped like rings or helical filaments (Figure 1.2D–E, respectively). 

Intersubunit communication also promotes coordinated conformational changes within the AAA+ 

oligomeric complex, as nucleotide-induced changes in one AAA+ module can be propagated to 

its neighbors (Erzberger and Berger, 2006; Snider et al., 2008).  

By coupling ATP binding/hydrolysis to changes in conformation within an oligomeric assembly, 

many AAA+ proteins function as versatile molecular machines that perform energy-dependent 

mechanical work in a variety of cellular processes. In addition to protein quality control and 

regulated proteolysis, examples of processes using mechanical work by AAA+ proteins include 

DNA replication, which involves clamp loaders (e.g. replication factor C/RFC, DnaX), initiators 
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(e.g. Cdc6, DnaA), and helicases (e.g. MCM); vesicle transport by the microtubule motor protein 

dynein; homologous recombination and DNA repair by RuvB; and cofactor and pigment 

biosynthesis by cobaltochelatase and the magnesium chelatase BchI, respectively (Snider et al., 

2008; Lundqvist et al., 2010). To perform these diverse functions, AAA+ proteins interact with 

other proteins and/or use specialized auxiliary domains and adaptors (which mediate substrate 

recognition; see also “Adaptor-mediated Recognition by Bacterial AAA+ Proteases”, pp. 41–50), 

that support the core AAA+ module.  

Table 1.1 Conserved motifs in nucleotide-binding sites of AAA+ proteins.  
Structural elements in AAA+ modules that mediate nucleotide binding or catalysis, as summarized 
in (Erzberger and Berger, 2006; Snider et al., 2008).‘x’ is any residue and ‘h’ is any hydrophobic 
residue. A residue in parentheses refers to an optional residue, while those in brackets indicate 
the most commonly found residues at a given site. ‘cis’ or ‘trans’ refers to whether the motif 
contributes to function in the same AAA+ module or is provided from a neighboring subunit. 

motif consensus 
sequence function location in 

AAA+ module 

box-II none; within α-helix 
preceding β-sheet   adenine recognition (nucleotide binding) cis 

Walker-A GxxGxGK[T/S] interacts with β-phosphate of ATP; metal 
ion coordination (nucleotide binding) cis 

Walker-B hhhhDE metal ion coordination; catalytic base to 
activate water (catalysis) cis 

sensor-I polar residue 
[N/T/H] 

interacts with γ-phosphate of ATP or 
water in active site (catalysis) 

cis or trans 

sensor-II R or positively 
charged residue 

interacts with γ-phosphate of ATP 
(nucleotide binding and catalysis) 

cis or trans 

Arg finger R(R) interacts with γ-phosphate of ATP 
(catalysis) 

trans 
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Figure 1.2 Conserved structural elements of AAA+ modules. (A) Secondary structural 
elements in a AAA+ module (E. coli ClpX). ‘sensor-I*’ refers to the Glu303, which is not a canonical 
sensor-I residue. (B) Atomic model of a AAA+ module (E. coli ClpX PDB 6WRF), showing the 
large and small AAA+ domains. (C) Nucleotide-binding site showing structural elements involved 
in nucleotide binding and/or hydrolysis, colored as shown in (A). The large domain of an adjacent 
AAA+ module interacts with the small and large domain of the AAA+ module from (B); see boxed 
inset in (D) for reference. AAA+ modules can assemble into: (D) rings (PDB 6WRF) and (E) helical 
filaments (DnaA PDB 2HCB). 
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AAA+ proteins also contain additional structural features within the AAA+ module used to classify 

AAA+ clades, comprised of seven distinct evolutionary lineages (clamp loader, initiator, classic, 

superfamily III helicase, HCLR, H2-insert, and PS-II insert) (Iyer et al., 2004; Erzberger and 

Berger, 2006). AAA+ unfoldases/remodeling enzymes are members of either the classic or the 

HCLR clade. The insertion of secondary structural elements, as illustrated in Figure 1.3, 

distinguishes the classic clade (short α-helix between β2 and α2) from the HCLR clade (β-hairpin 

between α3 and β4). Classic clade members also lack a positively-charged sensor-II residue and 

have a second Arg finger. In some HCLR AAA+ unfoldases, such as ClpX, a flexible IGF/IGL loop 

(named after the residues Ile–Gly–Phe/Leu) stabilizes docking of the AAA+ unfoldase with its 

partner peptidase, ClpP (see next section on prokaryotic AAA+ proteases, p. 27). The β-hairpin 

insertion of ClpX contains a ClpX-specific RKH loop, named after its residues Arg-Lys-His, that 

functions similarly to pore-1 and pore-2 loops in substrate binding (Farrell et al., 2007; Martin et 

al., 2008; Fei et al., 2020a). 
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Figure 1.3 Classic and HCLR AAA+ clades. (A) Domain organization of the classic clade. 
Classic clade members lack a sensor-II arginine and have an additional Arg finger residue. Pore-1 
and pore-2 loops contact the substrate and transmit an unfolding or remodeling force. A short 
α-helical insert precedes the pore-1 loop. Bottom panel shows the large AAA+ domain of a 
representative classic clade AAA+ unfoldase (Yme1 PDB 6AZ0). (B)  Domain organization of the 
HCLR clade. Members of the HCLR clade contain a β-hairpin insertion before the sensor-I motif. 
The bacterial AAA+ unfoldases ClpA (D2) and ClpX also have an additional flexible IGL or IGF 
loop that mediates docking with the partner peptidase, ClpP (see next section on prokaryotic 
AAA+ proteases, p. 27). Bottom panel shows the large AAA+ domain of a representative HCLR 
clade member (ClpX PDB 6WRF). Adapted from Figure 2, Sauer et al., 2021. 
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The axial channel of both the classic and HCLR AAA+ unfoldases/remodeling enzymes is lined 

by pore-1 and pore-2 loops, which contact the protein substrate and transmit an unfolding or 

remodeling force powered by the energy of ATP hydrolysis. Each set of pore loops forms a spiral-

staircase arrangement that wraps around the bound substrate polypeptide, contacting every other 

residue of the polypeptide backbone (Figure 1.4A). The pore-1 loop contains a conserved 

aromatic residue, usually Tyr, that interacts with the substrate polypeptide and is flanked by 

additional residues that modulate the characteristics of the pore-1 loop itself or the surrounding 

environment in the axial channel (Puchades et al., 2020). For example, positively-charged Lys or 

Arg residues in many classic clade AAA+ motors form cation–π interactions with the pore-1 

aromatic residue, which stabilize subunit packing between adjacent AAA+ domains and the 

spiraling organization of pore loops in the axial channel (Figure 1.4B) (Gates et al., 2017; Han et 

al., 2017; Zehr et al., 2017; de la Peña et al., 2018; Lopez et al., 2020). Alternatively, the 

conserved aromatic residue in the pore-1 loop may be flanked by hydrophobic residues, such as 

Val or Trp, and by a Gly residue, which increases flexibility and changes the orientation of the 

aromatic sidechain (see tyrosines in Figure 1.4C) (Puchades et al., 2020). 

Pore-2 loops often mediate specialized functions specific to an enzyme’s biological activity. In 

contrast to the pore-1 loop, the substrate-interacting residues of pore-2 loops are also less 

conserved (Puchades et al., 2020). The pore-2 loops of the microtubule-severing enzymes 

katanin and spastin contain positively charged residues that neutralize the negative charge within 

their tubulin substrates (Johjima et al., 2015; Sandate et al., 2019; Zehr et al., 2020; Han et al., 

2020). Aromatic residues in the pore-2 loops of Yme1, AFG3L2, and human LONP1 contribute 

additional hydrophobic interactions with substrate, which are proposed to help these enzymes 

degrade hydrophobic membrane proteins and unfolded proteins (Puchades et al., 2017, 2019, 

2020; Shin et al., 2021). The sequence diversity of pore-1 and pore-2 loops thus reflects the 

varying functions of these loops in different AAA+ unfoldases/remodeling enzymes.  
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Figure 1.4 Substrate-binding modes of pore-1 
loops.  
(A) Spiraling organization of pore-1 loops. The 
conserved aromatic pore-1 loop residues contact 
two-residue segments of the substrate 
polypeptide (PDB 6AZ0). Alternating amino acids 
are colored yellow or light purple to depict the 
substrate-binding pattern.  
For (B) and (C), only the bolded amino acids are 
shown in sticks, for clarity. Not all pore-1 loops 
have modeled structures.  
(B) Positively-charged residues flanking the 
pore-1 aromatic residue contribute electrostatic 
interactions, such as cation-π, in yeast Vps4 (PDB 
6BMF).  
(C) Hydrophobic amino acids, such as Val, 
contribute additional hydrophobic interactions to 
the pore-1 aromatic residue in ClpX (PDB 6WSG). 
Additionally, the preceding Gly next to the pore-1 
Tyr increases flexibility; these pore-1 loop Tyr 
residues point downward, rather than upward as 
shown in panel (A).  
Adapted from Figure 5, Puchades et al., 2020.   

 

 

AAA+ unfoldases/remodeling enzymes can be classified as single-ring or double-ring enzymes, 

based on whether constituent subunits carry a single AAA+ module or tandem AAA+ modules. 

Each ring forms from the packing of small and large AAA+ domains of adjacent subunits, which 

usually self-assemble into a hexamer of homotypic AAA+ modules. Therefore, the assembly of 

two stacked rings, in which each AAA+ module hexamerizes into its own ring, constitutes most 

double-ring AAA+ unfoldases/remodeling enzymes. Reflecting the vast structural and functional 

diversity of AAA+ proteins, double-ring enzymes have evolved by multiple mechanisms. For 

example, the NSF/Cdc48/Pex family arose from internal gene duplication from a single ancestral 

member, whereas the tandem AAA+ modules of the ClpABC/Hsp104 family, referred to as D1 

and D2, appear to evolved from gene fusion of phylogenetically distinct AAA+ modules (Iyer et 
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al., 2004; Erzberger and Berger, 2006). Specifically, the N-terminal AAA+ module of this latter 

family, D1, shares sequence and structural features of the classic clade, but the C-terminal 

module, D2, is part of the HCLR clade (Iyer et al., 2004).  

In summary, all AAA+ proteins have conserved structural features within the core AAA+ module. 

Variations in the organization of secondary structural elements, as well as the insertion of auxiliary 

domains and/or additional AAA+ modules (in double-ring enzymes), diversify AAA+ proteins, 

allowing these enzymes to carry out numerous, specialized cellular functions. Within individual 

families of AAA+ remodeling/enzymes, specific residues in the pore-1 and pore-2 loops can 

fine-tune substrate interactions to modulate substrate specificity. In the next two sections, I will 

discuss how these structural features are adapted by AAA+ proteases to support regulated 

proteolysis in prokaryotes and eukaryotes.  

Prokaryotic AAA+ Proteases 

Prokaryotes possess several AAA+ proteases: FtsH, HslUV, Lon, ClpXP, ClpAP (usually in 

gram-negative bacteria) or ClpCP and ClpEP (generally in gram-positive bacteria), and the 

proteasomal Mpa•20S (in actinobacteria) or PAN•20S (in archaea) (Sauer and Baker, 2011; Gur 

et al., 2013; Mahmoud and Chien, 2018). The domain organization of these bacterial AAA+ 

proteolytic systems is provided in Figure 1.5. Specialized structural features, such as auxiliary 

domains and specific active-site residues within the peptidase domains, facilitate subcellular 

localization (e.g., transmembrane regions in the membrane-bound proteases FtsH and LonB), 

efficient function under various growth conditions, and recognition of distinct classes of 

substrates. 

The presence of multiple AAA+ proteases in prokaryotes suggests that each enzyme may operate 

in a defined cellular context. For example, in Bacillus subtilis, expression of the ClpP-associated 

ClpE unfoldase is tightly controlled by elevated temperatures, such that ClpE protein levels are 
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hardly detectable under standard growth conditions but rapidly accumulate following heat shock 

at 50°C (Derré et al., 1999; Gerth et al., 2004). Like ClpE, both ClpC and ClpX also partner with 

ClpP. In contrast to ClpE, protein abundance of ClpC and ClpX remains constant during 

exponential growth and into the entry of stationary phase. Furthermore, different enzymes have 

distinct substrate specificities. Compared to ClpXP, which selectively recognizes substrates with 

specific sequences called degrons (covered in further detail, see “Substrate Recognition by AAA+ 

Proteases in Bacteria,” p. 35), the Lon protease recognizes a broad range of damaged or 

misfolded proteins that have little sequence similarity via hydrophobic regions that would 

otherwise be buried in the core of natively folded structures (Gur, 2013; Mahmoud and Chien, 

2018). The membrane-bound proteases FtsH (found in most bacteria) and LonB (a Lon isoform 

usually found in archaea) degrade membrane proteins, as well as some cytoplasmic substrates 

(Gur, 2013; Bittner et al., 2017). Generally, ClpAP is the only AAA+ protease responsible for 

degrading N-end-rule substrates in most bacteria (see p. 39), albeit in mycobacteria, which do 

not encode a ClpA homolog, ClpCP is also capable of this activity (Ziemski et al., 2021).  

Multiple AAA+ proteases may exist in a cell as auxiliary backup systems, as exemplified by the 

partially-overlapping substrate specificity of ClpXP/ClpAP (e.g., ssrA-tagged substrates), 

Lon/ClpAP (e.g., the replication initiator DnaA in Caulobacter crescentus), and Lon/HslUV (e.g., 

RcsA, a transcription factor that activates the regulation of capsule synthesis operon, and the 

cell-division inhibitor SulA in E. coli) (Gottesman et al., 1998; Wu et al., 1999; Liu et al., 2016). 

Functional redundancy can be revealed by single-gene deletion mutants, as a single AAA+ 

protease may be dispensable for degradation of a substrate recognized by a second protease. 

Redundant AAA+ proteases may help ensure rapid, thorough elimination of shared substrates, 

especially essential regulatory proteins, such as DnaA, that become toxic when accumulated (Liu 

et al., 2016).  
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Beyond their central roles in protein quality control and proteostasis, AAA+ proteases regulate 

growth, cell development and differentiation, and environmental adaptation in many bacteria 

(Elsholz et al., 2017; Mahmoud and Chien, 2018). In E. coli, Borrelia burgdorferi, Bradyrhizobium 

japnonicum, Helicobacter pylori, and Streptococcus mutans, the membrane-bound FtsH protease 

is essential for viability (Tomoyasu et al., 1993; Zhongming and Taylor, 1996; Narberhaus et al., 

1999; Chu et al., 2016; Wang et al., 2021). By contrast, in C. crescentus, ftsH is dispensable for 

growth; instead, the cytoplasmic protease ClpXP is essential and is required for cell cycle 

progression to degrade several key regulatory proteins, such as the master regulator CtrA and 

PdeA, a phosphodiesterase that modulates levels of the global bacterial secondary messenger 

cyclic di-GMP (Jenal and Fuchs, 1998; Christen et al., 2005; Abel et al., 2011). In B. subtilis, 

ClpCP, ClpXP, and FtsH control multiple developmental processes, including competence, 

sporulation, biofilm formation, and motility (Elsholz et al., 2017). AAA+ proteases also mediate 

stress responses to DNA damage, nutrient starvation, and the accumulation of reactive oxygen 

species, promoting cell survival in changing environmental conditions and consequently, 

contributing also to the development of antimicrobial resistance (Galhardo et al., 2007; Pruteanu 

and Baker, 2009; Poole, 2012; Händel et al., 2015; Harms et al., 2016). 

Furthermore, AAA+ proteases have important roles in virulence regulation in many pathogens, 

making these enzymes promising drug targets for antimicrobial therapeutic use (Butler et al., 

2006; Pressler et al., 2016; Culp and Wright, 2017; Elsholz et al., 2017; Mahmoud and Chien, 

2018). Similar to the human 26S proteasomal inhibitors bortezomib, carfilzomib, and ixazomib 

used to treat multiple myeloma and lymphoma, ClpP can be chemically targeted by covalent 

active-site inhibitors using β-lactone and phenyl ester scaffolds, as well as by the naturally-

produced azabicyclenes (Hong et al., 2019; Patteson et al., 2019; Jayaweera et al., 2021; Culp 

et al., 2022). However, due to the conserved catalytic mechanism of AAA+ proteases, many of 

these covalent ‘suicide’ protease inhibitors exhibit off-target inhibition of human orthologs. Hence, 
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other therapeutic strategies that perturb unfoldase‒peptidase interactions in regions that are more 

divergent between bacterial and human enzymes, such as ADEP ClpP activators and AAA+ 

unfoldase uncouplers (described previously, pp. 18‒19) can achieve specificity against bacterial 

proteases. 

 
Figure 1.5 Bacterial AAA+ proteases. Domain organization of AAA+ proteases found in 
prokaryotes showing auxiliary domains, such as the N-domain (N), transmembrane-domain (TM), 
intermediate-domain (I), and middle-domain (M); AAA+ modules; and peptidase domains (ovals). 
Insertions in the AAA+ modules are shown by a break in the large AAA+ domain cartoon. For 
separately encoded subunits that form a functional AAA+ protease complex, the unfoldase is on 
the left side of the hyphen in the label, and the peptidase is on the right. The AAA+ unfoldase may 
consist of a single AAA+ module or tandem AAA+ modules called D1 and D2. Classic clade AAA+ 
modules are indicated in green; HCLR clade AAA+ modules are indicated in blue. The peptidase 
active-site residues are provided in text above. Adapted from Figure 2, Sauer and Baker, 2011 
and Figure 1.1, Gur et al., 2013.  
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Prokaryotic AAA+ proteases consist of various assemblies of AAA+ unfoldases and 

self-compartmentalized peptidases (Figure 1.5). As mentioned earlier (p. 16), some AAA+ 

unfoldase and peptidase partners, such as Lon and FtsH, are genetically-tethered in the same 

polypeptide, whereas others are encoded by two separate genes and associate to form a 

two-component complex. All AAA+ proteases share a similar architecture constituted by 

coaxially-stacked rings, in which the unfoldase and the peptidase each assemble into ring-shaped 

oligomers. For example, the ClpXP complex is composed of a single ClpX6 ring and two 

back-to-back heptameric rings of a ClpP14 tetradecamer. Additionally, AAA+ proteases formed by 

the complex of separate unfoldase and peptidase components can adopt a singly-capped (in 

which only one AAA+ ring unfoldase docks with its peptidase partner) or a doubly-capped 

structure (in which two AAA+ rings dock on both sides of the peptidase rings) (Grimaud et al., 

1998; Ramachandran et al., 2002). 

Each unfoldase pairs exclusively with a specific self-compartmentalized peptidase, such that HslU 

partners with the HslV peptidase, but not ClpP; and ClpX, ClpA, ClpC, and ClpE partner with 

ClpP—but not HslV. Interestingly, HslU does not contain an IGF/IGL (or more broadly, the 

consensus tripeptide [L/I/V]-G-[F/L]) loop, which ClpX/A/C/E unfoldases use to dock with ClpP 

(Kim et al., 2001). HslU instead docks with HslV via its C-terminal tails, with the consensus 

sequence D-L-[S/A]-[R/K/A]-[Y/F]-I-L (Seong et al., 2002). This difference in docking mechanisms 

is also reflected in the subunit interface of the unfoldase and peptidase. HslUV contains a 

symmetrical docking interface between the HslU6 ring hexamer and the two-stacked hexameric 

rings of HslV12
 (Bochtler et al., 2000; Sousa et al., 2000). By contrast, the docking interface ClpX 

and other unfoldases that partner with ClpP features a mismatch between the hexameric AAA+ 

unfoldase and the seven-fold symmetric ClpP rings (Kessel et al., 1995; Grimaud et al., 1998; 

Beuron et al., 1998; Bewley et al., 2006).  
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In addition to possessing several AAA+ proteases, some prokaryotes also encode multiple copies 

of AAA+ protease components. In actinobacteria, cyanobacteria, and subsets of other phyla, 

multiple ClpP isoforms further diversify the composition of AAA+ proteases (Yu and Houry, 2007; 

Nishimura and Van Wijk, 2015). Alternative ClpP isoforms in some bacteria modulate biofilm 

formation and virulence, as well as physiological adaptation to stress conditions (Gaillot et al., 

2001; Qiu et al., 2008; Raju et al., 2012; Hall et al., 2017; Bhandari et al., 2018; Mawla et al., 

2021). ClpP isoforms may assemble into homo-heptamers (made up of only one ClpP isoform) 

or hetero-heptamers (ring formed by a mixture of multiple isoforms) that can be combined to 

create homocomplexes (e.g., ClpP14) or heterocomplexes (e.g., two stacked rings of different 

homoheptamers or two stacked rings of heteroheptamers). Thus, combinations of different ClpP 

subunits can generate ClpP assemblies with distinct biochemical activities, such as peptide 

cleavage specificities and interactions with specific AAA+ unfoldases. Similarly, the 20S 

peptidase (usually found in mycobacteria and archaea), also known as the core particle, is 

composed of two different types of peptidase subunits: α, which lacks peptidolytic activity and 

forms the outer rings of the core particle, and β, which contains peptidase active-site residues 

and constitutes the inner rings at the center of the core particle (Maupin-Furlow, 2011). The 20S 

peptidase assembles into four stacked rings with an α7β7β7α7 arrangement, in which the outer α7 

rings dock with the unfoldase Mpa (from mycobacteria) or PAN (from archaea) to form prokaryotic 

proteasomes (Figure 1.6). Both the prokaryotic and eukaryotic proteasomal unfoldases contain 

a hydrophobic-Tyr-X (any residue) motif used to dock with the α-rings of their 20S partners 

(Maupin-Furlow, 2011). 

Eukaryotic AAA+ Proteases 

Eukaryotes principally utilize a single AAA+ protease, the 26S proteasome, in their main cellular 

compartments, the nucleus and cytosol, although several homologs of bacterial AAA+ proteases 

are also found in mitochondria, chloroplasts, and other organelles derived from prokaryotic 



33 
 

endosymbionts (Glynn, 2017; Bard et al., 2018; Bouchnak and van Wijk, 2021). Sharing the 

stacked-ring architecture of all AAA+ proteases, the 26S proteasome consists of the 20S core 

particle peptidase and the 19S RP, or regulatory particle (containing the AAA+ unfoldase) (Figure 

1.6). The 19S RP can be subdivided into the lid (a multiprotein subcomplex functioning in 

regulation, recognition, and scaffolding) and the base (a hetero-oligomeric AAA+ unfoldase ring 

containing six different ATPase Rpt1-6 subunits in complex with the non-ATPase Rpn1, Rpn2, 

Rpn13 subunits) (Bard et al., 2018).  

The composition of the 26S proteasome varies depending on the assembly of proteasomal 

subunits under different conditions or expression in certain tissues, such as the thymus (Murata 

et al., 2009). The eukaryotic 20S core peptidase differs from its prokaryotic counterparts, as it is 

composed of seven distinct α and seven different β subunits, of which only three β subunits are 

active (Maupin-Furlow, 2011). Interestingly, each catalytic β subunit has a unique peptide-bond 

cleavage preference despite using the same catalytic mechanism, as demonstrated by the 

activities of caspase-like β1 (acidic residues), trypsin-like β2 (basic residues), and 

chymotrypsin-like β5 (hydrophobic residues) (Arendt and Hochstrasser, 1997; Rousseau and 

Bertolotti, 2018). The immunoproteasome, a specialized form of the constitutive 26S proteasome, 

contains alternative catalytic β subunits, β1i, β2i, and β5i. These immunosubunits are 

conditionally expressed in response to proinflammatory cytokines and oxidative stress and have 

altered cleavage specificities compared to their constitutively expressed counterparts (Murata et 

al., 2018; Rousseau and Bertolotti, 2018). The 26S proteasome’s elaborate three-part structure 

allows multi-level regulation of proteasomal activity: e.g., controlling the assembly of lid, base, 

and core components, recruitment to specific subcellular sites, and modulation by 

post-translational modifications (Livneh et al., 2016; Bard et al., 2018). 
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Figure 1.6 Stacked-ring assembly of AAA+ proteases. AAA+ proteases in all domains of life 
assemble as stacked rings and can be singly-capped (e.g., ClpX6:ClpP14) or doubly-capped (e.g., 
ClpX6:ClpP14:ClpX6). Bacterial AAA+ proteases, such as ClpXP, consist of a homohexameric 
AAA+ unfoldase and usually a homo-oligomeric peptidase, such as ClpP14. Prokaryotic 
proteasomes have identical AAA+ unfoldase subunits and homoheptameric α7 and β7 rings. In the 
eukaryotic 26S proteasome, both the AAA+ unfoldase (Rpt1–6) and peptidase (α7 and β7) rings 
are composed of distinct subunits. The eukaryotic 26S proteasome consists of the 19S regulatory 
particle—which is formed by the base (containing the Rpt ring unfoldase), lid, and Rpn10—and 
the 20S peptidase. Both the prokaryotic Mpa/PAN and the eukaryotic 19S regulatory particle dock 
only to the outer α7 rings of the 20S peptidase.  



35 
 

SUBSTRATE RECOGNITION BY AAA+ PROTEASES IN BACTERIA 

Bacterial AAA+ proteases use multiple strategies to recognize and degrade specific classes of 

substrate proteins. In the simplest form of recognition, an unstructured peptide sequence (called 

a degron) in a substrate protein binds specifically to the axial pore loops in the AAA+ unfoldase 

(Figure 1.7A) (Sauer and Baker, 2011). Substrate recognition may also require assistance from 

additional interactions with the auxiliary domains of the AAA+ unfoldase (Figure 1.7B), which 

occur directly (enzyme•substrate), or are mediated by adaptor proteins (see next section, p. 41) 

via an enzyme•adaptor•substrate complex (Figure 1.7C). Although degrons have been defined 

in multiple ways, in this thesis, a degron refers to the minimal element sufficient for specific 

recognition by bacterial AAA+ proteases, or more simply a pore-binding peptide sequence 

(Varshavsky, 1991; Yang and Bedford, 2012). By contrast, eukaryotic recognition by the 26S 

proteasome requires both a proteasome-binding tag (a polyubiquitin chain covalently attached to 

a lysine residue in the substrate) and an initiation region (an unstructured polypeptide tail usually 

~20–30 residues long) from which the proteasome engages the substrate polypeptide for 

processive unfolding and translocation (Inobe et al., 2011; Tomita and Matouschek, 2019).  

 
Figure 1.7 Substrate recognition interactions. (A) All substrates require a degron for binding 
to the pore loops of the AAA+ unfoldase. (B) Some substrates also utilize an enhancement tag 
(or e-tag; colored red) to bind to an auxiliary domain. Only one N-domain (out of six in the AAA+ 
hexamer) is shown here for clarity. (C) Alternatively, an adaptor protein (colored orange) can 
tether the substrate to the N-domain via an indirect recognition mechanism. Serrated circles in 
peptidase chamber represent peptidolytic active-site residues. 
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As mentioned earlier, different AAA+ proteases in bacteria have distinct substrate specificities, 

often due to the recognition of specific degrons. However, some have overlapping substrate 

specificities, which recognize a subset of shared substrates either by interacting with the same 

degron or with different degrons in the same protein. Because binding to a substrate protein 

requires conformational access to the degron, modulating the exposure of degron sequences is 

a critical regulatory mechanism for substrate recognition. Degrons are often found at or near the 

N– or C–termini of substrate proteins, as these areas are frequently solvent-exposed, but can 

also be located internally (Hoskins et al., 2002; Okuno et al., 2006; Gur and Sauer, 2008a). 

Degrons can become conditionally exposed by (i) proteolytic cleavage or processing to generate 

fragments with accessible degrons (e.g., LexA, RseA), (ii) conformational change, (iii) protein 

unfolding (e.g., following heat shock), and (iv) subunit dissociation (Baker and Sauer, 2006). 

ssrA-tagging and ssrA-like Degrons 

The ssrA tag is a degron that is appended to the C-termini of nascent polypeptides via 

trans-translation, a quality control mechanism used in bacteria to rescue stalled ribosomes. 

Ribosomes often stall on aberrant mRNAs i.e. those that lack a stop codon, which may result from 

incomplete transcription or nuclease cleavage; mRNAs that contain rare codons; and in response 

to conditions that promote translational stalling, such as amino acid starvation (Roche and Sauer, 

1999, 2001; Karzai et al., 2000; Hayes et al., 2002). The ssrA gene encodes transfer-messenger 

RNA (tmRNA), which has properties of both tRNA and mRNA, containing the ssrA-peptide-coding  

open reading frame (ORF). In the ssrA-tagging system, this tmRNA molecule is charged with 

alanine and forms a complex with SmpB (small protein B) and EF-Tu (elongation factor Tu) 

(Karzai et al., 2000; Janssen and Hayes, 2012). The Ala-tmRNA•SmpB•EF-Tu ternary complex 

binds to the A site of a stalled ribosome, which then transfers the nascent polypeptide chain to 

the alanine on the tmRNA. The stalled ribosome resumes translation by switching from the 

aberrant mRNA to the stop codon-carrying ssrA ORF (in the tmRNA message), thus allowing 
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translational termination and ribosome recycling (Figure 1.8). ssrA-tagging occurs frequently, 

with an estimated one in 20 to 200 translation events in E. coli resulting in ssrA tag addition (Roche 

and Sauer, 2001; Lies and Maurizi, 2008). These abundant ssrA-tagged polypeptides are 

recognized and degraded by the AAA+ proteases ClpXP, ClpAP, and FtsH in most bacteria or by 

Lon in many Mycoplasma species, which lack Clp enzymes (Gottesman et al., 1998; Herman et 

al., 1998; Choy et al., 2007; Gur and Sauer, 2008b; Ge and Karzai, 2009). 

Figure 1.8 ssrA-tagging system. 
The Ala-tmRNA•SmpB•EF-Tu complex 
binds to a stalled ribosome. 
Transpeptidation proceeds, during which 
the nascent polypeptide is transferred to 
the alanine in the tmRNA. Then, 
translation resumes, switching from the 
mRNA causing the stall over to the 
tmRNA message (the ssrA tag ORF). 
Once the tmRNA encoding the ssrA tag 
is translated, translation is terminated, 
freeing the ribosome for recycling and the 
ssrA-tagged protein. EF-Tu is shown in 
purple, SmpB is in magenta, the ssrA 
ORF is in red, and the alanine is in 
yellow. The green shape represents 
RNase cleavage of the stall-causing 
mRNA species. 
Adapted from Figure 1, Janssen and 
Hayes, 2012.  
 
 

 

ClpAP and ClpXP recognize partially overlapping regions of the ssrA tag, which has the sequence 

AANDENYALAA-COO- in E. coli (Keiler et al., 1996). ClpA interacts with AANDENYALAA-COO-
 

(underlined residues), likely recognizing a pattern of aliphatic residues. By contrast, ClpX, which 

binds LAA-COO- in its axial channel, recognizes specific side chains localized near the C-terminus 

(Flynn et al., 2001; Fei et al., 2020b). Furthermore, this three-residue sequence in the ssrA tag is 
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the representative member of a class of ssrA-like ClpXP degrons, named C-motif 1 (Flynn et al., 

2003). Importantly, the other C-motif 1 degrons do not require ssrA-tagging and instead, are 

encoded endogenously in the polypeptide sequence. The extent of ClpAP recognition of proteins 

bearing these C-motif 1 degrons is still poorly characterized, as is the conservation of multiple 

protease recognition sites within the ssrA tag across bacterial species. For adaptor-assisted 

recognition of the ssrA tag, see p. 42. 

Enhancement Tags 

Enhancement tags (e-tags) are peptide sequences in substrate proteins that bind to the auxiliary 

domains of AAA+ proteases and function in conjunction with a degron, which binds to pore loops 

in the unfoldase axial channel (Figure 1.7A, p. 35). Serving as molecular tethers in the 

enzyme•substrate complex, e-tags often enhance the affinity of a weakly-recognized degron by 

increasing the effective concentration of the substrate (Figure 1.7B). In the UmuD/UmuD′ 

heterodimer, the full-length UmuD subunit is tethered to the ClpX N-domain, while UmuD′ (which 

is generated by DNA damage-induced autocleavage) binds in the ClpX channel (Neher et al., 

2003). In the absence of the N-domain or as a result of mutating e-tag residues that interact with 

the N-domain, degradation of UmuD′ is severely diminished (Gonzalez et al., 2000; Neher et al., 

2003). Interestingly, the UmuD/D′ heterodimer forms preferentially, minimizing degradation of 

full-length UmuD2 homodimers. Because the DNA damage-inducible UmuD′ subunit lacks the 

e-tag, only the UmuD precursor can dock with the N-domain and thus, specifically targets its trans-

subunit (UmuD′) for ClpXP degradation. 

By coupling multiple recognition signals (at least one degron and at least one e-tag), e-tags enable 

combinatorial control of substrate unfolding/remodeling, such that accessibility of both the 

pore-binding degron (or more simply, the pore-tag) and e-tag are necessary for optimal 

degradation. Furthermore, substrates featuring e-tags also allow specific oligomeric states to be 

selectively recognized, which is especially advantageous for remodeling and/or disassembly 
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reactions of multimers or protein complexes. For example, complex disassembly of the MuA 

tetramer by ClpX is most efficient using a combination of an intrinsically weak pore-tag and two 

or more e-tags. Although both MuA monomers and multimers contain the MuA pore-tag and the 

N-domain-binding e-tag, only the MuA tetramer, which supports multivalent ClpX interactions, is 

efficiently remodeled. Spatial constraints of these recognition signals prevent simultaneous 

binding to the ClpX N-domain and pore within a single subunit, allowing MuA monomers to bind 

only one of the two ClpX sites at a given time (Ling et al., 2015).  

The Bacterial N-end Rule Pathway 

The N-end rule pathway refers to the proteolytic systems in bacteria and eukaryotes that 

recognize proteins containing N-degrons usually defined by a single amino acid at the N-terminus 

of the substrate polypeptide. Historically, the ‘N-end rule’ categorized N-terminal residues as 

‘destabilizing’ (promoting degradation) or ‘stabilizing’ (not promoting degradation) (Varshavsky, 

2011). The identity of N-end (de)/stabilizing residues varies among different organisms, as do the 

proteolytic mechanisms utilized to recognize N-degrons. In eukaryotes, E3-ubiquitin ligases 

recognize N-end-rule substrates, resulting in their covalent attachment to ubiquitin (a 

highly-conserved eukaryotic protein that marks ubiquitin-conjugated proteins for degradation by 

the 26S proteasome) (Varshavsky, 2011, 2019). In bacteria, the N-end-rule degradation 

machinery consists of ClpAP, its adaptor ClpS (see p. 44), and the aminoacyl-transferases Aat 

and Bpt (Tobias et al., 1991; Shrader et al., 1993; Erbse et al., 2006; Graciet et al., 2006; 

Varshavsky, 2011, 2019). E. coli ClpS directly recognizes proteins bearing a Phe, Trp, Tyr, or Leu 

at the N-terminal position, or a primary destabilizing N-end residue, and delivers these substrates 

to ClpAP for degradation (Figure 1.9). Alternatively, the L/F-transferase Aat appends Leu (or Phe) 

primary destabilizing residues to proteins bearing N-terminal Lys or Arg (hence referred to as 

‘secondary’ destabilizing residues). Bpt is an L-transferase that conjugates Leu to Asp and Glu 

secondary destabilizing residues (Varshavsky, 2019).  
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Figure 1.9 The bacterial N-end rule. ClpAPS degrades proteins containing a Phe, Trp, Tyr, or 
Leu residue at the first N-terminal position (primary destabilizing N-end residues) and an 
N-terminal peptide tail of six or more residues (includes the N-end residues). The modifying 
enzyme Aat appends a primary N-end Leu or Phe to the residues indicated, while Bpt (which is 
present in Vibrio vulnificus) appends only a primary N-end Leu. In Salmonella enterica, 
hydrophobic residues at the fourth position from the N-terminus are also recognized by ClpAPS. 

Bacterial N-end-rule degrons are generated through various mechanisms and are modulated by 

additional sequence elements that influence the strength of ClpAPS recognition. In addition to a 

destabilizing N-end residue, the N-end-rule substrate also requires an unstructured peptide ‘tail’ 

of at least six residues prior to its folded domain for productive degradation, presumably to provide 

a long enough sequence for pore-loop engagement by ClpAP (Wang et al., 2008a). Primary 

N-end residues are typically revealed by proteolytic processing (Humbard et al., 2013). However, 

some studies suggest that initiating Met residues may not need to be removed for proteins 

containing formylated-Met1 or hydrophobic residues at the fourth position from the N-terminus 

(Piatkov et al., 2015; Gao et al., 2019). Furthermore, residues adjacent to the N-degron can 

influence recognition, as shown by the inhibitory effect of negatively charged side chains at the 

second position and the importance of a short hydrophobic motif within the first 12 residues of a 

subset of N-end-rule substrates (Wang et al., 2008a; Ninnis et al., 2009). 
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Post-translational Modifications and Tagging as Degradation Markers   

Prokaryotic AAA+ proteases can use post-translational tagging systems to selectively target 

proteins for degradation, without relying on the proteolytic machine or an adaptor to recognize 

specific amino acid sequences within substrates. In B. subtilis, arginine phosphorylation by the 

kinase McsB marks proteins for degradation by ClpCP (Kirstein et al., 2007; Elsholz et al., 2012; 

Trentini et al., 2016). In mycobacteria, the enzymes PafA (proteasome accessory factor A) and 

Dop (deamidase of Pup) attach specific lysine residue(s) of substrate proteins to a C-terminal 

diglycine motif in Pup (prokaryotic ubiquitin-like protein). The eukaryotic 26S proteasomal 

ubiquitination system similarly features conjugation of a small protein (ubiquitin) containing a 

C-terminal diglycine onto lysine residues in the substrate (Striebel et al., 2014). However, unlike 

ubiquitin, Pup is an intrinsically disordered protein, except for the formation of a helix (res. 21–64) 

when docked with Mpa•20S (Wang et al., 2010). Pupylated proteins dock directly with the 

N-domains of the AAA+ protease and the Pup sequence is engaged by pore loops in the AAA+ 

channel (Striebel et al., 2014; Kavalchuk et al., 2022). By contrast, ubiquitinated proteins dock to 

the lid complex in the 26S proteasome, which removes ubiquitin chains from the substrate prior 

to engagement of its unstructured initiation region by the Rpt-ring AAA+ unfoldase for degradation 

(Bard et al., 2018). Whether or not Pup is degraded by Mpa•20S following engagement by pore 

loops or recycled, in a manner analogous to ubiquitin removal and recycling in eukaryotes, is an 

active area of investigation (Striebel et al., 2010; Zerbib et al., 2021). 

ADAPTOR-MEDIATED RECOGNITION BY BACTERIAL AAA+ PROTEASES  

Adaptor proteins expand the repertoire of substrate recognition and selection, providing another 

critical level of conditional regulation that can be induced in response to changing conditions. 

Adaptors often function as molecular matchmakers, tethering substrates to the auxiliary domains 

of AAA+ proteases and thus, tighten affinity by increasing the substrate’s effective concentration 

relative to the unfoldase channel (Figure 1.7C, p. 35) (Sauer and Baker, 2011). Alternatively, 
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some adaptors modulate the exposure of degrons in the substrate (e.g., the adaptor RssB and its 

substrate, the alternative sigma factor RpoS) or tune the substrate specificity of the AAA+ 

unfoldase itself, as suggested by the ClpXP ‘priming’ activity of the CpdR adaptor in C. crescentus 

(Mahmoud and Chien, 2018). Additional proteins, called anti-adaptors, inhibit adaptor-mediated 

recognition by binding to adaptors, preventing adaptor•substrate interactions (Battesti and 

Gottesman, 2013). Consequently, the combination of multiple adaptor and anti-adaptor proteins 

can create complex, multi-tiered hierarchies that regulate proteolysis during bacterial growth, 

development, and adaptation to stress (Joshi et al., 2015; Mahmoud and Chien, 2018). Here, I 

describe SspB and ClpS in further detail as examples of representative adaptors. 

SspB, a specificity-enhancement factor for ClpXP   

Although ClpXP degrades ssrA-tagged substrates in the absence of an adaptor protein, SspB 

further enhances ClpXP recognition, tightening the KM for degradation of an ssrA-tagged GFP 

substrate by ~five-fold and increasing the Vmax by ~25% (Levchenko et al., 2000). Each subunit 

of the SspB homodimer is composed of a substrate-binding domain and a flexible C-terminal tail 

containing the XB motif (LRVVK, residues 161–165) that interacts with the ClpX N-domain (Song 

and Eck, 2003; Levchenko et al., 2003; Wah et al., 2003). Both SspB tails are needed for optimal 

delivery of ssrA-tagged substrates, but only one tail binds per ClpX N-domain dimer (Figure 

1.10A). The ClpX N-domain also dimerizes, limiting the total number of available SspB binding 

sites to three N-domain dimers (per ClpX hexamer). Consequently, only one SspB dimer likely 

binds to ClpXP, occupying two of the three possible SspB tail binding sites (Bolon et al., 2004).  

SspB differentially regulates ClpXP and ClpAP recognition of ssrA-tagged substrates due to its 

interactions with specific residues in the ssrA tag. The SspB substrate-binding domain binds to a 

portion of the ssrA tag, AANDENYALAA-COO- (underlined residues), that does not overlap with 

the critical C-terminal segment needed for ClpX pore-loop engagement (LAA-COO-) (Flynn et al., 

2001). Both the ClpX pore loops and SspB can concurrently bind an ssrA-tagged protein in the 
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adaptor•substrate•ClpXP ternary complex, albeit with relatively minor steric clashes due to the 

close spacing between the two binding sites in the ssrA tag (Hersch et al., 2004). Conversely, 

SspB and ClpA compete for binding to overlapping residues (AANDENYALAA-COO-, 

ClpA-binding residues underlined, SspB/ClpA overlap in bold), allowing SspB to function both as 

a competitive inhibitor for ssrA-tagged protein degradation by ClpAP and an enhancer for ClpXP 

degradation of these substrates (Flynn et al., 2001). Interestingly, the N-terminal fragment of 

RseA (residues 1–108), a ClpXP substrate, competes with ssrA-tagged substrates for binding to 

overlapping sites in SspB, demonstrating the interplay of substrates, adaptors, and AAA+ 

proteases in recognition (Levchenko et al., 2005).  

 
Figure 1.10 Adaptor–AAA+ protease delivery complexes. N-domains not bound by adaptor 
proteins are in gray outlines. (A) The SspB dimer tethers an ssrA-tagged substrate to the ClpX 
N-domain dimers. The C-terminal tail containing the XB (ClpX-binding) motif of each SspB subunit 
binds to a distinct ClpX N-domain dimer. An ssrA-tagged substrate can simultaneously bind to 
SspB and pore loops in the ClpX axial channel. (B) ClpAPS•N-end-rule substrate high-affinity 
delivery complex. The ClpS core domain binds the ClpA N-domain, and the ClpS NTE is engaged 
by ClpA pore loops.  
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ClpS, an adaptor protein that reprograms ClpAP  

ClpS is a bifunctional regulator, promoting ClpAP degradation of N-end-rule substrates and 

inhibiting degradation of ssrA-tagged substrates and other classes of substrates recognized 

directly by ClpAP (Dougan et al., 2002; Erbse et al., 2006; Wang et al., 2008b; Torres-Delgado et 

al., 2020). ClpS (~10 kDa) contains a normally intrinsically disordered N-terminal extension (NTE, 

residues 1–25) and a folded core domain (residues 26–106) that has a hydrophobic N-end residue 

binding pocket (Figure 1.11A). The ClpS substrate-binding pocket, in which Asn47, Asp49, and 

His79 (in C. crescentus) participate in hydrogen bonding with the protonated α-amino group of the 

N-end residue, is preformed and accessible in the free adaptor (Wang et al., 2008b; Román-

Hernández et al., 2009, 2011). Structures of the ClpS pocket bound to substrates carrying a 

primary destabilizing N-end residue are nearly identical to the apo structure (Figure 1.11B) 

(Román-Hernández et al., 2009). Consequently, binding of the N-end-rule substrate to ClpS has 

a relatively low entropic cost, as this step only requires proper conformational selection of a small 

number of primary destabilizing N-end rotamers. Conversely, ClpS binding to poorly recognized 

N-terminal residues, such as Met, is disfavored due to having a much larger range of possible 

rotamers (carries a larger entropic penalty), or as a result of steric clashes with other residues in 

the ClpS pocket (Wang et al., 2008b; Román-Hernández et al., 2009). For example, ClpS Met53 

excludes β-branched amino acids, such as Ile and Val. An M53A ClpS variant has expanded 

N-end-rule specificity, as this mutant has a larger binding pocket and can thus deliver substrates 

carrying these bulkier amino acids for efficient degradation by ClpAP (Figure 1.11C) (Wang et 

al., 2008b). 
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Figure 1.11 ClpS preformed substrate-binding pocket.  
(A) The ClpS core (C. crescentus PDB 3G19) contains a hydrophobic binding pocket. The ClpS 
core is colored as teal (hydrophilic) and gold (hydrophobic) surfaces. (B) Side views of the ClpS 
binding pocket in the absence (PDB 3GQ0) or presence of primary destabilizing N-end peptides, 
Leu (PDB 3G19) and Trp (PDB 3GQ1 and 3G1B with M53A ClpS), indicated in the second row 
of labels. ClpS residues 45, 48, 49, 51, 53, 56, 75, 78, 79, and 112 are shown as surfaces.  
(C) Hydrogen bonding with Asn47, Asp49, and His79 stabilizes the N-end Trp residue. The M53A 
ClpS mutant has a larger binding pocket than WT (lower right). Adapted from Figure 2 and 4, 
Wang et al., 2008b. 
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The ClpS NTE interacts with pore loops in the ClpA axial channel, while the ClpS core binds to 

the ClpA N-domain (Zeth et al., 2002; Wang et al., 2008b; Román-Hernández et al., 2009, 2011; 

Rivera-Rivera et al., 2014). Both these binding modes are required to form high-affinity 

ClpAPS•N-degron delivery complexes (Figure 1.10B). The affinity of ClpA6•ClpS•N-degron 

peptide assembly is < 50 nM. When full-length ClpS is replaced with just the ClpS core domain, 

the KD for the ternary complex assembled without the ClpS NTE is ~1.5 µM (30-fold weaker) 

(Román-Hernández et al., 2011). Similarly, mutation of residues in the ClpS core domain that 

contact the ClpA N-domains severely impairs binary assembly of ClpA6•ClpS complexes (Zeth et 

al., 2002). Furthermore, protease•adaptor•substrate ternary complex assembly is also stabilized 

by the presence of substrate in the binding pocket within the ClpS core domain (Román-

Hernández et al., 2011). Mutation of E. coli ClpS His66 (analogous to C. crescentus His79, which 

forms hydrogen bonds with the α-amino group of the substrate’s N-terminal residue) to alanine 

weakens ClpA6•ClpS•N-degron peptide assembly ~9 fold, supporting the importance of this 

residue in adaptor-mediated substrate binding enhancement (Román-Hernández et al., 2011). 

Thus, all interfaces involved in ClpAPS•N-degron complexes are important in assembling 

high-affinity N-end-rule substrate delivery complexes. 

Many bacteria and organelles derived from prokaryotic endosymbionts possess ClpS orthologs, 

and some α-proteobacteria, as well as cyanobacteria, also encode a second paralog, ClpS2 

(Lupas and Koretke, 2003; Tryggvesson et al., 2015; Stein et al., 2016). The clpS gene is usually 

located in the same operon as clpA. By contrast, clpS2 genes are not found in the same operon 

as clpA and clpS(1). Furthermore, clpS2 genetic loci are scattered throughout the genomes of 

many different bacterial groups, supporting the possibility that this second class of ClpS proteins 

may have been acquired through horizontal gene transfer (Lupas and Koretke, 2003; 

Tryggvesson et al., 2015). Reflecting the evolutionary divergence of ClpS1 (the ‘parental’ ClpS 

well-conserved across α-proteobacteria) and ClpS2, the two ClpS isoforms have distinct substrate 
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preferences, which result from differences in the substrate-binding pocket, as demonstrated for 

Agrobacterium tumefaciens ClpS2 (Tryggvesson et al., 2015; Stein et al., 2016).  

Examining sequence conservation of the ClpS protein reveals additional insights regarding the 

key functions of the ClpS NTE and the highly-conserved substrate-binding core domain (Dougan 

et al., 2002; Guo et al., 2002). Supporting the hypothesis that bacterial and eukaryotic recognition 

of N-end-rule substrates have a common evolutionary origin, the ClpS core shares significant 

sequence homology to the substrate-binding pocket of Ubr1 N-recognins, a family of eukaryotic 

E3 ubiquitin ligases that function like ClpS to recognize hydrophobic N-end residues in the 

eukaryotic N-end rule pathway (Lupas and Koretke, 2003; Varshavsky, 2011). Conversely, the 

ClpS NTE sequence is poorly conserved among ClpS orthologs, with the exception of ~4-5 

residues adjacent to the ClpS core domain, called the junction sequence (Hou et al., 2008; 

Román-Hernández et al., 2011). For proper NTE function, length but not sequence appears 

critical. The ClpS NTE sequence can be substituted with a Gly-Ser-Lys linker with no observable 

difference in ClpS activity from the wild-type sequence, while truncating the NTE by 13 or more 

residues severely impairs N-end-rule substrate degradation by ClpAPS (Hou et al., 2008; Román-

Hernández et al., 2011).  

Despite the lack of significant NTE sequence conservation that otherwise suggests this region is 

dispensable, the ClpS NTE is a critical component of adaptor function. Beyond its immediate role 

in ternary complex assembly with ClpAP and N-degron substrates, the NTE participates in 

multiple reaction steps of the N-end-rule pathway. The intrinsically disordered NTE is a 

‘degron-mimic’ that lacks tertiary structure and is engaged by ClpA pore loops in the same fashion 

as a substrate polypeptide (see Chapter 3, p. 86) (Rivera-Rivera et al., 2014). Consequently, 

ClpAP attempts to unfold and degrade the substrate-like ClpS adaptor. ClpS however resists 

proteolysis by ClpAP. Structural features, such as the stable ClpS core domain and proline 
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residues in the junction sequence, protect this ‘pseudo-substrate’ from successful degradation 

(see Chapter 4, p. 134) (Dougan et al., 2002; Román-Hernández et al., 2011; Rivera-Rivera et 

al., 2014; Rivera-Rivera, 2015).  

Furthermore, these degron-like interactions of the NTE within the ClpA channel are essential for 

ClpS modulation of ClpAP activity. ClpS tightens the KM for N-end-rule substrate degradation, 

while weakening the KM for degradation of ssrA-tagged substrates via a mixed inhibition 

mechanism (Dougan et al., 2002; Erbse et al., 2006; Wang et al., 2008b; Torres-Delgado et al., 

2020). Interestingly, ClpA contains an intrinsic degron and is itself a ClpAP substrate (Maglica et 

al., 2008). The presence of ClpS inhibits this autodegradation, perhaps through a similar 

mechanism used to inhibit degradation of ssrA-tagged substrates (Dougan et al., 2002). ClpS 

also reduces the ATP hydrolysis rate of ClpAP ~two-fold and therefore slows down unfolding and 

translocation by ClpAP, indicating allosteric control of the ATPase sites (especially those in the 

D2 ring) and global enzyme activity by ClpS (Hou et al., 2008; Torres-Delgado et al., 2020). 

Disrupting the interactions between the ClpA pore loops and the ClpS NTE diminishes (i) 

formation of ClpAPS complex assembly, (ii) ClpS-assisted enhancement of N-end-rule substrate 

degradation, and (iii) ClpS inhibition of ssrA-tagged substrate degradation (Torres-Delgado et al., 

2020; Zuromski et al., 2021). Most importantly, the ClpS NTE is the key structural feature used to 

transmit force from the ClpA unfoldase to the substrate-bound ClpS core domain, as proposed by 

our current model of ClpS-assisted N-end-rule substrate delivery (see below). 

In contrast to the SspB dimer, which uses its C-terminal tails to tether ssrA-tagged substrates to 

promote ClpXP recognition, ClpS is a monomeric adaptor that delivers N-end-rule substrates to 

ClpAP via an ‘active’ delivery mechanism. That is, ClpS delivery requires ATP-fueled mechanical 

work to induce conformational changes in the ClpS•substrate complex. The substrate is bound 

to the ClpS core domain distal to the ClpA axial pore loops, and the N-degron (bearing the primary 



49 
 

destabilizing N-end residue) is hidden in the ClpS substrate-binding pocket. Consequently, the 

ClpA channel cannot bind/engage the N-end-rule substrate without remodeling ClpS, which is 

bound to ClpA pore loops via its NTE. Therefore, substrate delivery by ClpS appears to require 

ATP-hydrolysis-driven remodeling of the ClpS core domain to promote substrate transfer from 

ClpS to ClpA (Figure 1.12) (Román-Hernández et al., 2011; Rivera-Rivera et al., 2014; Zuromski 

et al., 2021).  

 
Figure 1.12 ClpS-assisted N-end-rule substrate delivery mechanism. Pore loops in the D1 
ring are required for ClpAP•ClpS•N-end-rule substrate complex assembly. The grayed-out loop 
in the D2 ring indicates these pore-1 loops are not required. Powered by ATP hydrolysis, pore-1 
loops in both rings transmit a remodeling force to the ClpS core that results in substrate transfer 
from ClpS to ClpA. The ClpS adaptor is likely released from the ClpA axial channel, and the 
N-end-rule substrate is processively unfolded and translocated into ClpP for degradation. 

Briefly, in the proposed mechanism of ClpS-assisted substrate delivery, upon formation of the 

high-affinity ClpAPS•N-end-rule substrate ternary complex, pore loops from both D1 and D2 rings 

in the ClpA axial channel ‘pull’ on the NTE and remodel the ClpS core. This ClpA-dependent 

conformational change in the ClpS adaptor likely destabilizes the high-affinity ternary complex, 

which may lead to transfer of the substrate from the ClpS core to the ClpA axial channel. 

Subsequently, ClpA pore loops engage the N-end-rule substrate, instead of the ClpS NTE, 



50 
 

allowing processive substrate unfolding and subsequent translocation into the ClpP chamber for 

degradation. 

The precise reaction sequence involved in ClpS-assisted degradation of N-end-rule substrates, 

especially the substrate handoff step, remains to be fully characterized. Furthermore, little is 

known about the progression of structural interactions between substrate or adaptor•substrate 

complexes and many of the AAA+ unfoldases during degradation, and their functional implications 

to AAA+ protease mechanisms. For example, many AAA+ proteases feature a symmetry 

mismatch between the AAA+ ring hexamer and self-compartmentalized peptidase heptamer. The 

next chapter of my thesis describes the subunit interface mismatch involved in a 

separately-encoded unfoldase (ClpA) and peptidase (ClpP) complex and whether rotation of 

these two components of a AAA+ protease is required for unfolding, translocation, and 

degradation activity. Work in my thesis also focuses on the structural basis of ClpS NTE 

engagement by the pore-1 and pore-2 loops of the ClpA D1 and D2 rings (Chapter 3, p. 86) and 

the contribution of a Pro24-Pro25 sequence in the junction region of the NTE towards ClpS 

protection from ClpAP proteolysis (Chapter 4, p. 134). In Chapter 5 (p. 155), I describe how 

another AAA+ protease, ClpXP, selectively recognizes the inactive, apo form the transcriptional 

regulator FNR under aerobic conditions in E. coli, showing how the structural properties of a 

substrate control degradation by a AAA+ protease in response to oxygen exposure. Then I 

explore the biochemical and biological implications of my work, as well as prospective studies 

that could be performed to address remaining questions and to test models I propose in Chapter 

6 (p. 195). Finally, in the Appendix (p. 213), I present in vitro and in vivo characterizations of 

ClpXP-dependent degradation of an extracytoplasmic function sigma (σ) factor, σAntA, that 

regulates morphological differentiation and antimycin biosynthesis in streptomycetes, a genus of 

Gram-positive bacteria known for their ability to produce bioactive secondary metabolites. 
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ABSTRACT 

AAA+ proteases perform regulated protein degradation in all kingdoms of life and consist of a 

hexameric AAA+ unfoldase/translocase in complex with a self-compartmentalized peptidase. 

Based on asymmetric features of cryo-EM structures and a sequential hand-over-hand model of 

substrate translocation, recent publications have proposed that the AAA+ unfoldases ClpA and 

ClpX rotate with respect to their partner peptidase ClpP to allow function. Here, we test this model 

by covalently crosslinking ClpA to ClpP to prevent rotation. We find that crosslinked ClpAP 

complexes unfold, translocate, and degrade protein substrates in vitro, albeit modestly slower 

than uncrosslinked enzyme controls. Rotation of ClpA with respect to ClpP is therefore not 

required for ClpAP protease activity, although some flexibility in how the AAA+ ring docks with 

ClpP may be necessary for optimal function. 
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INTRODUCTION 

The AAA+ (ATPases Associated with diverse cellular Activities) protease subfamily uses the 

energy of ATP hydrolysis to disassemble and degrade proteins that are misfolded, deleterious, or 

unneeded (Sauer and Baker, 2011). AAA+ proteases are composed of a hexameric single- or double-

ringed AAA+ unfoldase/translocase and a self-compartmentalized partner peptidase. The AAA+ rings 

form a shallow helix and stack with planar peptidase rings (Puchades et al., 2020). After protein substrate 

recognition by the unfoldase, repeated cycles of ATP hydrolysis power conformational changes in the 

AAA+ motor, promoting substrate unfolding and processive translocation of the resulting polypeptide into 

the proteolytic chamber of the peptidase for degradation. Recent structural and biochemical studies have 

illuminated some aspects of this process, but the molecular nature of the stepwise cycles these proteolytic 

machines use to carry out mechanical unfolding and translocation of protein substrates is still being actively 

explored (Puchades et al., 2020). 

The ClpAP protease consists of the ClpA6 AAA+ unfoldase, a double-ring AAA+ enzyme with two AAA+ 

modules per subunit, and the tetradecameric ClpP14 peptidase, which contains two heptameric rings 

(Sauer and Baker, 2011; Figure 2.1A). Thus, the interface between ClpA and ClpP involves an 

asymmetric six-to-seven subunit mismatch. The ClpXP protease, composed of the single-ring AAA+ ClpX6 

unfoldase and the ClpP14 peptidase, also has a six-seven mismatch, as do proteasomal AAA+ enzymes. 

How such mismatches are accommodated structurally and whether the mismatches play important roles 

in the mechanisms of these ATP-dependent proteases has long been a subject of interest. Recent near-

atomic-resolution cryo-EM structures of ClpAP and ClpXP reveal that each unfoldase has six flexible 

peptidase-binding loops protruding from the bottom face of the AAA+ ring that can interact with ClpP14 (Fei 

et al., 2020a; 2020b; Ripstein et al., 2020; Lopez et al., 2020). Part of each loop containing a conserved 

tripeptide motif (IGL in ClpA; IGF in ClpX) docks into hydrophobic clefts on the top of the ClpP7 ring, 

engaging a total of five or six of the seven clefts and leaving one or two clefts unoccupied (Figure 2.1A) 

(Fei et al., 2020a; 2020b; Ripstein et al., 2020; Lopez et al., 2020).  
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Figure 2.1 ClpAP structure and rotary translocation model. (A) Complex of ClpP with ClpA 
(PDB 6UQO). Subunits of ClpA, labeled S1 through S6, are ordered from the highest to the lowest 
position in the spiral relative to ClpP at the beginning of the mechanical cycle. The IGL loops of 
ClpA hexamers dock into a subset of the seven clefts in a heptameric ClpP ring. In this structure, 
there is an empty cleft between the second lowest and lowest subunits in the spiral (S5 and S6, 
respectively). The coloring of the ClpP clefts represents the docked position of the IGL loops from 
the corresponding AAA+ subunits; empty clefts are colored white. The rightmost panel is a 
generalized model of the ClpA D2 AAA+ ring docking into the ClpP interface. (B) Rotary 
translocation model with clockwise around-the-ring ATP hydrolysis and IGL loop release and 
rebinding (Ripstein et al., 2020; Lopez et al., 2020). When subunit S1 is highest in the spiral, ATP 
hydrolysis releases the IGL loop of subunit S5 and the AAA+ ring rotates clockwise with respect 
to ClpP. During rotation, subunit S6 moves to the top in of the spiral, and the IGL loop of subunit 
S5 takes a clockwise “step” and rebinds to the adjacent empty ClpP cleft. Repetition of this 
sequence of ATP hydrolysis and IGL loop release and rebinding results in rotary motion of the 
AAA+ ring with respect to the ClpP ring. (C) Rotary translocation model with at least one 
crosslinked IGL loop. If one ClpA subunit is crosslinked to a ClpP cleft, the rotary motion of the 
AAA+ ring with respect to the ClpP ring is blocked. The crosslinked ClpA subunit cannot be 
released from the ClpP cleft and cannot sequentially move to each position in the ClpA spiral.  
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Subunits in both the ClpA and ClpX hexamers adopt a shallow helical conformation with axial pore loops 

that interact with an extended substrate polypeptide to form a structure reminiscent of a spiral 

staircase. By contrast, ClpP subunits are arranged in near-planar rings that enclose a chamber 

with luminal peptidase active sites. Other AAA+ proteases have similar architectures, with spiral 

AAA+ rings and planar peptidase rings (Puchades et al., 2020). In structures of heterohexameric 

AAA+ protease motors in which the positions of unique subunits can be determined, different 

subunits can occupy the highest and lowest spiral positions, suggesting that dynamic 

rearrangement of subunits within the spiral is part of the ATP-fueled mechanical cycle that powers 

substrate translocation (de la Peña et al., 2018; Dong et al., 2019). In one model for this cycle, an 

enzyme power stroke is initiated when the second lowest subunit in the spiral hydrolyzes ATP (S5 at 

the beginning of the cycle, Figure 2.1A), resulting in a rearrangement that moves this subunit and higher 

subunits, together with bound substrate, each down one position in the spiral, at the same time that the 

lowest subunit (S6) disengages from substrate and moves to the top of the spiral (Figure 2.1B; Puchades 

et al., 2020). Intriguingly, in recent cryo-EM structures of ClpAP and ClpXP, an empty ClpP cleft is always 

flanked by clefts that interact with the IGL/IGF loops of the second lowest and lowest subunits within the 

spiral (S5 and S6 in Figure 2.1A) (Fei et al., 2020a; 2020b; Ripstein et al., 2020; Lopez et al., 2020). If 

different subunits in the ClpA or ClpX hexamers pass sequentially through each position in the 

spiral during substrate translocation and the empty cleft in ClpP is always between clefts that 

interact with specific subunits in the spiral, then the AAA+ ring should rotate with respect to ClpP 

during protein translocation (Figure 2.1B; Ripstein et al., 2020; Lopez et al., 2020). 

Here, we test the effects of preventing rotation of the ClpA ring with respect to the ClpP ring by 

covalently crosslinking multiple IGL loops of ClpA to ClpP (Figure 2.1C). We find that an enzyme 

containing multiple covalent crosslinks between ClpA and ClpP retains substantial proteolytic 

activity against unfolded and metastable native substrates but displays defects in degrading more 

stably folded proteins. We conclude that rotation of ClpA with respect to ClpP is not required for 
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substrate translocation or unfolding, but some freedom of movement at the ClpA-ClpP interface 

is likely to be important for optimal mechanical activity. 

RESULTS AND DISCUSSION 

Crosslinking ClpA to ClpP 

For crosslinking studies, we used cysteine-free genetic backgrounds for ClpA (C47S, C203S, 

C243S; Zuromski et al., 2020) and ClpP (C91V, C113A; Amor et al., 2016). We then introduced 

an E613C mutation into the IGL loop of otherwise cysteine-free ClpA (E613CClpA‡) and appended 

a cysteine after Asn193, the C-terminal residue of otherwise cysteine-free ClpP (ClpP+C). Based 

on cryo-EM structures of ClpAP (Lopez et al., 2020), the cysteines introduced by these mutations 

should be close enough to allow crosslinking of specific subunits of ClpA to neighboring subunits 

of ClpP. For example, Figure 2.2A shows that Glu613 in each subunit of the ClpA hexamer is close 

to a ClpP Arg192 residue, the last ClpP amino acid visible in the ClpAP structure, in six of the seven 

ClpP protomers. We mixed E613CClpA‡ with ClpP+C in the presence of a homobifunctional cysteine 

crosslinker and then separated covalently joined E613CClpA‡–ClpP+C complexes (peak 1) from 

uncrosslinked ClpP+C (peak 2) by size-exclusion chromatography (Figure 2.2B). After pooling 

fractions containing E613CClpA‡–ClpP+C complexes (Figure 2.2B), quantification by SDS-PAGE 

revealed that 90 ± 1% of the ClpA was crosslinked to ClpP (designated A–P) (Figure 2.2C lane 

7). Based on this crosslinking efficiency, the vast majority of ClpA hexamers should contain one 

or more crosslinked A–P subunits (>99.99%, assuming independent crosslinking), and ~98% of 

hexamers should contain four, five, or six ClpA subunits crosslinked to ClpP (Figure 2.2—S1). 

The E613CClpA‡–ClpP+C pool also contained uncrosslinked ClpP+C, as expected, and some 

crosslinked ClpP+C dimers (Figure 2.2C, lane 7). 



72 
 

E

 
Figure 2.2 ClpA‒ClpP crosslinking and purification. (A) Proximity of Glu613 residues in six 
subunits of the hexameric ClpA ring (shown in the dashed outline) to Arg192 residues in six of the 
seven subunits of a heptameric ClpP ring (shown in the solid outline). (B) Size-exclusion 
chromatograms of E613CClpA‡–ClpP+C following crosslinking (solid line; peaks 1 and 2) or 
uncrosslinked E613CClpA‡ (dashed line; peak 3), which is largely monomeric under the 
chromatography conditions. As shown in panel C, most ClpA in peak 1 is crosslinked to ClpP. 
The shaded area in peak 1 represents the crosslinked A–P that was pooled and used in all 
experiments in this study. Peak 2 corresponds to uncrosslinked ClpP+C remaining after the 
crosslinking reaction and chromatographs at the position expected for a tetradecamer. (C) 
Reducing SDS-PAGE of the peak-1 pool. Lanes 1-6 are MW standards or different concentrations 
of purified E613CClpA‡. Lane 7 is an aliquot of the peak-1 pool. The shift to higher molecular weight 
from uncrosslinked ClpA (A) to crosslinked ClpA–ClpP (A–P) is consistent with covalent linkage 
of a single ClpA monomer (~83 kDa) to a single ClpP monomer (~23 kDa). The dashed red box 
is a zoomed-in view of lane 7 used to calculate crosslinking efficiency of E613CClpA‡ to ClpP+C. 
Crosslinking efficiency was calculated as the mean ± 1 SD of four independent replicates. 
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Figure 2.2—S1 Histogram of the expected number of crosslinks between E613CClpA‡ and ClpP+C 
in the A–P pool assuming independent crosslinking of individual ClpA and ClpP subunits with 90 
± 1% efficiency. 

 

 

Crosslinked complexes degrade model substrates 

To test if ClpA rotation relative to ClpP is required for ATP-fueled proteolysis, we measured ATP 

hydrolysis and degradation of model substrates by the purified crosslinked A–P pool in vitro 

compared to an A•P control consisting of assembled but uncrosslinked E613CClpA‡ and wild-type 

ClpP (ClpPWT). The A–P pool hydrolyzed ATP at a steady-state rate of 412 ± 40 min-1 enz-1, 

whereas this rate was 1035 ± 78 min-1 enz-1 for the A•P control. The A•P control hydrolyzed ATP 

and degraded ssrA-tagged proteins at comparable rates to wild-type ClpAP (ClpAWTClpPWT) and 

a cysteine-free ClpA (ClpACF) variant (ClpACFClpPWT), demonstrating that the C47S, C203S, 

C243S, and E613C mutations do not impair activity (Figure 2.3—S1). We also observed similar 

rates of ATP hydrolysis and ssrA-tagged protein degradation when ClpP+C, the ClpP variant used 

for crosslinking, was paired with ClpAWT, ClpACF, or E613CClpA‡.  
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Figure 2.3 Substrate degradation by crosslinked ClpAP (A–P) and uncrosslinked ClpAP 
(A•P). (A) Top, SDS-PAGE assay of the kinetics of λ cIN-ssrA degradation by A–P and the A•P 
control (CK is creatine kinase). Bottom, quantification of λ cIN-ssrA degradation. Values are means 
± 1 SD (n = 3). (B) Degradation of substrates of varying thermodynamic stability (18 µM FITC-
casein, 5 µM 5-IAFtitinV13P-ssrA, 20 µM cp7GFP-ssrA, 15 µM λ clN-ssrA by A–P. Fractional 
degradation rates were calculated by dividing the degradation rates of A–P by the A•P rates. 
Values are means ± propagated error (n ≥ 3). (C) Degradation of FITC-casein (18 µM) by A–P in 
the presence of ATP or ATPγS. FITC-casein degradation was quantified by normalizing the 
relative fluorescence units to the total FITC-casein degraded upon porcine elastase addition at 
the endpoint of the assay and subtracting the contributions of photobleaching from the buffer-only 
control. Values are means ± 1 SD (n = 3). The inset shows representative degradation kinetics. 
(D) Michaelis-Menten analysis of cp7GFP-ssrA degradation kinetics by A–P and the A•P control. 
Values are means ± 1 SD (n = 3). For A–P degradation, Vmax was 1.4 ± 0.07 min-1 ClpA6

-1, KM was 
13 ± 1.6 µM, and R2

 was 0.96; for the A•P control, Vmax was 3.0 ± 0.10 min-1 ClpA6
-1, KM was 3.7 

± 0.5 µM, and R2
 was 0.96, where the errors are those of non-linear least-squares fitting to the 

Michaelis-Menten equation. 
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To test the effects of crosslinking ClpA to ClpP on proteolysis, we measured the rate at which the 

A–P and A•P enzymes degraded proteins with a range of native stabilities. These substrates 

included the N-terminal domain of the phage λ cI repressor with an ssrA tag (λ cIN-ssrA; 

Gottesman et al., 1998), cp7GFP-ssrA (Nager et al., 2011), 5-IAFV13P titinI27-ssrA (Kenniston et al., 

2003; Iosefson et al., 2015), and FITC-casein (Twining, 1984; Thompson et al., 1994). Under the 

conditions of these assays in vitro, the A–P sample degraded the folded substrates (λ cIN-ssrA 

and cp7GFP-ssrA) at rates that were 31 ± 5% and 32 ± 4%, respectively, of the A•P control, and 

degraded unfolded 5-IAFV13P titinI27-ssrA and FITC-casein at 46 ± 2% and 97 ± 7%, respectively, 

of the control rates (Figure 2.3A-B). The rate of degradation of FITC-casein by the A–P pool was 

reduced ~6-fold when ATPγS was substituted for ATP (Figure 2.3C), indicating that robust 

degradation of this molten-globule substrate requires ATP hydrolysis. We also determined steady-

state kinetic parameters for degradation of cp7GFP-ssrA by the A–P pool and A•P control (Figure 

2.3D). Compared to the A•P control, Vmax was ~50% and KM was ~3-fold weaker for degradation 

of this substrate by the A–P pool. This reduction in Vmax for the A–P pool was roughly comparable 

to its reduced ATP-hydrolysis activity, suggesting that slower degradation of folded substrates by 

the A–P pool results from slower ATPase activity. Thus, our results show that multiple crosslinks 

between ClpA and ClpP in the A–P pool cause modest slowing of the rates of ATP hydrolysis and 

protein degradation compared to the uncrosslinked controls (Figure 2.3—S1), with more 

prominent degradation defects for native substrates. Notably, however, crosslinks between ClpA 

and ClpP do not prevent the protein unfolding or translocation steps required for proteolysis. Only 

the crosslinked A–P sample exhibited substantially lower ATP-hydrolysis and protein degradation 

activity compared to the uncrosslinked controls; thus, the reduced A–P enzymatic activities are 

likely to be direct consequences of introducing specific covalent crosslinks between ClpA and 

ClpP rather than other modifications introduced in the experimental design. 
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Figure 2.3—S1 ATPase and degradation activities of uncrosslinked E613CClpA‡ClpP+C and 
E613CClpA‡ClpPWT (A•P) complexes are comparable to those of wild-type ClpAP. (A) Hydrolysis of 
ATP (5 mM) by crosslinked ClpAP (A–P) and uncrosslinked controls consisting of wild-type ClpA 
(ClpAWT), cysteine-free ClpA (ClpACF), or E613CClpA‡ and either wild-type ClpP (ClpPWT) or ClpP+C. 
(B) Degradation of cp7GFP-ssrA (20 µM) by crosslinked (A–P) and uncrosslinked ClpAP (A•P) 
variants, as shown in panel (A). A•P and uncrosslinked E613CClpA‡ClpP+C degrade cp7GFP-ssrA 
(20 µM) at similar rates as wild-type ClpAP and other uncrosslinked controls, and faster than 
crosslinked A–P. Values are means ± 1 SD (n ≥ 3). 

Mechanistic implications of crosslinked complex activity 

Models in which ClpA or ClpX must rotate with respect to ClpP to allow substrate translocation 

(Figure 2.1B-C) predict that crosslinking ClpA or ClpX to ClpP would abolish protein degradation 

by stopping rotation and linked sequential movements of ClpA/ClpX subunits through each 

position in the spiral. Our experimental results do not support these models. Rather, we find that 

preventing rotation by “riveting” the ClpA ring to the ClpP ring still permits substantial degradation 

of native and denatured protein substrates in vitro. ClpXP complexes in which one IGF loop is 

crosslinked to ClpP can also degrade folded and unfolded substrates, albeit at lower rates than 

uncrosslinked controls (Bell, 2020). The high degree of crosslinking in our ClpAP experiments, 

where 98% of complexes contain at least four covalent crosslinks between ClpA and ClpP, and 
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~50% of complexes are predicted to contain six crosslinks (Figure 2.2—S1), would be expected 

to hinder each ClpA subunit from adopting each position in the spiral by affecting conformational 

accessibility, especially near the ClpP interface. Moreover, in approximately half of the crosslinked 

enzymes, it would not be possible to have two empty ClpP clefts. Hence, the proposal that this 

intermediate is a requisite step in translocation, as proposed for ClpXP (Ripstein et al., 2020), is 

also inconsistent with our results. Lopez et al. (2020) proposed that ClpA and ClpP might rotate 

in defined contexts, for example during the degradation of very stable substrates. Although we 

cannot exclude this possibility, we prefer simpler models in which the basic mechanism of AAA+ 

protease function does not change in a substrate-specific manner. As we observe reduced rates 

of degradation of folded substrates when ClpA and ClpP are crosslinked, conformational flexibility 

between the unfoldase and protease appears to be important for optimal unfolding. However, 

rotation of the ClpA or ClpX rings with respect to ClpP is clearly not a strict requirement for 

degradation. We suggest, therefore, that ring-ring rotation models be considered to be both 

unproven and unlikely in the absence of direct evidence for such rotation. 

AAA+ proteases in the FtsH/Yme1/Agf3l2 and Lon families have AAA+ and peptidase modules 

that are genetically tethered as part of the same polypeptide chain and therefore also must 

operate without rotation between the unfoldase and protease components (Glynn, 2017). For 

ClpAP, a non-rotary mechanism could be explained by the sequential hand-over-hand 

mechanism if the empty ClpP cleft can localize between any pair of ClpA subunits. Alternative 

mechanisms, such as the reciprocating action of one or two AAA+ subunits, might also explain 

both the observed pattern of unfoldase-protein interactions seen in cryo-EM structures and the 

robust degradation activity of genetically or biochemically tethered AAA+ proteases against 

multiple substrates. Further experiments will be required to discriminate between these models. 
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MATERIALS AND METHODS  

KEY RESOURCES TABLE 

Reagent type 
(species) or 
resource 

Designation Source or 
reference 

Identifiers Additional 
information 

gene 
(Escherichia 
coli) 

clpA 
  

UniProtKB - 
P0ABH9 

gene 
(Escherichia 
coli) 

clpP   UniProtKB - 
P0A6G7 

strain, strain 
background 
(Escherichia 
coli) 

T7 Express New 
England 
Biolabs 

C2566I Chemically 
competent cells 

recombinant 
DNA reagent 

pT7 ClpP+C 

(plasmid) 
This paper 

 
For 
overexpression 
of C-terminally 
His6-tagged 
ClpP (C91V, 
C113A) with 
extra Cys 
residue for 
crosslinking. 
Progenitor: pT7 
ClpP-TEV-cHis6 
(Stinson et al. 
2013, Amor et 
al. 2016)  

recombinant 
DNA reagent 

pET23b 
His7SumoFLAG 
E613CClpA‡ 
(plasmid) 

This paper  For 
overexpression 
of ClpA with 
Cys substitution 
and C47S, 
C203S, C243S 
background for 
crosslinking. 
Progenitor: 
pET23b 
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His7Sumo 
ClpAcfΔC9 
(Zuromski et al. 
2020) 

recombinant 
DNA reagent 

pET23b His7Sumo 
ClpAcfΔC9 
(plasmid) 

Zuromski 
et al. 2020 

 For 
overexpression 
of cysteine-free 
ClpA (ClpACF) 
harbouring 
C47S, C203S, 
C243S 
mutations 

recombinant 
DNA reagent 

WT ClpA 
(plasmid) 

Seol et al. 
(1994), 
Hou et al. 
(2008)  

 WT ClpA 
(M169T 
background) for 
overexpression 

recombinant 
DNA reagent 

ClpP-His6 
(plasmid) 

Kim et al. 
(2000) 

 WT ClpP for 
overexpression 

recombinant 
DNA reagent 

cp7GFP-ssrA 
(plasmid) 

Nager et al. 
(2011) 

 Circularly 
permutated 
variant of 
superfolder 
GFP-ssrA for 
overexpression 

recombinant 
DNA reagent 

V13P titinI27-ssrA 
(plasmid) 

Kenniston 
et al. 2003 

 ssrA-tagged I27 
domain variant 
for 
overexpression 

recombinant 
DNA reagent 

His6SUMO λ cIN-
ssrA (plasmid) 

This paper 
 

ssrA-tagged 
residues 1-93 
of λ cI 
(UniProtKB - 
P03034) for 
overexpression 

chemical 
compound, 
drug 

bismaleimidoetha
ne 

Thermo 
Fisher 
Scientific 

Cat # 
22323 
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chemical 
compound, 
drug 

Adenosine 5ʹ-O-
(3-
Thiotriphosphate), 
Tetralithium Salt 

Millipore 
Sigma 

Cat# 
119120-
25MG 

 

chemical 
compound, 
drug 

5-
Iodoacetamidofluo
rescein 

Thermo 
Fisher 
Scientific 

Cat# 
I30451 

 

chemical 
compound, 
drug 

Casein fluorescein 
isothiocyanate 
from bovine milk 
(FITC-casein) 

Sigma-
Aldrich 

Cat# 
C0528-
10MG 

 

 

Proteins 

The gene encoding E. coli ClpP+C was generated using PCR mutagenesis, and the corresponding 

protein was purified by established protocols (Martin et al., 2005) and stored in buffer containing 

0.5 mM dithiothreitol (DTT). Wild-type ClpP (ClpPWT) was purified by established protocols (Kim 

et al., 2001). The plasmid for E613CClpA‡ was generated by PCR mutagenesis of E. coli ClpAΔC9 

fused to the 3´-end of His7SumoFLAG cloned into pET23b (Novagen). His7SumoFLAG-E613CClpA‡ 

was overexpressed in T7Express (New England Biolabs), and initially purified by Ni-NTA 

chromatography. Following ULP-1 cleavage to remove His7SumoFLAG, E613CClpA‡ was further 

purified by SP-Sepharose cation-exchange chromatography and stored in 50 mM HEPES-KOH 

(pH 7.5), 300 mM NaCl, 20 mM MgCl2, 10% glycerol, and 2 mM TCEP. Cysteine-free (ClpACF) 

and wild-type (ClpAWT) were purified by established protocols (Zuromski et al, 2020; Hou et al., 

2008). The cp7GFP-ssrA and V13P titinI27-ssrA proteins were purified as described (Nager et al., 

2011; Kenniston et al., 2003). V13P titinI27-ssrA was labeled with 5-iodoacetamidofluorescein (5-

IAF) for fluorescent assays as described (Iosefson et al., 2015). The plasmid for λ cIN-ssrA was 

generated by PCR mutagenesis of a gene encoding amino acids 1-93 the bacteriophage λ cI 

repressor. This construct was fused to the 3´-end of His6Sumo cloned into pET23b and appended 
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with the C-terminal ssrA degron. His6Sumo-λ-cIN-ssrA was purified by Ni-NTA chromatography, 

ULP-1 cleavage, Ni++-NTA chromatography to remove the His6Sumo fragment, Mono-Q anion-

exchange chromatography, and Superdex-75 size-exclusion chromatography, and stored in 25 

mM HEPES-KOH (pH 7.5), 150 mM NaCl, 10% glycerol, and 1 mM DTT. ClpA and variant 

concentrations were calculated as hexamer equivalents, and ClpP and variant concentrations 

were calculated as tetradecamer equivalents. 

Crosslinking ClpA to ClpP 

E613CClpA‡ (4 μM) and ClpP+C (9.6 μM) were mixed in a total volume of 2.5 mL and desalted into 

50 mM HEPES-KOH (pH 7), 300 mM NaCl, 20 mM MgCl2, 10% glycerol, and 5 mM EDTA using 

a Sephadex G-25 PD-10 column (GE Healthcare). After diluting to a final volume of 5 mL, 

crosslinking was initiated by addition of 5 mM ATPγS and 200 μM bismaleimidoethane (BMOE; 

Thermo Fisher) and allowed to proceed at room temperature for 45 min. The reaction was 

quenched by addition of 50 mM DTT at room temperature for 20 min before purification by 

Superdex-200 size-exclusion chromatography in 50 mM HEPES-KOH (pH 7.5), 300 mM NaCl, 

20 mM MgCl2, 10% glycerol, and 2 mM TCEP. The purified A–P pool was used for all subsequent 

biochemical assays. Quantification of crosslinking and the concentration of A–P were measured 

by quantifying Coomassie-stained SDS-PAGE bands relative to E613CClpA‡ standards. The area 

under the curve (AUC) corresponding to pixel intensities of the crosslinked and uncrosslinked 

species were quantified by ImageQuant (GE Healthcare) after scanning Coomassie-stained SDS-

PAGE using a Typhoon FLA 9500 (GE Healthcare). Crosslinking efficiency was measured in four 

independent replicates by multiplying the calculated concentration of each species by the volume 

loaded in each lane, and calculated as:  

Efficiency = 
picomoles A–PCrosslinked

picomoles A–PCrosslinked+ picomoles E613CClpA‡
Uncrosslinked

 

 



82 
 

Biochemical Assays 

We determined the concentration of E613CClpA‡–ClpP+C by a standard-curve comparison to 

E613CClpA‡ (Figure 2.2C). We calculated the concentration of the uncrosslinked E613CClpA‡ species 

by measuring the absorbance at 280 nm (ε = 32890 M-1 cm-1) using a NanoDrop One UV-Vis 

Spectrophotometer (Thermo-Fisher Scientific), ATP-hydrolysis assays were performed using an 

NADH-coupled assay (Martin et al., 2005) at 30 °C in Buffer HO (25 mM HEPES-KOH, pH 7.5, 

300 mM NaCl, 20 mM MgCl2, 10% glycerol, 2 mM TCEP) with 5 mM ATP and 0.25 µM E613CClpA‡ 

and 0.75 µM ClpPWT for the A•P control; 0.25 µM E613CClpA‡–ClpP+C for the A–P pool; or the 

combinations of 0.25 µM ClpAWT, ClpACF, or E613CClpA‡ and 0.75 µM ClpPWT
 or ClpP+C

 listed in 

Figure 2.3—S1A. Degradation reactions were performed at 30 °C in Buffer HO with 4 mM ATP 

and an ATP-regeneration system consisting of 50 μg/mL creatine kinase (Millipore-Sigma) and 5 

mM creatine phosphate (Millipore-Sigma). Degradation of cp7GFP-ssrA was monitored by loss of 

substrate fluorescence (excitation 467 nm; emission 511 nm) using a SpectraMax M5 plate reader 

(Molecular Devices) (Nager et al., 2011). The cp7GFP-ssrA concentration was 20 µM in Figure 

2.3B and Figure 2.3—S1B; concentrations varying from 0.31 to 80 µM in Figure 2.3D) contained 

0.25 µM E613CClpA‡ and 0.75 µM ClpPWT for the A•P control or 0.25 µM E613CClpA‡–ClpP+C for the 

A–P pool. In the cp7GFP-ssrA degradation assays shown in Figure 2.3—S1B, degradation 

reactions for uncrosslinked controls included the indicated combinations of 0.25 µM ClpAWT, 

ClpACF, or E613CClpA‡ and 0.75 µM ClpPWT
 or ClpP+C, in addition to 0.25 µM E613CClpA‡ and 0.75 

µM ClpPWT for the A•P control or 0.25 µM E613CClpA‡–ClpP+C for the A–P pool. Degradation of 

FITC-casein (18 µM, Sigma-Aldrich) containing 0.25 µM E613CClpA‡ and 0.75 µM ClpPWT for the 

A•P control or 0.25 µM E613CClpA‡–ClpP+C for the A–P pool was monitored by increase in 

fluorescence (excitation 340 nm; emission 520 nm); to determine the endpoint of complete FITC-

casein degradation, 0.5 µL of 5 mg/mL porcine elastase (Sigma-Aldrich) was added to each well 

and incubated for 30 min. ClpAP degradation reactions with FITC-casein (18 µM) were performed 

at 30 °C in Buffer HO with 4 mM ATP or ATPγS (Millipore-Sigma). Degradation of 5-IAFV13P titinI27-
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ssrA (5 µM) containing 0.2 µM E613CClpA‡ and 0.75 µM ClpPWT for the A•P control or 0.2 µM 

E613CClpA‡–ClpP+C for the A–P pool was monitored by increase in fluorescence (excitation 494 

nm; emission 518 nm). Gel degradation of λ cIN-ssrA (15 µM monomer) containing 0.2 µM 

E613CClpA‡ and 0.4 µM ClpPWT for the A•P control or 0.2 µM E613CClpA‡–ClpP+C for the A–P pool 

was performed in triplicate by taking samples of each reaction at specific time points, stopped by 

addition of SDS-PAGE loading sample and boiling at 100 °C before loading on Tris-Glycine-SDS 

gels. Bands were visualized by staining with colloidal Coomassie G-250 and quantified by 

ImageQuant (GE Healthcare) after scanning by Typhoon FLA 9500 (GE Healthcare). The fraction 

of λ cIN-ssrA remaining was calculated by dividing the intensity of this band at a given time point 

by the density at time zero, after normalization by the creatine kinase density. The biochemical 

assays were performed with A–P from a single preparation to ensure that crosslinking efficiency 

was the same throughout all assays. All experiments were performed in at least three independent 

replicates and values reported were calculated as the mean ± 1 SD of independent replicates or 

the ratio of means ± propagated error of independent replicates. Propagated error for “fractional 

degradation rate (rate of A–P / rate of A•P” of A–P mean activity compared to A•P mean activity 

was computed as: 

Propagated error of 
meanA–P
meanA•P

=  
meanA–P
meanA•P

��SDA–P meanA–P
� �

2
+ �SDA•P meanA•P

� �
2
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ABSTRACT 

ClpAP, a two-ring AAA+ protease, degrades N-end-rule proteins bound by the ClpS adaptor. 

Here, we present high-resolution cryo-EM structures of ClpAPS complexes showing how ClpA 

pore loops interact with the ClpS N-terminal extension (NTE), which is normally intrinsically 

disordered. In two classes, the NTE is bound by a spiral of pore-1 and pore-2 loops in a manner 

similar to substrate-polypeptide binding by many AAA+ unfoldases. Kinetic studies reveal that 

pore-2 loops of the ClpA D1 ring catalyze protein remodeling required for substrate delivery by 

ClpS. In a third class, D2 pore-1 loops are rotated, tucked away from the channel, and do not bind 

the NTE, demonstrating asymmetry in engagement by the D1 and D2 rings. These studies show 

new structures and functions for key AAA+ elements. Pore-loop tucking may be used broadly by 

AAA+ unfoldases, for example during enzyme pausing/unloading. 
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INTRODUCTION 

Regulated proteolysis by energy-dependent AAA+ (ATPases associated with diverse cellular 

activities) proteases maintains cellular homeostasis of proteins in all organisms. AAA+ proteases 

harness the energy of ATP hydrolysis to degrade regulatory proteins and proteins that are 

damaged, misfolded, or no longer needed (Sauer and Baker, 2011). AAA+ proteases, such as 

ClpAP, consist of a hexameric AAA+ unfoldase (e.g. ClpA6) and a self-compartmentalized 

peptidase (e.g. ClpP14). In the recognition step of degradation, a peptide sequence (degron) in a 

protein substrate is engaged by pore loops lining the axial channel of the AAA+ hexamer. Through 

conformational changes powered by ATP-hydrolysis cycles, native structure in the bound 

substrate is unfolded and processively translocated through the channel and into the peptidase 

chamber, where the polypeptide is cleaved into fragments. In addition to binding and engaging 

degrons directly, AAA+ proteases interact with adaptor proteins that modify their substrate 

specificity, often by tightening the affinity of the enzyme•substrate complex (Sauer and Baker, 

2011; Mahmoud and Chien, 2018). 

Prokaryotes and eukaryotes use the N-end-rule pathway to target proteins bearing specific 

N-terminal residues (called N-degrons) for rapid degradation (Varshavsky, 2019). In Escherichia 

coli, the ClpS adaptor promotes ClpAP degradation of proteins containing Leu, Phe, Tyr, or Trp 

residues at the N-terminus (Tobias et al., 1991; Dougan et al., 2002; Zeth et al., 2002a, 2002b; 

Erbse et al., 2006; Varshavsky, 2019). ClpS (~10 kDa) docks with the N-terminal domain of ClpA 

and contains a hydrophobic pocket that binds the N-end-rule residue (Zeth et al., 2002a, 2002b; 

Wang et al., 2008a; Román-Hernández et al., 2009). ClpS functions as a specificity switch for 

ClpAP, promoting degradation of N-degron substrates while inhibiting degradation of ssrA-tagged 

and related substrates (Dougan et al., 2002; Guo et al., 2002; Erbse et al., 2006; Wang et al., 

2008a). Unlike some adaptors that simply act as molecular matchmakers between the substrate 

and enzyme, ClpS also modulates the rate of ATP hydrolysis and substrate unfolding by ClpA. 
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Interestingly, ClpS is proposed to interact with ClpA as a ‘pseudo-substrate’ (Dougan et al., 2002; 

De Donatis et al., 2010; Román-Hernández et al., 2011; Rivera-Rivera et al., 2014; Torres-

Delgado et al., 2020). Specifically, the N-terminal extension (NTE) of free ClpS is exposed as an 

unstructured peptide, mimicking a degron. The NTE is poorly conserved among orthologs, with 

the exception of a short junction sequence adjacent to the ClpS core that typically contains a few 

tandem prolines (Hou et al., 2008; Román-Hernández et al., 2011). During ClpS-assisted 

degradation, a ClpS•N-degron substrate complex initially binds to ClpA. Subsequently, the N-

degron substrate is transferred to ClpA for degradation and ClpS escapes destruction by 

mechanisms that are poorly understood. 

Each ClpA subunit has two AAA+ modules, called D1 and D2, that associate in the hexamer to 

form two stacked rings (Grimaud et al., 1998). The D1 and D2 modules belong to different AAA+ 

subfamilies and have distinct biochemical functions (Erzberger and Berger, 2006). The D2 ring, 

a member of the HCLR AAA+ clade, is the principal ATPase motor responsible for unfolding and 

translocating substrates, including proteins with high thermodynamic stabilities (Kress et al., 2009; 

Kotamarthi et al., 2020; Zuromski et al., 2020). In contrast, the D1 ring, a classic AAA+ clade 

member, assists the D2 ring as an auxiliary motor, improves enzyme processivity, and plays a 

major role in substrate recognition (Kress et al., 2009; Kotamarthi et al., 2020; Zuromski et al., 

2020, 2021). ClpS differentially regulates the activities of the D1 and D2 rings (Kress et al., 2009; 

Zuromski et al., 2021) via interactions of its NTE that we characterize here. Previous cryo-EM 

structures of ClpAP elucidate how the axial channel of the D1 and D2 rings engages the 

polypeptide of a directly recognized substrate (Lopez et al., 2020). Pore-1 and pore-2 loops in 

both rings form spiral-staircase-like arrangements that bind the substrate polypeptide, in a similar 

manner to those in structures of other double-ring AAA+ enzymes, such as Hsp104, ClpB, 

Cdc48/p97, and NSF (Deville et al., 2017; Gates et al., 2017; White et al., 2018; Yu et al., 2018; 

Cooney et al., 2019; Lo et al., 2019; Rizo et al., 2019; Twomey et al., 2019). However, these 
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previous structures do not provide insight into the distinct, specialized functions of each AAA+ 

ring of ClpA or the mechanism of ClpS-assisted degradation of N-degron substrates. 

To characterize ring specialization and ClpS-ClpA collaboration, we solved cryo-EM structures of 

ClpAPS complexes that show how the normally disordered ClpS NTE assumes an extended 

conformation when bound in the ClpA axial channel. These structures reveal marked 

conformational differences from prior ClpAP structures (Lopez et al., 2020). We identify multiple 

conformations of ClpS-bound ClpA, including an arrangement in which the pore-1 loops of the D2 

ring are tucked-in and face away from the channel, allowing only the D1 ring to interact strongly 

with the ClpS NTE. Mutagenesis and biochemical experiments establish that the pore-2 loops of 

the ClpA D1 ring are essential for ClpS delivery of an N-degron substrate but contribute little to 

docking of ClpS with ClpA. Our results demonstrate structural and functional plasticity among the 

ClpA pore loops, provide a structural basis for the functions of ClpS during N-degron substrate 

degradation, and contribute more broadly to understanding the operational modes available to 

AAA+ enzymes as they perform diverse biological processes. 

RESULTS 

Distinct conformations of ClpAPS delivery complexes  

We used size-exclusion chromatography in the presence of ATPγS to purify a complex of ClpA, 

ClpP, ClpS, and the N-end-rule substrate YLFVQELA-GFP (Figure 3.1a,b). Based on SDS-PAGE, 

the YLFVQELA-GFP substrate appeared to be sub-stoichiometric compared to ClpS (Figure 3.1b). 

Because ATPγS does not support degradation (Thompson et al., 1994; Hoskins et al., 1998; 

Ishikawa et al., 2001; Effantin et al., 2010; Miller and Lucius, 2014; Lopez et al., 2020), these 

complexes should represent early stages in ClpS-mediated delivery of N-degron substrates.  
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Figure 3.1 | Architectures of ClpS-bound ClpAP. 
a, Cartoon of ClpS delivery of an N-degron substrate for ClpAP degradation. Native ClpS (yellow 
wedge) binds to the N-degron substrate (green) and also binds to an N-terminal domain of ClpA 
(blue oval). b, Size-exclusion chromatography (top panel) of a complex of ClpA, ClpP, ClpS, and 
YLFVQELA-GFP (an N-degron substrate) assayed by SDS-PAGE (bottom panel). Gray shaded 
area and boxed area indicate the fractions pooled for cryo-EM. c, Cartoon of pore loops that 
interact with the NTE and proteins resolved in cryo-EM structures. d, (left panel) ClpA subunit 
nomenclature in right-hand spiral hexamer, where the seam interface is between the lowest (F) 
subunit and the highest (A) subunit. The ClpA hexamer docks into clefts in the ClpP7 ring via IGL 
loops (right panel). The empty ClpP cleft is located between the clefts occupied by subunits E and 
F. e, Side views of the cryo-EM maps of classes I, IIc, and IIIb. The dashed line indicates the 
relative height of ClpA subunits within the spiral. f, Cutaway views of panel (e) showing density 
for the ClpS NTE colored yellow. 
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Table 3.1. Cryo-EM data collection, processing, model building, and validation statistics. 

Class I II III 
Subclass name I IIa IIb IIc IIIa IIIb 

PDB ID 7UIX 7UIV 7UIW 7UIZ 7UIY 7UJ0 
EMDB ID 26556 26554 26555 26558 26557 26559 

Data collection and processing 
microscope Talos Arctica 
camera K3 
magnification 45,000X 
voltage (kV) 200 
total electron dose  
(e-/Å2) 34.71 

defocus range (µm) -0.5 to -2.5 
pixel size (Å) 0.435 
micrographs collected 9169 
initial particles 1,043,033 
final particles 51,750 156,677 43,431 37,530 37,885 31,453 
symmetry C1 C1 C1 C1 C1 C1 
map resolution (Å) at 
0.143 FSC threshold 3.24 3.38 3.33 3.24 3.22 3.26 

Model composition 
non-hydrogen atoms 38021 37900 37776 38131 37880 38006 
protein residues 4820 4805 4792 4837 4819 4823 
nucleotides 12 11 10 12 12 12 

Refinement 
map–model CC 0.80 0.77 0.75 0.81 0.81 0.82 
RMSD bond lengths 
(Å) 0.005 0.005 0.005 0.005 0.006 0.006 

RMSD bond angles (°) 1.115 1.117 1.100 1.095 1.156 1.142 
Validation 

MolProbity score 1.09 1.06 1.06 1.07 1.14 1.10 
clash score 2.98 2.74 2.74 2.78 3.48 3.05 
Cβ deviation (%) 0.00 0.00 0.00 0.00 0.00 0.00 
rotamer outliers (%) 0.00 0.00 0.02 0.00 0.00 0.00 
Ramachandran  
favored (%) 99.94 99.73 99.75 99.88 99.77 99.50 

Ramachandran 
disallowed (%) 0.00 0.00 0.00 0.00 0.00 0.00 
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Figure 3.2 | Conformational differences in ClpA subunits and hexamers.  
a, Atomic models of class I, IIc, and IIIa D1 rings, showing position of subunits A and B. 
b, Individual subunits of class I, IIc, and IIIa atomic models. The dashed line indicates the relative 
height of each subunit, following alignment to the bottom of the IGL loop. 
c, D2 ring rigid-body interface between subunits E and F of classes I, IIc, and IIIa. In class IIIa, the 
small AAA+ domain of subunit E in the D2 ring swings out and loses contact (arrow) with the 
neighboring large D2 AAA+ domain of subunit F. 
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Extended Data Figure 3.1 | Cryo-EM data-processing workflow diagram.  
EM micrographs containing doubly-capped ClpAP complexes (two ClpA hexamers bound to one 
ClpP 14-mer) were processed in RELION-3. The final 3D classes were refined using 
density-modification in PHENIX. 
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Extended Data Figure 3.2 | Cryo-EM validation. 
a, Fourier Shell Correlation (FSC) plots of half maps (shown in blue) or model-map (shown in red) 
resolution. The dashed lines indicate the cut-off values at FSC=0.5 (model-map) or FSC=0.143 
(half-map). 
b, Euler angle distribution plots of the particles used in the final reconstruction of class I, IIa-c, and 
IIIa,b structures. 
c, Local resolution maps of final reconstructions, colored according to RELION-3 calculations. 
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Extended Data Figure 3.3 | ClpS docking to cryo-EM maps. 
The ClpS core domain (PDB 3O2B; res. 27-106) was docked to final reconstructions of class I, 
IIa-c, and IIIa,b that were low-pass filtered to 10 Å.  
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Extended Data Figure 3.4 | Nucleotide occupancy.  
EM density (shown as mesh) of nucleotides in each D1 and D2 binding site of class I, IIa-c, and 
IIIa,b structures. Nucleotide density is not observed in the D1 site of F subunit in IIb or the D2 site 
of the F subunit of IIa or IIb. 
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Extended Data Figure 3.5 | Pore-1 loop interactions with ClpS NTE. 
The leftmost panel in each structure is a diagram of pore-1 loops in the D1 and D2 rings, where 
solid lines represent the presence of NTE contacts and dashed lines represent their absence. 
Middle panel shows lateral views of contacts between ClpA pore-1 loops and the ClpS NTE in 
class I, IIc, and IIIb atomic models. The rightmost panel in each structure is a closer view of the 
pore-1 loops with the NTE shown as transparent spheres and the corresponding nucleotide from 
each subunit. Labels in colored text denote NTE engagement; the dotted circle denotes lack of 
NTE engagement, with Tyr540 pointing towards the channel; labels in black text indicate the tucked 
conformation (Tyr540 away from the channel).   
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Following single-particle cryo-EM analyses (Extended Data Figure 3.1), three-dimensional (3D) 

classification and reconstruction using RELION-3 yielded six density maps (3.22–3.38 Å), 

representing three general structural classes (I, II, and III) with the latter classes being subdivided 

into IIa/IIb/IIc or IIIa/IIIb subclasses (Table 3.1; Extended Data Figure 3.2). In low-pass filtered 

maps, the ClpS core domain (res. 27–106) could be docked into each of the six maps (Extended 

Data Figure 3.3). In unfiltered maps, there was good density for all or part of the NTE of ClpS, 

for the D1 and D2 rings of ClpA, and for ClpP (Figure 3.1c). There was no substantial density for 

the core domain of ClpS, the N-domains of ClpA, or YLFVQELA-GFP, suggesting that these 

domains/proteins are not present in fixed conformations relative to the remaining parts of the 

complex or are potentially absent (YLFVQELA-GFP).  

In our structures, the six subunits of the ClpA hexamer, which we label A through F (clockwise 

direction with subunit F at the bottom), formed a shallow spiral, as expected from prior cryo-EM 

structures (Lopez et al., 2020). Six flexible IGL loops (res. 610–628) in each ClpA hexamer docked 

into clefts in the heptameric ring of ClpP, leaving one empty cleft (Figure 3.1d). Differences 

between classes I, II, and III include the relative positions of subunits in the ClpA spiral, density 

for the ClpS NTE in the ClpA channel, and changes within individual ClpA subunits (Figure 3.1e,f 

and 3.2). For example, density for the ClpS NTE was present in both the D1 and D2 rings of ClpA 

in classes I and II, but only in the D1 ring of class III (Figure 3.1f). In classes II and III, the relative 

height of ClpA subunits in the spiral was A (highest) > B > C > D > E > F (lowest), whereas in 

class-I subunit B was higher than subunit A, resulting in a more planar D1 ring (Figure 3.2a,b). 

Additionally, in the D2 ring of class-III structures, the small AAA+ domain of subunit E swings 

outward, breaking the rigid-body interface with its large AAA+ domain neighbor from subunit F 

(Figure 3.2c). By contrast, structures of ClpAP with RepA-GFP and ATPγS (Lopez et al., 2020) 

did not display this feature, suggesting that it arises as a consequence of ClpS binding. The 

subclasses (IIa/IIb/IIc or IIIa/IIIb) differed from each other largely in the detailed interactions between 
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ClpA and the ClpS NTE, the visibility of individual NTE residues, and the nucleotide occupancy 

of each ATPase site (ATPγS, ADP, or empty) (Extended Data Figure 3.4,3.5).  

Binding of the ClpS NTE within the axial channel of ClpA 

Each of our structures contained clear main-chain and side-chain density corresponding to all or 

part of the ClpS NTE (res. 2–26) in the ClpA channel (Figure 3.3a). The register of this ClpS 

peptide is very similar in each structure, with the C-terminal portion of the NTE (Pro24–Pro25–

Ser26) near the top of the ClpA channel, and the N-terminal portion near the bottom of the channel 

in classes I and II. The ClpA channel is lined by the D1 KYR pore-1 loops (res. 258– 260) and 

pore-2 loops (res. 292– 302) and by the D2 GYVG pore-1 loops (res. 539– 542) and pore-2 loops 

(res. 526– 531). Pore-1 loops of AAA+ unfoldases and protein-remodeling machines contain a 

key, conserved aromatic side chain (usually tyrosine; underlined in KYR and GYVG) that contacts 

the substrate polypeptide in the channel and functions in the binding, unfolding, and translocation 

of target proteins (Schlieker et al., 2004; Weibezahn et al., 2004; Hinnerwisch et al., 2005a; Martin 

et al., 2008; Doyle et al., 2012; Iosefson et al., 2015; Lopez et al., 2020; Zuromski et al., 2021). 

The ClpS NTE was bound by many KYR and GYVG pore-1 loops and also by the D1 pore-2 loops 

of ClpA. Neighboring pore-1 loops interacted with two-residue segments of the NTE, as observed 

for substrate polypeptides bound to multiple AAA+ unfoldases and protein-remodeling machines 

(Puchades et al., 2020). 

Despite this overall resemblance to substrate engagement, there were deviations in individual 

pore-1 loop interactions from those in prior structures of ClpAP and some Hsp100 family 

members. For example, the D2 GYVG pore-1 loops of all six ClpA subunits contacted the ClpS 

NTE in classes I and IIc (Extended Data Figure 3.5), whereas previous ClpAP structures and 

subclasses IIa and IIb show four or five engaged GYVG loops (Extended Data Figure 3.6b) 

(Lopez et al., 2020). The configuration of pore-1 loops in classes I and IIc was also different from 
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an extended Hsp104•casein structure in which loops from both the top and bottom AAA+ rings of 

all six protomers contact substrate in a split ‘lock-washer’ conformation (Gates et al., 2017). In 

classes I and IIc, we observed five bound and one unbound pore-1 loops in D1 and six bound 

pore-1 loops in D2, an arrangement found in the high-affinity state of Mycobacterium tuberculosis 

ClpB (Yu et al., 2018).  In many AAA+ structures, only the pore loops of ATP-bound subunits 

contact substrate (Puchades et al., 2020). By contrast and as reported for ClpAP•substrate 

complexes (Lopez et al., 2020), the pattern of engaged vs. disengaged pore loops in our 

structures did not strictly correlate with the nucleotide present in the corresponding ATPase active 

site (Extended Data Figure 3.4,3.5). For instance, ADP is bound to the class-IIc D2 nucleotide 

sites in subunits E and F, but the GYVG loops from these domains contact the NTE. The presence 

of 11 engaged pore-1 loops (five D1 and six D2) likely contributes to the high-affinity of ClpAPS•N-

degron complexes assembled in ATPγS (Román-Hernández et al., 2011). 
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Figure. 3.3 | Conformations of the ClpS NTE and D2 pore-1 loops of ClpA.  
a, Density of the ClpS NTE (transparent surface with modeled residues in sticks) in the ClpA axial 
channel in classes I, II, and III. Pro24 and Pro25 (colored purple) are part of the junction sequence 
between the NTE and the ClpS core domain. The ClpS NTE sequence is shown on the right. The 
D1 pore-1 loop of subunit A is shown as a reference point for the top of ClpA. 
b, D2 ring ClpA pore-1 loops and the ClpS NTE in classes I, IIc, and IIIa,b. The left panel in each 
structure depicts cryo-EM density for ClpA res. 528–555 and the ClpS NTE res. 2–15. The right 
panels are a zoomed-in view of the pore-1 loops (res. 538–542) and the NTE (transparent 
spheres), which is absent in class-III, in the atomic models. Subunit labels indicate nucleotide and 
interaction with the ClpS NTE. Labels in colored text denote NTE engagement; the dotted circle 
denotes lack of NTE engagement, with Tyr540 pointing towards the channel; labels in black text 
indicate the tucked conformation (Tyr540 away from the channel). c, Atomic models (sticks) and 
density (transparent surfaces in boxed area) of the subunit C D2 pore-1 loop in classes I (green) 
or IIIb (pink) and the class-I ClpS NTE (yellow). In class III, density for the NTE is not observed.  
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Extended Data Figure. 3.6 | Comparison of pore-1 and pore-2 loop sequences and contacts 
to ClpS NTE. 
a, Multiple sequence alignment of ClpABC family members, corresponding to pore-1 (res. 
258– 260, E. coli ClpA) and D1 pore-2 loops of E. coli ClpA (res. 292– 302), created using MUSCLE 
alignment. UniProt accession numbers are listed in parentheses. The alignment at each position 
is colored according to ClustalX (orange=Gly, blue=hydrophobic, green=polar, 
magenta/purple=positive charge, white=unconserved). Conservation scores are calculated in 
Jalview from the amino acid properties in the alignment. Conserved columns that have the highest 
conservation score are indicated by ‘*’ symbols (corresponding to a numeric score of 11), followed 
next by mutations that conserve all physico-chemical properties, indicated by ‘+’ symbols. Gaps 
are indicated by ‘-’, and the lowest conservation score is zero. 
b, Buried Surface Area (BSA) of ClpS NTE. Contacts between ClpS NTE and pore-1 or pore-2 
loops in the D1 and D2 rings of classes I, IIa-c, and IIIa,b were evaluated using PISA. Raw BSA 
values are provided in each box that correspond to coloring by the heat map scale.  
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Pore-1 loops of D2 ring rotate out of the channel to alter polypeptide contacts 

In classes I and II, residues 2–15 of the ClpS NTE were built into density in the D2 portion of the 

channel, but this NTE region was not visible in class III, presumably as a consequence of its 

conformational heterogeneity. We infer that these NTE residues are within D2, as the more 

C-terminal NTE segment (res. 16–26) is bound by the D1 ring of class III in the same manner as 

in classes I and II. Thus, the two AAA+ rings of ClpA can differ in their engagement with the NTE, 

a feature not observed in substrate-bound ClpAP structures (Lopez et al., 2020). 

This absence of density for the N-terminal portion of the NTE in class III correlated with distinct 

structural features within the axial channel. Most surprisingly, the D2 pore-1 loops in class III were 

rotated ~90° compared to their orientation in classes I and II, and the key Tyr540 side chains were 

tucked-in and turned away from the axial channel (Figure 3.3b,c and Supplementary Video 1). 

In both class-III subclasses, at least four of the six pore 1 loops were convincingly in this new 

tucked conformation. In many AAA+ unfoldases and protein-remodeling machines, one or two 

pore-1 loops, usually at the top and bottom of the spiral, are disengaged from the substrate 

polypeptide as a result of translational displacement of the corresponding subunit(s) (Deville et 

al., 2017; Gates et al., 2017; Puchades et al., 2017, 2019, 2020; Ripstein et al., 2017, 2020; Yu 

et al., 2018; Cooney et al., 2019; Dong et al., 2019; Han et al., 2019, 2020; Lo et al., 2019; 

Twomey et al., 2019; Fei et al., 2020a, 2020b; Lopez et al., 2020). This ‘canonical’ disengaged 

state of pore-1 loops in one or two subunits is very different than the tucked and rotated 

orientations of the class-III D2 pore-1 loops, in which no interactions with the polypeptide in the 

channel were present in the D2 ring. Pore-1 tyrosine contacts with the polypeptide within the 

AAA+ channel are considered essential for substrate binding and translocation. Thus, rotation of 

most (or all) Tyr540 side chains in the class-III D2 ring is sufficient to explain the lack of initial 

engagement of the N-terminal segment of the NTE and/or loss of binding that may occur during 

ClpS-assisted degradation of N-degron substrates (see Discussion). 
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Supplementary Video 1. Altered pore-1 loop conformations in the ClpA D2 ring. 
Comparison of class-IIc (pore-1 loops are engaged to ClpS NTE) and class-IIIa atomic models 
(showing tucked pore loops). Frames are labeled in the upper left corner.  

Three additional features of the class-III D2 ring are noteworthy. Coincident with the pore-1-loop 

rotation, the ClpA channel in the D2 ring of class III was wider than in classes I and II (Figure 

3.2c). Second, as noted above, the D2 rigid-body interface between the small AAA+ domain of 

subunit E and its neighboring large AAA+ domain in subunit F was broken in class III. This 

rearrangement may facilitate the accompanying conformational changes that result in loss of NTE 

contacts by the D2 pore-1 loops. Finally, the D2 ring contained ADP in three adjacent subunits in 

class III, whereas classes I and II contained no more than two ADPs in the D2 ring (Extended 
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Data Figure 3.4). Thus, ClpA has the ability to bind all of a polypeptide in the axial channel tightly 

using pore loops in both rings or by disrupting coordinated activity of the D1 and D2 rings, to 

specifically bind only the C-terminal portion of this sequence within the D1 ring. 

Pore-2 loops in the D1 ring form a second network of NTE-engaging contacts 

In addition to the pore-1 loop interactions described above, our structures show that at least four 

pore-2 loops (res. 292–302) in the D1 ring of ClpA contacted the ClpS NTE (Figure 3.4). In each 

subunit, these pore-2 contacts were positioned below the corresponding D1 KYR contacts and 

were offset by ~60°. The Ala295-Ala296-Ser297 tripeptide (AAS) at the tip of the D1 pore-2 loops 

contacted the opposing face of the ClpS NTE compared to the contacts made by the D1 pore-1 

loops (compare orientation of D1 pore-2 loops on left vs. D1 pore-1 loops on right side of channel 

in Figure 3.4a). In contrast to the well-defined KYR motif in the D1 pore-1 loop, which is conserved 

among Hsp104/ClpABC protein-remodeling enzymes and contains the invariant aromatic residue 

present in all AAA+ unfoldases, the key residues and functions of the pore-2 loops have been 

poorly delineated to date (Puchades et al., 2020). Among ClpABC family members, the pore-2 

loops are more variable in sequence and length (Figure 3.4b and Extended Data Figure 3.6a). 

To quantify the extent of pore-1 vs. pore-2 loop interactions in the D1 ring, we calculated the 

buried surface area (BSA) of the ClpS–NTE interface with each class of pore loops using PISA 

(Krissinel and Henrick, 2007). Mirroring the pattern of D1 pore-1 loops bound to the ClpS NTE, 

multiple pore-2 loops made significant ClpS NTE interactions in all class I, II, and III structures 

(Figure 3.4c). The D1 pore-2 loops made substantially larger contributions to the interface with 

the ClpS NTE than the pore-2 loops of the D2 ring, as the buried surface area contributed by the 

D1 pore-2 loops was comparable to those from either the D1 KYR or D2 GYVG pore-1 loops 

(Extended Data Figure 3.6b). For example, in class IIc, the BSA values for the D1 KYR loops 

range from 63 to 196 Å2, the D1 pore-2 loops range from 40 to 156 Å2, and D2 GYVG pore-1 
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loops range from 101 to 179 Å2. In contrast, the D2 pore-2 loops only weakly contacted the NTE, 

as BSA values of these interactions range from 20 to 74 Å2. Thus, pore loops in the D1 ring make 

a greater total number of NTE interactions than pore loops in the D2 ring. The extensive network 

of NTE-engaging residues in the D1 ring suggests that it has more specific polypeptide 

binding/recognition ‘capacity’ than the D2 ring, as predicted by biochemical studies (Hinnerwisch 

et al., 2005a; Zuromski et al., 2021). 

 
Figure. 3.4 | Interaction of ClpA pore-2 loops with the ClpS NTE in the D1 ring.  
a, Three pairs of pore-1 (KYR, res. 258–260) and pore-2 (AAS, res. 295–297) loops in the ClpA 
D1 ring of class I, shown as sticks in representative subunit coloring, and the ClpS NTE (yellow 
and purple sticks). Cryo-EM density of each pore loop is shown with the respective transparent 
surfaces. b, Multiple sequence alignment of ClpABC family members corresponding to D1 pore-2 
loops of E. coli ClpA (res. 292– 302). UniProt accession numbers are listed in parentheses. The 
alignment (Edgar et al., 2004) at each position is colored according to ClustalX (orange=Gly, 
blue=hydrophobic, green=polar, magenta/purple=positive charge, white=unconserved). c, Buried 
surface area of the ClpS NTE by the pore-1 or pore-2 loops of the D1 ring in the atomic models 
of classes I, II, and III. See also Extended Data Fig. 3.6. 
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D1 pore-2 loops mediate substrate unfolding and mechanical remodeling of ClpS 

To test the functional importance of the D1 pore-2 loops, we mutated the AAS sequence (res.  

295–297) to increase bulkiness (QTQ), to mimic the pore-1 loop (KYR), to increase flexibility 

(GGG), or to delete this tripeptide (Δ295–297). As a defect in ClpS binding with these mutants 

was one reasonable hypothesis based on our structures, we first assayed assembly of ternary 

ClpA6•ClpS•N-degron peptide complexes using fluorescence anisotropy (Figure 3.5a). Strikingly, 

all pore-2 loop variants maintained tight affinity for the ClpS•N-degron complexes and behaved 

similarly to wild-type ClpA (WTClpA) in the control experiment that monitored the binary affinity of 

ClpA to the N-degron peptide. We then used these variants to assay ClpAPS degradation of the 

N-degron substrate YLFVQELA-GFP (Figure 3.5b). Notably, all of the D1 pore-2-loop variants 

except QTQ were unable to degrade this substrate. These defects could arise from an inability to 

unfold or translocate YLFVQELA-GFP or from failure to transfer the YLFVQELA-GFP substrate from 

ClpS to ClpA.  

For each variant, we then determined the ATP-hydrolysis rate of ClpA alone and in the presence 

of ClpP, ClpS, and/or a directly recognized protein substrate. The ATPase rate serves as an 

indirect readout of functional ClpA assembly with its binding partners, which differentially 

modulate ATP hydrolysis by ClpA. For instance, ClpP binding stimulates the ATPase rate of 

WTClpA ~two-fold, whereas ClpS suppresses the ATPase activity of ClpAP to a rate similar to that 

of ClpA alone (Hinnerwisch et al., 2005b; Hou et al., 2008). All of the pore-2 variants had basal 

ATPase rates comparable to WTClpA and exhibited ATPase modulation by ClpP and ClpS that 

was generally similar to wild-type (Extended Data Figure 3.7a). Furthermore, in the presence of 

the super-folder GFP substrate (SFGFP-ssrA), which does not require ClpS for recognition and 

degradation, the ATPase rate of each ClpAP variant (with the exception of KYRClpAP) was 

moderately reduced during substrate processing, as expected from a previous study reporting 

~20% suppression of ATP hydrolysis by GFP-ssrA (Kress et al., 2009). We conclude based on 
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these studies that our D1 pore-2 loop mutations do not grossly alter ClpA ATPase activity and are 

also unlikely to substantially change ClpA assembly with ClpP, ClpS, or SFGFP-ssrA. 

 
Figure. 3.5 | D1 pore-2 loops are critical for ClpS-mediated degradation.  
a, Fluorescence anisotropy of ClpA pore-2 variants alone (ClpA6, open circles), with an equimolar 
mixture with ClpS (+ClpS, filled circles), or ClpS only (bottom right panel), titrated in increasing 
concentrations against a fixed concentration of fluorescein-labeled N-degron peptide. Values are 
mean fluorescence anisotropy values from triplicates with error bars representing ± 1 S.D, and 
were fit to equations listed in the Methods. The Kd values are reported on the lower right on each 
isotherm, with (±) the standard error of nonlinear least-squares and R2 values=0.99 for all fits. b, 
Kinetic analysis of YLFVQELA-GFP degradation by ClpA D1 pore-2 variants (see Methods for 
concentrations). Values are mean degradation rates (min-1 ClpA6

-1) of triplicates with error bars 
representing ± 1 S.D. In the table, KM and Vmax values ± errors were obtained by non-linear least 
squares fitting to the Michaelis-Menten equation. Degradation rates of GGG, Δ295– 297, and KYR 
could not be fit to the Michaelis-Menten equation. c, YLFVQELA-GFP (20 µM) degradation rates of 
ClpA D1 pore-2 variants (0.1 µM ClpA6) and ClpP (0.2 µM ClpP14), in the absence and presence 
of ClpS (0.6 µM ClpS). Summary data are mean degradation rates (min-1 ClpA6

-1) of triplicates 
with error bars representing ± 1 S.D.  
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Extended Data Figure 7 | D1 pore-2 loop variants can support ATP hydrolysis and substrate 
unfolding, translocation, and degradation. 
a, ATP hydrolysis rates of ClpA D1 pore-2 variants alone or in the presence of ClpP, ClpP and 
SFGFP-ssrA substrate, or ClpP and ClpS; see Methods for concentrations. 
b, FITC-casein (20 µM) degradation rates of ClpA D1 pore-2 variants (0.2 µM ClpA6) and ClpP 
(0.4 µM ClpP14). Summary data are mean degradation rates (min-1 ClpA6

-1) of triplicates with error 
bars representing ± 1 S.D.  
c, Kinetic analysis of SFGFP-ssrA degradation by ClpA D1 pore-2 variants (0.2 µM ClpA6, 0.4 µM 
ClpP14). Values are mean degradation rates (min-1 ClpA6

-1) of triplicates with error bars 
representing ± 1 S.D. In the table, KM and Vmax values ± errors were obtained by non-linear least 
squares fitting to the Michaelis-Menten equation. 

Next, we assayed the ability of these D1 pore-2-loop variants to degrade FITC-casein, a 

molten-globule protein that does not require ClpS for recognition or robust ClpAP unfolding activity 

for degradation (Thompson et al., 1994). KYRClpAP degraded FITC-casein ~30% slower than 

WTClpAP, but the remaining D1 pore-2 variants degraded this substrate at roughly the wild-type 

rate (Extended Data Figure 3.7b), indicating that recognition and translocation of this substrate 

are not substantially affected by the D1 pore-2 loop mutations. We then assayed the effects of 

the ClpA D1 pore-2 loop mutations on the steady-state kinetics of SFGFP-ssrA degradation 
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(Extended Data Figure 3.7c). KM values for degradation of this highly stable native substrate by 

WTClpAP and the D1 pore-2 loop variants were within error, suggesting that the D1 pore-2 loops 

play little, if any, role in recognition of SFGFP-ssrA. Vmax for SFGFP-ssrA degradation was 

unaffected by the QTQ mutation, reduced ~two-fold by the GGG and Δ295– 297 mutations, and 

reduced ~six-fold for the KYR mutant. Based on these results, we conclude that the D1 pore-2 

loops can promote, but are not essential for, a reaction step after initial substrate recognition, 

presumably GFP unfolding, which is rate limiting for degradation (Singh et al., 2000). Importantly 

however, these partial defects in unfolding by the GGG, Δ295– 297, and KYR variants are 

insufficient to explain the complete inability of these mutants to degrade YLFVQELA-GFP when 

delivered by ClpS. 

In comparison to FITC-casein and SFGFP-ssrA, which are directly recognized by ClpAP, 

degradation of ClpS-dependent substrates require an additional protein-remodeling step. That is, 

ClpA must remodel ClpS, to allow substrate transfer to ClpA, and then unfold the N-degron 

substrate. Concurrently, ClpS reduces the ClpA ATPase rate, which in turn slows unfolding and 

translocation (Dougan et al., 2002; Hou et al., 2008; De Donatis et al., 2010; Román-Hernández 

et al., 2011; Rivera-Rivera et al., 2014; Torres-Delgado et al., 2020). Therefore, ClpS should 

inhibit N-degron substrate degradation by the ClpA D1 pore-2 loop variants that we infer lack 

sufficient unfolding activity to remodel ClpS and transfer the substrate from ClpS to ClpA. We 

tested this hypothesis by measuring the degradation rates of YLFVQELA-GFP in the absence and 

presence of ClpS (Figure 3.5c). Although recognition of N-end-rule substrates by ClpAP alone is 

intrinsically weak and normally enhanced by ClpS (Wang et al., 2007), the addition of ClpS 

hindered YLFVQELA-GFP degradation by the KYR, GGG, and Δ295–297 variants, but not by 

WTClpA or the QTQ variant, as predicted if the D1 pore-2 mutants are specifically defective in a 

ClpS remodeling step required for efficient N-degron substrate degradation.   
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In summary, these data suggest that the sequence identity of the AAS tripeptide (res. 295–297) 

alone is not critical for D1 pore-2 loop activity, as substituting these residues with QTQ had little 

effect on ATP hydrolysis and degradation of all substrates tested (Figure 3.5b,c and Extended 

Data Figure 3.7). Instead, changing the chemical/conformational properties of this loop by 

altering charge/aromaticity (KYR) or flexibility (GGG and Δ295–297) had more profound effects. 

The severe defects in ClpAPS degradation conferred by the deleterious D1 pore-2 mutations but 

unchanged ClpS•N-degron assembly support the conclusion that D1 pore-2 loops assist in 

mechanical work needed to transfer the N-degron substrate from the adaptor to the protease (and 

perhaps also for subsequent reaction steps) but are not required for adaptor/substrate docking 

with ClpAP. 

DISCUSSION 

The ClpS NTE is a “degron mimic” 

Our ClpAP-ClpS structures, taken with previous ClpAP structures and those of additional AAA+ 

family members, illustrate the variety of functional conformations AAA+ unfoldases can adopt to 

perform their biological functions. Importantly in all our structures, interactions between the ClpS 

NTE and pore loops in the ClpA channel mimic contacts observed with a polypeptide segment of 

the protein substrate in prior ClpA structures (Lopez et al., 2020). Specifically, the conserved 

tyrosines from adjacent pore-1 loops in the D1 (KYR) and D2 (GYVG) ring contact every second 

residue of the NTE polypeptide (Extended Data Figure 3.5), with additional contacts mediated 

by the pore-2 loops of the D1 ring. Thus, in addition to its interaction with the ClpA N-domain, 

ClpS uses its NTE to dock tightly with the ClpA channel during substrate delivery. 

Our ClpAPS structures were assembled in ATPγS, which ClpA does not hydrolyze, demonstrating 

that binding of the entire ClpS NTE within both ClpA rings does not require hydrolysis-dependent 

power strokes. Together with biochemical studies and structures of substrate complexes with 
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ATPγS-bound ClpA (Hoskins et al., 1998, 2000; Lopez et al., 2020), these results suggest that 

any polypeptide in an unfolded/misfolded protein could passively enter an open ClpA channel, 

enabling ClpAP to function broadly in general protein quality control. Indeed, most of the ClpS 

NTE sequence is poorly conserved among orthologs and can be changed without compromising 

delivery of N-end-rule substrates (Hou et al., 2008), suggesting that ClpA can engage many 

different sequences. By contrast, the full axial channel of the ClpXP protease is blocked by a 

pore-2 loop prior to initiation of unfolding and translocation, probably limiting binding to proteins 

bearing highly specific ClpX degrons (Fei et al., 2020b). 

Our structures also reveal that ClpA pore loops bind and engage the ClpS NTE, and thus can 

apply mechanical force to the ClpS core domain during the N-degron delivery process. Previous 

studies demonstrate that the ClpS NTE enters the ClpA axial channel during assembly of delivery 

complexes and also can independently function as a degron for ClpAP, providing biochemical 

evidence that the ClpA pore loops can ‘pull’ on the NTE to remodel ClpS (Román-Hernández et 

al., 2011; Rivera-Rivera et al., 2014). Blocking the ClpS NTE from entering the channel inhibits 

ClpS-assisted substrate degradation, reinforcing the importance of ClpA ‘pulling’ on the ClpS NTE 

during N-degron delivery (Rivera-Rivera et al., 2014). The degron-like binding of the NTE provides 

a structural basis for the delivery mechanism depicted in Figure 3.6, in which ClpA pore loops 

engage the NTE and power strokes resulting from ATP hydrolysis transmit force to mechanically 

remodel ClpS and thereby promote transfer of the N-end-rule substrate from ClpS to ClpAP for 

degradation.  
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Figure 3.6 | Models of ClpS-mediated degradation by ClpAP. 
a, Summary of observed interactions of ClpS NTE and pore-1 and pore-2 loops in D1 and D2 
from cryo-EM structures. In a dynamic equilibrium of low-affinity (not observed in this study) and 
high-affinity delivery complexes (classes I, II, and III), pore-1 loops in the D2 ring (i) are tucked-in 
and turned away from the axial channel (class III), correlated with a loss of observed ClpS NTE 
density, as indicated by the dotted line or (ii) contact the ClpS NTE (classes I, II).  
b, Pore loop functions in ClpS remodeling. Pore-1 loops, especially in D1, are required for ClpS 
and substrate binding to form delivery complexes. ATP hydrolysis powers ClpS remodeling, 
allowing D1 pore-2 and D2 pore-1 loops to translocate and tug on the ClpS NTE to promote 
substrate transfer and degradation. c, Summary from biochemical studies (Erbse et al., 2006; 
Wang et al., 2008b) of number of residues required for ClpS NTE and linker between N-end 
residue and folded domain in N-degron substrate. d, Proposed function of pore loops during 
substrate transfer. Following ClpS remodeling, D2 pore-1 loops may release the ClpS NTE, 
allowing for unfolding and translocation of the N-degron substrate to proceed from the D1 pore-2 
loops. 
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Despite the degron-like interactions of the NTE with ClpA, ClpS is not degraded (Dougan et al., 

2002; Román-Hernández et al., 2011). Interestingly, mutation of Pro24-Pro25 to Ala24-Ala25 near 

the ClpS NTE-core junction generates a ClpS variant that can be degraded by ClpAP (Rivera-

Rivera, 2015; Zuromski et al., 2021). In our structures, Pro24-Pro25 binds near the top of the ClpA 

channel, and the ClpS core domain is flexibly positioned directly above the pore. Although our 

structures only capture the initial docking of ClpS with ClpA, we propose that during subsequent 

stages of ClpS delivery, ClpA pore loops may not grip Pro24-Pro25 strongly enough to fully unfold 

ClpS, leading to ‘back-slipping’ in the channel and thus ClpS release. Such slipping is likely a 

consequence of the unique chemical properties of proline, which lacks an amide hydrogen and 

cannot form the extended peptide conformation adopted by the rest of the NTE in our structures 

and by substrate polypeptides in the channels of many other AAA+ unfoldases (Puchades et al., 

2020). ClpXP translocates poly-proline at an even slower rate and with a higher cost of ATP 

hydrolysis cycles than poly-glycine, another homopolymer that leads to pore-loop ‘slipping’ 

(Barkow et al., 2009; Bell et al., 2019). Other types of ‘slippery’ sequences adjacent to folded 

domains have been shown to cause release of truncated degradation products by a number of 

AAA+ proteases (Lin and Ghosh, 1996; Levitskaya et al., 1997; Sharipo et al., 2001; Hoyt et al., 

2006; Daskalogianni et al., 2008; Kraut et al., 2012; Kraut, 2013; Too et al., 2013; Vass and Chien, 

2013; Bell et al., 2019). Partial ClpAP processing of native ClpS does not occur because its NTE 

is not long enough to enter the ClpP peptidase chamber (Figure 3.1f), but is observed for a variant 

bearing a duplicated NTE of ~50 residues (Rivera-Rivera et al., 2014).  

Implications of tucked pore-1 loops in the D2 ring 

In the D2 ring of our class-III structures, many GYVG pore-1 loops assume a ‘tucked’ conformation 

in which they rotate away from the center of the ClpA axial channel and do not engage the ClpS 

NTE (Figure 3.3b,c), presumably weakening ClpS•ClpA binding. There are several functional 

implications. First, the D2-disengaged/D1-engaged species could represent an intermediate in 
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the assembly of higher-affinity ClpAPS complexes in which both rings engage the NTE (Figure 

3.6a). Second, tucked D2 GYVG pore loops could be important during latter steps in 

ClpS-dependent substrate delivery (Figure 3.6b), which require conformational remodeling of the 

ClpS core to weaken its interactions with the N-degron substrate and promote its transfer to ClpA 

(Hou et al., 2008; Román-Hernández et al., 2011; Rivera-Rivera et al., 2014). For example, after 

failed attempts by ClpA to fully unfold the ClpS core, release of the NTE from the D2 ring could 

increase the probability that ClpS dissociates completely from ClpAP, freeing the D2 pore loops 

to engage the N-degron substrate for degradation (see Figure 3.6d). Finally, pore-loop tucking 

does not require ATP hydrolysis, suggesting that under certain conditions (e.g., when bound to 

the ClpS NTE), ClpA readily adopts the class-III structures, which constitute ~20% of particles in 

our final dataset. 

More broadly, pore-loop tucking may be used during the process of enzyme pausing and/or 

unloading by ClpA and other AAA+ unfoldase motors. For example, the ClpA D1 ring functions 

as a ‘back up’ motor to prevent pausing when the principal D2-ring motor fails (Kotamarthi et al., 

2020; Zuromski et al., 2021). Transiently breaking contacts with the polypeptide via pore-loop 

tucking in only the D2 ring would allow the weaker D1 ring to continue unfolding/translocation 

without working against the stalled D2 motor. Subsequent ‘untucking’ of the D2 pore-1 loops once 

the sequence causing the pause is cleared would allow the D2 motor to re-engage, restarting 

robust translocation by both rings. More generally, concerted loss of peptide contacts by all AAA+ 

domains within a ring via pore-loop rotation and tucking would be an efficient mechanism for an 

unfoldase either to transiently disengage from a bound polypeptide or facilitate full enzyme 

dissociation upon failure of a AAA+ motor to unfold, translocate, or remodel a bound protein. By 

contrast, dissociation of a AAA+ enzyme from its polypeptide track by transitioning from a closed, 

substrate-bound right-handed spiral to an open, left-handed ‘lock-washer’ observed in some 
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Hsp100 family members (Yokom et al., 2016; Gates et al., 2017; Yu et al., 2018) requires much 

larger, global conformational changes throughout the AAA+ hexamer.   

Specialized functions of pore-2 loops  

The pore-2 loops of other AAA+ unfoldases/remodeling enzymes have been shown to contact 

substrate polypeptides (Johjima et al., 2015; Deville et al., 2017; Gates et al., 2017; Puchades et 

al., 2017, 2019; Alfieri et al., 2018; Yu et al., 2018; Sandate et al., 2019; Zehr et al., 2020; Fei et 

al., 2020a, 2020b; Han et al., 2020; Lopez et al., 2020; Shin et al., 2021; Kavalchuk et al., 2022). 

The AAS residues of the ClpA D1 pore-2 loops make substantial contacts with the ClpS NTE. 

Nevertheless, we find that these interactions are not critical for ClpA•ClpS binding but instead 

help mediate mechanical work needed during ClpS-assisted N-end-rule degradation (Figure 3.5 

and 3.6b). We propose that the D1 pore-2 loops of ClpA collaborate with the D2 pore-1 loops, 

which are also required for ClpS delivery (Zuromski et al., 2021), in mechanical remodeling of 

ClpS and/or substrate transfer to ClpA. Both sets of loops could contribute to coordinated pulling 

on the NTE to apply force to and remodel ClpS. Next, the pore-2 loops could capture and initiate 

unfolding of the ‘released’ N-degron substrate, and generate a sufficiently long polypeptide ‘tail’ 

to reach the more powerful D2 pore-1 loops (Figure 3.6c,d). Meanwhile, the D2 pore-1 loops 

could release the ClpS NTE via concerted loop-tucking, but then ‘untuck’ to grab this ‘tail’ for 

processive substrate unfolding and translocation. Future studies parsing the interaction of pore-1 

and pore-2 loops in both ClpA rings are needed to further elucidate the mechanistic steps of N-

degron substrate delivery and degradation, as well as to understand why pore-2 loops are critical 

in ClpS-mediated degradation but less important for other classes of substrates. 

ClpA functions using both coordinated and independent action of the D1 and D2 rings 

Loss of D2 pore-1 loop engagement with the ClpS NTE is a major feature distinguishing our class-

III structures from classes I and II. Although the asymmetric engagement of substrate in the D1 
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but not the D2 ring of class III has some parallels with substrate-bound structures of NSF and 

Pex1•Pex6 (Blok et al., 2015; Gardner et al., 2018; White et al., 2018), the substrate-binding rings 

of these other enzymes adopt a ‘canonical’ right-hand spiral organization, whereas the ring that 

does not bind substrate assumes a planar conformation. In contrast, the non-binding, ClpA D2 

ring in class III remains in the right-handed spiral conformation. Moreover, the portion of the ClpS 

NTE in the D1 ring of class-III structures is bound in the same fashion as our class-I and class-II 

structures. This structural snapshot of ‘divided’ NTE engagement between the D1 and D2 pore-1 

loops reinforces biophysical and biochemical experiments that reveal a division of labor between 

the two AAA+ modules of ClpA (Kress et al., 2009; Kotamarthi et al., 2020; Zuromski et al., 2021). 

Multiple studies of other double-ring remodeling/unfoldase enzymes, including ClpB, Hsp104, 

ClpC, Cdc48/p97/VCP, and the ribosomal assembly factor Rix7, report the separation of substrate 

binding/recognition functions in one ring from the role of the second ring as the principal motor 

performing mechanical work (Hattendorf and Lindquist, 2002; Mogk et al., 2003; Wang et al., 

2011; Doyle et al., 2012; Bodnar and Rapoport, 2017a, 2017b; Lo et al., 2019). These results 

illustrate that functional specialization of individual rings is emerging as a theme shared by many 

double-ring AAA+ unfoldases and protein-remodeling enzymes.   
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METHODS 

Proteins and peptides 

ClpA pore-2 mutations were introduced using round-the-horn mutagenesis with T4 polynucleotide 

kinase and Q5 high-fidelity polymerase (New England Biolabs) into pET9a-M169TClpA, the plasmid 

used to express ClpA (gift from J. Flanagan, Hershey Medical Center). The M169T substitution 

helps overexpression of full-length ClpA (Seol et al., 1995)  and is present in our lab version of 

‘wild-type’ ClpA. ClpA and pore-2 variants were purified as described (Hou et al., 2008) and stored 

in HO buffer (50 mM HEPES-KOH, pH 7.5, 300 mM NaCl, 20 mM MgCl2, 10% [w/v] glycerol, 0.5 

mM DTT). ClpP-His6 was expressed in E. coli strain JK10  (clpP::cat, Δlon, slyD::kan, λDE3; 

Kenniston et al., 2003), purified as described (Kim et al., 2000), and stored in 50 mM Tris-HCl (pH 

8), 150 mM KCl, 10% glycerol, 0.5 mM EDTA, and 1 mM DTT. ClpS and YLFVQELA-GFP were 

expressed in E. coli strain BL21(DE3) and purified as described for His6-SUMO-fusion proteins 

(Hou et al., 2008; Román-Hernández et al., 2011). SFGFP-ssrA was expressed and purified as 

described (Nager et al., 2011). ClpS, SFGFP-ssrA, and YLFVQELA-GFP were stored in 25 mM 

HEPES-KOH, pH 7.5, 150 mM KCl, 10% glycerol, and 1 mM DTT. FITC-casein (Sigma-Aldrich 

C0528) was dissolved in HO buffer and used freshly for biochemical assays; an extinction 

coefficient at 280 nm (11,460 M-1cm-1) and absorbance values at 280 nm and 494 nm (to calculate 

and correct for overlap from the fluorescence of the FITC moiety) were used to calculate its 

concentration. The LLYVQRDSKEC-fluorescein N-degron synthetic peptide (21st Century 

Biochemicals [Marlborough, MA], molecular weight 1779.9 g/mol) was dissolved and stored at 

100 µM in 15% DMSO. 

Sample preparation and EM data acquisition 

ClpA6 (4 µM), ClpP14 (8 µM), ClpS (13 µM), and YLFVQELA-GFP (13 µM) were mixed in 70 µL of 

assembly buffer (50 mM HEPES-KOH, pH 7.5, 300 mM KCl, 5 mM MgCl2, 2 mM TCEP, 4% 

glycerol, 2 mM ATPγS [Calbiochem]) for 5 min at 25 °C. 25 µL of this mixture was then 
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chromatographed at room temperature and a flow rate of 0.04 mL/min on a Superdex-200 3.2/300 

size exclusion column equilibrated in assembly buffer (GE Healthcare Ettan). A 50 µL fraction 

containing the largest molecular weight complex was assessed by SDS-PAGE (stained with 

SYPRO Red [Thermo Fisher]) and pooled for cryo-EM. After diluting the sample two-fold in 

assembly buffer, a 3 µL aliquot of the mixture was applied to glow-discharged R1.2/1.3 300 mesh 

holey carbon gold grids (Quantifoil). After a 15 s incubation, grids were blotted for 4 s at 4 °C, 100 

% humidity, using Whatman grade 595 filter paper, and plunged into liquid ethane using a Vitrobot 

Mark IV system (Thermo Fisher Scientific).  

A single grid was imaged for data collection using a Talos Arctica with a Gatan K3 direct electron 

detector (University of Massachusetts Chan Medical School Cryo-EM Microscopy Facility, 

Worcester, MA) in super-resolution mode, operated at 200 keV to collect high-resolution movies 

at (0.435 Å per pixel; uncalibrated magnification 45,000X) with a defocus range of -0.5 µm to -2.5 

µm, with a total dose of 34.71 e-/Å2
 over 26 frames (200 ms per frame).  

Cryo-EM data processing 

Each movie was binned by a factor of 2, aligned, corrected for beam-induced motion using 

MotionCor2 (Zheng et al., 2017), and CTF estimation was calculated by CTFFIND4 (Rohou and 

Grigorieff, 2015). A total of 9,169 micrographs were analyzed using RELION 3.0.8 (Zivanov et al., 

2018) for data processing, classification, and 3D reconstruction. The majority of auto-picked 

particles were doubly capped complexes consisting of two ClpA hexamers per ClpP 14-mer. 

Following three rounds of 2D classification, 1,043,033 particles were used for 3D reconstruction. 

The cryo-EM map of ClpAP (EMD-20406), which was collected under similar parameters as our 

dataset, was low-pass filtered to 60 Å to generate an initial model for reconstruction. After the first 

round of 3D classification, two of three high-quality classes were combined, totaling 717,833 

particles; the second class closely resembled the first with the exception of handedness and was 

flipped to correct handedness before being combined. The two classes were also utilized for per-
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particle CTF refinement and motion correction. The combined class had a resolution of ~3 Å. The 

fulcrum was shifted to the center of ClpA, and particles were re-boxed to improve the resolution 

of this region of ClpA before performing the second round of 3D classification (T=4) with alignment 

to generate six classes. Three good classes were selected and combined (358,726 particles) for 

a third round of 3D classification with a ClpA mask, without alignment (T=20) to yield the final six 

classes. Each class was then subjected to 3D auto-refinement without symmetry to yield six maps 

with ~3.5 Å resolution. To generate the final maps, each map was density-modified and 

autosharpened in PHENIX (Adams et al., 2010), giving final resolutions of ranging from ~3.2-3.4 

Å (Table 3.1). 

Molecular modeling and refinement  

The ClpAP cryo-EM structure (PDB code 6W23) was docked into the EM map for the class I 

structure, and the ClpAP cryo-EM structure (PDB code 6W22) was docked into all other EM maps 

using “fit in map” in Chimera (Pettersen et al., 2004). Real-space refinement was performed using 

PHENIX, and model building was performed in Coot (Emsley et al., 2004). The ClpS NTE 

sequence (residues 2–26) was added manually in Coot. Geometry of the final models was 

evaluated using MolProbity (Williams et al., 2018). Figures and movies were generated using 

Chimera, ChimeraX (Pettersen et al., 2021), and PyMOL (Schrödinger, LLC).  

Multiple sequence alignment 

The amino-acid sequences of bacterial ClpA, ClpB, and ClpC proteins were downloaded from 

UniProtKB (Bateman et al., 2021) and aligned using MUSCLE (Edgar, 2004) with MEGA7 (Kumar 

et al., 2016). The sequence alignment was visualized in Jalview (Waterhouse et al., 2009) and 

colored according to the Clustal X scheme. 
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Buried surface area calculations 

The buried surface area of the ClpS NTE in all class structures was analyzed using the ‘Protein 

interfaces, surfaces and assemblies' service PISA at the European Bioinformatics Institute. 

(http://www.ebi.ac.uk/pdbe/prot_int/pistart.html). The BSA values were summed from the D1 

pore-1 loop region (residues 254-264), D1 pore-2 loop region (residues 292-302), D2 pore-1 loop 

region (residues 536-544), and D2 pore-2 loop region (residues 525-531).  

Biochemical assays 

Biochemical experiments were performed with at least three technical replicates at 30 °C in HO 

buffer using a SpectraMax M5 Microplate Reader (Molecular Devices) to measure initial rates of 

absorbance or fluorescence changes or equilibrium anisotropy values. ATP-hydrolysis rates were 

measured over the first ~2 min by monitoring the loss of absorbance at 340 nm using a coupled 

NADH–ATP assay (Burton et al., 2001) with 5 mM ATP (Sigma-Aldrich), pyruvate kinase (Sigma-

Aldrich; P9136 at 20 units/mL), lactate dehydrogenase (Sigma-Aldrich; L1254 at 20 units/mL), 7.5 

mM phosphoenolpyruvate (Sigma-Aldrich; P0564), and 0.2 mM NADH (Roche 10107735001). 

ATP-hydrolysis assays were performed under four conditions: (i) ClpA6 or variants (0.2 µM); (ii) 

ClpA6 or variants (0.1 µM) and ClpP14 (0.1 µM); (iii) ClpA6 or variants (0.2 µM), ClpP14 (0.2 µM), 

and SFGFP-ssrA (3 µM); and (iv) ClpA6 or variants (0.2 µM), ClpP14 (0.2 µM), and ClpS (0.6 µM). 

FITC- casein degradation assays were monitored by increases in fluorescence (excitation 340 nm, 

emission 520 nm) as a consequence of protease-dependent unquenching over the first 5 min; 

reactions contained ClpA6 or variants (0.2 µM), ClpP14 (0.4 µM), and an ATP-regeneration system 

(4 mM ATP, 50 µg/mL creatine kinase [Sigma-Aldrich], 5 mM creatine phosphate [Sigma-Aldrich]). 

The endpoint fluorescence for complete FITC-casein degradation was determined by addition of 

porcine elastase (100 µg/mL; Sigma-Aldrich) to each well, followed by a 30-min incubation prior 

to reading. To determine FITC-casein degradation rates, the increase in relative fluorescence 
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units was normalized to the endpoint fluorescence value from fully unquenched substrate after 

porcine elastase incubation and the background rate was subtracted from each reaction on the 

basis of a no-enzyme buffer-only control.  

Degradation of GFP variants was monitored by loss of fluorescence (excitation 467 nm, emission 

511 nm) over the first 5-10 min. Briefly, rates were calculated by normalizing the slope values of 

relative fluorescence units (RFUs)/time by the fluorescence signal determined from a standard 

curve of RFUs versus varying concentrations of substrate in the linear range. Degradation of 

different concentrations of SFGFP-ssrA (0.25 - 20 µM) was assayed using ClpA6 or variants (0.2 

µM), ClpP14 (0.4 µM), and the ATP-regeneration system described above. Degradation of different 

concentrations of YLFVQELA-GFP (0.25 - 20 µM) was assayed using ClpA6 or variants (0.1 µM), 

ClpP14 (0.2 µM), ClpS (0.6 µM), and the ATP-regeneration system. For degradation of 

YLFVQELA-GFP by the GGG, KYR, and Δ295-297 pore-2-loop mutants shown in Fig. 3.5b, 

concentrations were ClpA6 variant (0.6 µM), ClpP14 (1.2 µM), and ClpS (3.6 µM). 

The binding of the peptide LLYVQRDSKEC-fluorescein (100 nM) to (i) ClpA6 or variants (0.047 - 6 

µM), (ii) ClpS (1.25 - 30 µM), or (iii) equimolar mixtures of ClpA6 or variants and ClpS (0.047 - 3 

µM) at equilibrium was assayed by fluorescence anisotropy (excitation 490 nm, emission 525 nm) 

in the presence of ATPγS (2 mM). Only ClpA6•ClpS•peptide ternary and ClpA6•peptide binary 

complexes have higher anisotropy levels (in comparison to ClpS•peptide binary complexes) as a 

result of the much larger molecular weight of ClpA6 (~500 kDa) compared to that of ClpS (~10 

kDa). Data were fit by a non-linear least-squares algorithm to equations for ClpA6 only and ClpS 

only experiments: 

fluorescence anisotropy=𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 + �
𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 ∗ 𝐾𝐾𝑑𝑑
𝐾𝐾𝑑𝑑 + 𝑋𝑋

� 

or to a quadratic equation for tight binding for ClpA6•ClpS complexes: 

fluorescence anisotropy=𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 + (𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 − 𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚)
(𝐿𝐿 + 𝑋𝑋 + 𝐾𝐾𝑑𝑑)−�(𝐿𝐿 + 𝑋𝑋 + 𝐾𝐾𝑑𝑑)2 − 4 ∙ 𝐿𝐿 ∙ 𝑋𝑋

2𝐿𝐿
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where 𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 is the background anisotropy value, 𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 is the maximum anisotropy value at saturated 

binding, 𝐿𝐿 is the concentration of peptide (100 nM), 𝐾𝐾d is the dissociation equilibrium constant (in 

nM), and 𝑋𝑋 is the concentration of ClpA6•ClpS (in nM). 

Data availability 

Atomic models and EM maps have been deposited in the PDB and EMDB with accession codes 

provided in Table 3.1. Any additional information required to reanalyze the data reported in this 

study is available from the corresponding author (tabaker@mit.edu). 
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ABSTRACT 

The bacterial protease ClpAP, composed of the ClpA unfoldase and ClpP peptidase, binds the 

N-terminal extension (NTE) of its adaptor ClpS in the same manner as a protein substrate. 

However, during N-degron substrate delivery, ClpS transfers its cargo to ClpA and escapes ClpAP 

degradation. Here, we elucidate the minimal structural elements needed to protect ClpS from 

ClpAP proteolysis. The flexible NTE of ClpS is joined to a folded core domain that binds N-degron 

substrates. We find that a Pro-Pro dipeptide from the junction between the ClpS NTE and core is 

sufficient for proteolytic resistance when fused to other stably folded protein domains. Using a 

panel of ssrA-tagged fusion proteins, we demonstrate that this short Pro-Pro element can inhibit 

degradation of the β-barrel GFP or the α-helical-bundle Rop proteins but not the metastable λ cIN 

repressor domain. Pro-Pro can also antagonize ClpXP degradation of ssrA-tagged GFP, 

suggesting that this ClpS-derived element is protective against many AAA+ proteases. 

Modulating the spacing of Pro-Pro from the folded domain shows that this motif must be close to 

the native structure (i.e. less than three residues apart) to be effective. These results indicate that 

the Pro-Pro sequence at the NTE–core junction functions as an anti-degron, promoting 

mechanical remodeling of ClpS, rather than its degradation, and substrate transfer. 

 

 

 

 

 

 

Keywords 

ATPases associated with diverse cellular activities; protein degradation; AAA+ ATPase adaptor; 

adaptor remodeling 
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INTRODUCTION 

Proteases of the AAA+ (ATPases associated with diverse cellular activities) superfamily control 

protein turnover during normal growth and in response to stress conditions (Varshavsky, 2017; 

Mahmoud and Chien, 2018). Found in all organisms, AAA+ proteases consist of a hexameric 

AAA+ unfoldase and a barrel-shaped partner peptidase, which assemble into stacked rings with 

a narrow axial channel. Protein substrates are recognized directly by the AAA+ unfoldase through 

interactions of its axial channel with a peptide degron sequence in the substrate or indirectly with 

the assistance of adaptor proteins. Using cycles of ATP binding and hydrolysis, the AAA+ 

unfoldase unfolds native structure in the substrate and processively translocates the substrate 

polypeptide into the peptidase for degradation (Sauer and Baker, 2011; Mahmoud and Chien, 

2018). 

The bacterial AAA+ protease ClpAP, composed of the ClpA6 unfoldase and ClpP14 peptidase, 

recognizes proteins bearing degrons located at their C-termini, such as the ssrA tag, and those 

with N-terminal degrons (Tobias et al., 1991; Gottesman et al., 1998). ClpS, a ClpAP adaptor 

protein, inhibits degradation of ssrA-tagged substrates and enhances recognition of a specific 

class of N-degrons containing N-end-rule destabilizing residues (Dougan et al., 2002; Erbse et 

al., 2006; Wang et al., 2007). In Escherichia coli, substrates bearing Phe, Trp, Tyr, or Leu 

N-terminal residues bind to a hydrophobic pocket in the ClpS core domain (res. 27–106), which 

docks with an N-terminal domain of ClpA (Figure 4.1a) to form an enzyme•adaptor•substrate 

ternary complex (Guo et al., 2002; Zeth et al., 2002a, 2002b; Wang et al., 2008). ClpS also binds 

to ClpAP using its N-terminal extension (NTE), which is intrinsically disordered in the free adaptor 

but adopts an extended conformation, similar to a substrate polypeptide, when bound in the ClpA 

channel (Figure 4.1b) (see Chapter 3, p. 83). The degron-like NTE is required for ClpS-assisted 

delivery of N-end-rule substrates, inhibition of ClpAP degradation of ssrA-tagged substrates, and 

suppression of ClpAP ATPase rate by ClpS (Dougan et al., 2002; Hou et al., 2008; De Donatis et 
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al., 2010; Román-Hernández et al., 2011; Rivera-Rivera et al., 2014; Torres-Delgado et al., 2020). 

Thus, the direct interaction of the ClpS NTE with the unfoldase machinery of ClpA differentiates 

ClpS from most adaptors, which usually tether substrates to auxiliary domains of a AAA+ enzyme.  

Figure 4.1 Pro24-Pro25 in the ClpS NTE 
junction precede the ClpS core domain.  
(a) Structure of the E. coli ClpS core domain in 
complex with the ClpA N-domain (PDB 1MBU). 
The NTE sequence is shown, with the Pro-Pro 
dipeptide colored purple.  
(b) Degron-like binding of the ClpS NTE to 
ClpAP (PDB 7UIZ). The ClpS core domain 
(PDB 3O2B; res. 27–106) is docked to a 10 Å 
low-pass filtered cryo-EM map (black outline; 
EMDB 26558; PDB 7UIZ). The right panel 
shows a zoomed-in view of the ClpS NTE and 
the Pro24-Pro25 dipeptide  
For (a) and (b), ClpS is colored yellow, and 
ClpA is colored green.  
 

 

 

Though the assembly of the ClpAPS•N-degron complex is well-characterized, the details of 

subsequent reaction steps during ClpS-assisted substrate delivery await elucidation. For 

example, to access the N-degron hidden in the ClpS binding pocket, ClpA appears to 

mechanically remodel the ClpS core domain, allowing the substrate to be transferred from ClpS 

to the ClpA axial channel (Román-Hernández et al., 2011; Rivera-Rivera et al., 2014). Following 

this substrate handoff step, ClpS presumably dissociates from the ClpA channel, such that it can 

bind and deliver additional substrate molecules. Although the ClpS NTE mimics a degron and can 

be engaged by ClpA pore loops, ClpS resists degradation by its cognate protease (Dougan et al., 

2002; Román-Hernández et al., 2011; Rivera-Rivera et al., 2014). Therefore, a mechanism likely 
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exists to specifically promote ClpS remodeling, substrate transfer, and release, instead of global 

unfolding and degradation of ClpS. Rates of protein unfolding by AAA+ proteases depend on the 

local stability of degron-proximal structure of the substrate, as well as on the ability of the 

unfoldase to grip residues of the degron near the folded domain (Matouschek et al., 1999; Lee et 

al., 2001; Kenniston et al., 2003, 2004; Matouschek, 2003; Koodithangal et al., 2009; Olivares et 

al., 2017; Bell et al., 2019). ClpS contains a Pro24-Pro25 dipeptide in the junction between its NTE 

and core domain (colored purple in Figure 4.1) that is moderately conserved, unlike the poorly 

conserved residues in the preceding NTE portion (Hou et al., 2008; Román-Hernández et al., 

2011). Mutation of this sequence to Ala24-Ala25 results in ClpS degradation by ClpAP, indicating 

that the ClpS junction modulates protein unfolding and degradation (Rivera-Rivera, 2015; 

Zuromski et al., 2021). 

To investigate the role of the Pro-Pro motif in protecting the ClpS protein from ClpAP, we designed 

ssrA-tagged fusion proteins that directly test whether Pro-Pro antagonizes degron-mediated 

degradation. These engineered substrates isolate protection by the Pro-Pro motif from 

contributions by the ClpS core domain and the rest of the ClpS NTE. We find that a Pro-Pro 

dipeptide adjacent to a stably folded domain is necessary and sufficient to inhibit degradation by 

ClpAP. Importantly, in addition to Pro-Pro itself, our experiments reveal that the location of this 

sequence, positioned within a few residues of the beginning of the folded domain, is also 

important. Protection from degradation is not limited to ClpAP, as GFP bearing Pro-Pro and an 

ssrA tag also resists degradation by ClpXP. We conclude that the intrinsic Pro-Pro motif 

counteracts the substrate-like interactions of the ClpS NTE with the ClpA channel, allowing ClpS 

to escape degradation and instead promote multiple rounds of N-degron substrate delivery, 

thereby functioning as an ‘anti-degron’. 
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RESULTS AND DISCUSSION 

Pro-Pro protects ssrA-tagged GFP from degradation by ClpAP 

To interrogate the ability of Pro-Pro to inhibit ClpAP degradation of another protein, we fused a 

variable sequence and the ssrA tag to the C-terminus of GFP derived from Aequeorea victoria 

(Figure 4.2a). GFP-ssrA is a highly stable protein and an efficiently degraded ClpAP substrate 

(Singh et al., 2000). Single-molecule experiments have characterized the rates of GFP unfolding, 

which is rate-limiting for degradation, and translocation by ClpAP and ClpXP (Martin et al., 2008; 

Maillard et al., 2011; Sen et al., 2013; Olivares et al., 2014). We truncated GFP at Ile229, the last 

structurally ordered residue in crystal structures, generating a minGFP scaffold to probe the effect 

of residues adjacent to a folded domain on ClpAP unfolding and degradation (Ormö et al., 1996; 

Yang et al., 1996; Bell et al., 2019). The variable sequence between the minGFP domain and 

ssrA tag consisted of Pro-Pro, Ala-Ala, or Ala-Ala-Ala-Pro-Pro, in which the Pro-Pro is farther 

away from the beginning of the minGFP structured region.  

We determined rates of steady-state ClpAP degradation of different concentrations of our minGFP 

variants (Figure 4.2b). Notably, minGFP-PP-ssrA was protected from ClpAP proteolysis, whereas 

minGFP-AA-ssrA and minGFP-AAAPP-ssrA were degraded efficiently and with similar kinetic 

parameters. Although minGFP-AAAPP-ssrA contains the Pro-Pro motif, these residues alone are 

clearly not sufficient to inhibit ClpAP degradation. Analogous to the location of Pro24-Pro25 in the 

ClpS core junction, protection of ssrA-tagged minGFP requires placement of the Pro-Pro residues 

next to the GFP β-barrel. These data also explain why the ClpS NTE-GFP fusion protein is 

degraded by ClpAP as a result of the Pro-Pro motif being too far from the GFP folded structure 

(Román-Hernández et al., 2011).  Furthermore, the protection of minGFP-PP-ssrA shows that the 

Pro-Pro sequence can shield the adjacent minGFP domain from ClpAP degradation in the C-to-

N direction, the opposite polarity of the Pro-Pro sequence in native ClpS.  
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Figure 4.2 Pro-Pro adjacent to minGFP inhibits ClpAP degradation. (a) Design of ssrA-
tagged minGFP and cp7GFP substrates. minGFP substrates contained residues 1–229 A. victoria 
GFP (PDB 1GFL) with S2R, S65G, S72A, and R80Q mutations, followed by a variable sequence 
indicated by the blue asterisk and ssrA tag. cp7GFP substrates were composed of cp7GFP that 
ends with the β7 sequence, TADKSE, the blue asterisk sequence, and the ssrA tag. Secondary 
structure cartoons of minGFP and cp7GFP are shown on the right. (b) Kinetic analysis of ClpAP 
degradation of ssrA-tagged minGFP variants. (c) Kinetic analysis of ClpAP degradation of ssrA-
tagged cp7GFP variants. For (b) and (c), values are mean degradation rates (min-1 ClpA6

-1) of 
triplicates with ± 1 SD error bars. KM and Vmax values were obtained by non-linear least squares 
fitting to the Michaelis-Menten equation ± fitting errors. Degradation rates of minGFP-PP-ssrA or 
cp7GFP-PP-ssrA were extremely slow and could not be fit to the Michaelis-Menten equation. 
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We also appended the PP-ssrA, AA-ssrA, and AAAPP-ssrA sequences to the C-terminus of 

cp7GFP (Figure 4.2c), a circularly permutated variant of superfolder GFP that ends with the 

seventh of the eleven β strands of GFP and follows a different and less stable unfolding pathway 

(Nager et al., 2011). Because degradation by AAA+ proteases initiates from the degron (Lee et 

al., 2001; Olivares et al., 2017), ClpAP encounters different local structures when initiating 

unfolding of the tagged variants of minGFP and cp7GFP. Nevertheless, degradation assays of the 

cp7GFP variants revealed the same trends observed using minGFP. Only cp7GFP-PP-ssrA resisted 

degradation by ClpAP, whereas and cp7GFP-AA-ssrA and cp7GFP-AAAPP-ssrA had similar Vmax 

and KM values. These results indicate that Pro-Pro abutting different regions of GFP structure is 

sufficient to inhibit ClpAP unfolding and degradation. 

Pro-Pro acts in cis to protect ssrA-tagged GFP from ClpAP and ClpXP degradation 

We mixed minGFP-AA-ssrA and minGFP-PP-ssrA in different ratios to determine if the 

PP-bearing substrate inhibited ClpAP and thus protected minGFP-AA-ssrA from degradation. 

ClpAP degradation rates of mixed minGFP proteins were proportional to the fraction of AA-ssrA 

and PP-ssrA tagged substrates present in the reaction (Figure 4.3a). Thus, minGFP-PP-ssrA 

appears to act as a competitive inhibitor of the degradation of minGFP-AA-ssrA, as expected if 

minGFP-PP-ssrA binds reversibly to ClpAP but is not degraded. We next measured the 

degradation rates of minGFP-AA-ssrA and minGFP-PP-ssrA by ClpXP, which followed the same 

pattern (Figure 4.3b). Both ClpAP and ClpXP presumably release bind and release 

minGFP-PP-ssrA, while minGFP-AA-ssrA is selectively degraded in the mixtures. Conversely, if 

minGFP-PP-ssrA was bound but not released, the protease would be stalled, such that 

degradation rates of mixed minGFP proteins would be the same as the reaction containing only 

minGFP-PP-ssrA. We conclude that the Pro-Pro motif is a cis-acting protective element against 

degradation by ClpAP and ClpXP.  
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Figure 4.3 Pro-Pro protects ssrA-tagged minGFP from ClpAP and ClpXP degradation.  
(a) Degradation rates of 20 µM minGFP-AA-ssrA, 20 µM minGFP-PP-ssrA, or mixtures of AA-
ssrA or PP-ssrA variants by ClpAP or (b) by ClpXP with the same total amount of minGFP protein 
(20 µM). For (a) and (b), values are mean degradation rates (min-1 ClpA6

-1 or min-1 ClpX6
-1) of 

triplicates with error bars of ± 1 SD. 

Pro-Pro does not protect ssrA-tagged λ cIN from degradation by ClpAP 

We used the N-terminal domain of λ cI repressor (cIN) as a metastable protein domain (Huang 

and Oas, 1995). We monitored degradation of cIN-PP-ssrA, cIN-AA-ssrA, and cIN-AAAPP-ssrA 

fusions over time. λ cIN-PP-ssrA did not resist ClpAP degradation, and less than 20% remained 

after 20 minutes. ClpAP degraded cIN-AAAPP-ssrA at about the same rate as cIN-PP-ssrA and 

degraded cIN-AA-ssrA ~two-fold faster (Figure 4.4). Given the rapid equilibration between native 

and denatured λ cIN in solution (Huang and Oas, 1995), we attribute degradation of λ cIN-PP-ssrA 

to its metastable structure. λ cIN dimerizes weakly in solution (KD ~0.6 mM) (Weiss et al., 1987) 

and would be predominantly monomeric under our degradation conditions. Thus, the C-terminal 
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α-helix of λ cIN (res. 79–92) may not adopt the folded conformation observed in λ cIN dimers (Pabo 

and Lewis, 1982), placing the PP sequence farther from the native domain. 

Figure 4.4 λ cIN bearing PP-ssrA does not 
resist degradation by ClpAP.  
Gel degradation assays of λ cIN fused to 
AA/PP/AAAPP and the ssrA tag (15 µM) by 
ClpAP. Top panel shows design of ssrA-tagged 
λ cIN (res. 1–92) fusion proteins based on the 
dimeric structure of λ cIN (PDB 1LRP, chain A). 
In graph below, values are from individual 
experiments with the line representing the 
mean of duplicates.  
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Pro-Pro-tagged Rop, an α-helical protein, also resists ClpAP degradation 

Both ClpS and our GFP constructs are predominantly formed from antiparallel β strands, raising 

the possibility that resistance by Pro-Pro requires a β-sheet structure. We generated fusion 

proteins using dimeric Rop, which lacks β strands but is both thermodynamically and kinetically 

stable (Banner et al., 1987; Munson et al., 1994, 1996, 1997; Dalal et al., 2008). Degradation of 

Rop-PP-ssrA over 30 minutes was significantly slower than either Rop-AA-ssrA (~10-fold) or Rop-

AAAPP-ssrA (~3 fold) (Figure 4.5). Thus, we conclude the Pro-Pro motif abutting a stable folded 

domain, composed of α-helices or β strands, is necessary and sufficient to protect a degron-

tagged protein from ClpAP proteolysis. 

Figure 4.5 Pro-Pro protects ssrA-tagged 
Rop from ClpAP degradation.  
ClpAP degradation of dimeric Rop fused to 
AA-ssrA, PP-ssrA, or AAAPP-ssrA (20 µM). 
The top panel shows the design of ssrA-
tagged Rop (res. 1–56) fusion proteins based 
on the NMR structure (PDB 1RPR). In the 
graph below, values are mean fractions of 
Rop-ssrA variants, comparing to the Rop 
band density at 0 min, (n=3) with error bars of 
± 1 SD. Representative gels are shown in the 
panels below. 
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In summary, we designed a panel of ssrA-tagged fusion proteins with PP-ssrA, AA-ssrA, or 

AAAPP-ssrA adjoining the folded domains of GFP, λ cIN, or Rop. For GFP and Rop, the adjacent 

Pro-Pro motif antagonized ClpAP degradation and functions as an ‘anti-degron’. For λ cIN-PP-

ssrA, however, the Pro-Pro sequence did not evidently protect against ClpAP degradation, either 

because the cIN domain is metastable and/or because α-helix 5 of this domain unfolds partially in 

the monomeric protein, thus moving the Pro-Pro sequence too far from a folded structure. Our 

results show that a Pro-Pro dipeptide placed within a few residues of a stably folded structure is 

sufficient to protect a degron-bearing protein from both ClpAP and ClpXP. Pro24-Pro25 in native 

ClpS neutralizes the degron-like properties of the rest of the NTE, allowing the ClpS adaptor to 

escape ClpAP degradation despite binding of the NTE in the ClpAP axial channel in the same 

manner as a substrate.  

The Pro-Pro protective element contrasts with other mechanisms shielding adaptors and 

protease-associated proteins from degradation. Similar to ClpS, the prokaryotic ubiquitin-like 

protein, Pup, docks with the N-domains of the mycobacterial proteasome Mpa and is translocated 

by its cognate AAA+ protease (Sutter et al., 2009; Striebel et al., 2010; Kavalchuk et al., 2022). 

However, unlike ClpS, Pup can escape degradation via recycling, analogous to ubiquitin in the 

eukaryotic proteasome, or perhaps by passing through the peptidase due to a lack of favorable 

proteolytic cleavage sites, as proposed recently (Zerbib et al., 2021). Rad23, another adaptor 

refractory to degradation, binds to the eukaryotic proteasome, but lacks an unstructured initiation 

region that can be engaged effectively by the unfoldase machinery (Fishbain et al., 2011).  

By contrast, ClpAP binds and engages the ClpS NTE, using the energy of ATP hydrolysis to 

conformationally remodel the ClpS adaptor during N-end-rule substrate delivery (Román-

Hernández et al., 2011; Rivera-Rivera et al., 2014). Thus, ClpS is a ‘pseudo-substrate’ protected 

by the Pro-Pro motif abutting the ClpS core domain. Whether resistance to ClpAP degradation 

due to the Pro-Pro motif or by other means is conserved among all ClpS orthologs remains an 
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open question. We hypothesize that the Pro-Pro sequence may interact with AAA+ proteases to 

impair processivity, as observed for ‘slippery’ substrates (Lin and Ghosh, 1996; Levitskaya et al., 

1997; Sharipo et al., 2001; Hoyt et al., 2006; Daskalogianni et al., 2008; Kraut et al., 2012; Kraut, 

2013; Too et al., 2013; Vass and Chien, 2013; Bell et al., 2019). The conformational rigidity of 

proline may preclude efficient unfolding and/or translocation, as suggested by the slow 

translocation of poly-proline by ClpXP (Barkow et al., 2009). Biophysical studies using single-

molecule optical trapping may help elucidate the mechanism of Pro-Pro protection against global 

unfolding by AAA+ enzymes and determine whether Pro-Pro enables protein remodeling rather 

than unfolding and degradation. 
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MATERIALS AND METHODS 

Protein expression and purification 

ClpA was expressed and purified by established protocols (Hou et al., 2008) and stored in HO 

buffer (50 mM HEPES-KOH [pH 7.5], 300 mM NaCl, 20 mM MgCl2, 10% [w/v] glycerol, 0.5 mM 

DTT). ClpX was expressed and purified as described (Neher et al., 2003) and stored in 50 mM 

Tris-HCl [pH 8.2 at 4 °C], 100 mM KCl, 1 mM MgCl2, 10% (w/v) glycerol, 5 mM DTT. ClpP was 

expressed in E. coli strain JK10 (clpP::cat, Δlon, slyD::kan, λDE3), purified as previously 

described, and stored in 50 mM Tris-HCl (pH 8) 150 mM KCl, 10% (w/v) glycerol, 0.5 mM EDTA, 

and 1 mM DTT  (Kim et al., 2000; Kenniston et al., 2003). To generate minGFP variants, 

sequences encoding AA, PP, or AAAPP were introduced into pT7 GFP-AANDENYALAA (Fei et al., 

2020), which encodes GFP carrying S2R, S65G, S72A, and R80Q mutations, using round-the-

horn mutagenesis with T4 polynucleotide kinase and Q5 high-fidelity polymerase (New England 

Biolabs). minGFP fusion proteins were expressed in E. coli strain T7 Express (New England 

Biolabs) and purified by Ni-NTA chromatography, Superdex-75 size-exclusion chromatography, 

and Source-15Q anion-exchange chromatography. To generate cp7GFP variants, the sequence 

encoding cp7GFP-ssrA was ligated to the 3´-end of His6-Sumo cloned into pET23b, followed by 

introduction of sequences encoding AA, PP, or AAAPP before the ssrA tag via round-the-horn 

mutagenesis (Nager et al., 2011). cp7GFP, λ cIN, and Rop fusion proteins were expressed in E. 

coli strain T7 Express and purified as described for His6-SUMO-fusion proteins (Hou et al., 2008; 

Román-Hernández et al., 2011). All fusion proteins were stored in 25 mM HEPES-KOH (pH 7.5), 

150 mM KCl, 10% (w/v) glycerol, and 1 mM DTT.  

 

Degradation of GFP-ssrA variants  

Degradation of GFP-ssrA variants was performed in HO buffer for ClpAP or PD buffer (25 mM 

HEPES-KOH [pH 7.5], 100 mM KCl, 5 mM MgCl2, 10% [w/v] glycerol, 0.032% Tween-20, and 0.2 
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mM DTT) for ClpXP with at least three technical replicates at 30 °C using a SpectraMax M5 

Microplate Reader (Molecular Devices) to measure initial rates over 5 minutes. Degradation of 

ssrA-tagged minGFP or cp7GFP variants was monitored by loss of fluorescence (excitation 467 

nm, emission 511 nm). Degradation rates were calculated by normalizing the slope values of 

relative fluorescence units (RFUs)/time by the fluorescence signal determined from a linear 

standard curve of RFUs versus increasing GFP concentration. Reactions contained varying GFP 

concentrations, ClpA6 (0.2 µM), ClpP14 (0.4 µM), and an ATP-regeneration system (5 mM ATP, 

50 μg/mL creatine kinase, and 5 mM creatine phosphate) for Michaelis-Menten analyses. For 

Figure 4.3, mixing experiments with minGFP-AA-ssrA and minGFP-PP-ssrA, in the ratios 

indicated to a total concentration of 20 µM minGFP variant(s), were performed under similar 

conditions using ClpA6 (0.25 µM) or ClpX6 (0.25 µM), ClpP14 (0.75 µM), and the ATP-regeneration 

system described above. 

 

Degradation of ssrA-tagged λ cIN and Rop variants 

Degradation reactions containing λ cIN (15 µM) or Rop (20 µM) fusion proteins, 0.1 µM ClpA6
 , 0.2 

µM ClpP14, and an ATP-regeneration system (5 mM ATP, 50 μg/mL creatine kinase, and 5 mM 

creatine phosphate) was monitored by SDS-PAGE. Gel degradation of λ cIN fusion proteins (15 

µM) was performed in duplicate. Samples of each reaction at specific time points were stopped 

by addition of SDS-PAGE loading sample and boiled at 100 °C prior to loading on Tris-Glycine-

SDS gels. Bands were visualized by colloidal Coomassie G-250, scanned on a Typhoon FLA 

9500 instrument (GE Healthcare) and quantified using ImageQuant (GE Healthcare). The fraction 

of fusion protein remaining was calculated by dividing the density of the ssrA-tagged protein band 

at a given time point by the density at time zero, after normalizing loading in each lane using the 

ClpP band density.  
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Data visualization 

Figures including structures were generated using ChimeraX (Pettersen et al., 2021). Biochemical 

assay data were plotted in GraphPad Prism.  
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ABSTRACT 

The global bacterial transcriptional regulator Fumarate and Nitrate Reductase (FNR) senses 

environmental O2, which destabilizes its [4Fe-4S] cluster and converts the active dimer (holoFNR) 

into an inactive monomer (apoFNR). The monomer but not the dimer is selectively degraded by 

the ClpXP protease. We find that the N-terminal domain of ClpX is required for efficient FNR 

degradation and binds to a short peptide near the N-terminus of FNR. By engineering GFP-

FNRtag chimeras, we demonstrate that a second short C-terminal FNR sequence binds weakly 

to the axial pore or channel of ClpX. The N-terminal FNR tag is not an autonomous degron. 

However, the presence of this signal with the C-terminal tag tightens the KM for degradation five-

fold. These results indicate that the N-terminal FNR sequence functions as an ‘enhancement tag’ 

(e-tag), allowing monomeric FNR to tether itself to ClpX and providing a simple example of 

coupling an e-tag and weak pore-binding tag within the same polypeptide for multicomponent 

protease recognition. Crystallographic analysis of apo and holoFNR reveals that both the e-tag 

and pore tag are more solvent-exposed in the apo form, likely rendering them more accessible to 

ClpXP. Using FNR-tag variants that are dimeric in the presence of O2 but lack [4Fe-4S] clusters, 

we show that dimerization is sufficient to inhibit ClpXP proteolysis by masking the pore tag. Thus, 

oxygen-sensitive exposure of the dual e-tag and pore-binding signals controls degradation of an 

important cellular regulator specifically during aerobic growth. 

 

 

 

 

Keywords 

ATPases associated with diverse cellular activities; protein degradation; redox signaling; 
enhancement tag 
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INTRODUCTION 

Molecular oxygen, the terminal electron acceptor during cellular respiration, is required for aerobic 

life but can also become toxic and give rise to reactive oxygen species. Oxygen deprivation or 

hypoxia results in reduced ATP production by oxidative phosphorylation, leading to metabolic 

adaptation or cell death (Harris, 2002; Boshoff and Barry, 2005). Hyperoxia, occurring when 

oxygen levels exceed atmospheric pressure, promotes the formation of reactive oxygen species 

that damage nucleic acids, proteins, and lipids, thereby inhibiting growth and threatening cell 

viability (Baez and Shiloach, 2014). To maintain oxygen homeostasis, various oxygen-sensing 

systems have evolved in all kingdoms of life to protect organisms from changes in oxygen 

concentration. Facultative anaerobes, such as Escherichia coli, use redox-sensitive mechanisms 

to shift between aerobic and anaerobic metabolism in response to oxygen availability. This ability 

to physiologically adapt between high and low oxygen environments is critical during 

pathogenesis and contributes to biofilm formation (Marteyn et al., 2011). In E. coli, for example, 

the transcription factor Fumarate and Nitrate Reductase (FNR) directly senses O2 and controls 

the transcription of hundreds of genes, including those required for anaerobic respiration (Salmon 

et al., 2003; Kang et al., 2005). FNR deletion strains exhibit attenuated virulence, such as defects 

in mouse intestinal colonization, demonstrating the importance of oxygen sensing for microbial 

adaptation during the infection of a eukaryotic host (Jones et al., 2007; Barbieri et al., 2014, 2017).  

FNR is a member of the cAMP receptor protein CRP/FNR superfamily of transcriptional 

regulators. These usually dimeric proteins contain an N-terminal sensory domain, which responds 

to environmental conditions, and a C-terminal DNA-binding domain, which controls transcription 

of its regulon by binding specific DNA sequences (Mettert and Kiley, 2018). Under anaerobic 

conditions, the FNR sensory domain binds an oxygen-labile [4Fe-4S] cluster that promotes and 

stabilizes FNR dimers. HoloFNR is the active form that carries out site-specific DNA binding and 

interacts with RNA polymerase (Lazazzera et al., 1993, 2002; Moore and Kiley, 2001; Moore et 
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al., 2006; Jervis and Green, 2007). Upon oxygen exposure, destruction of the [4Fe-4S] cluster 

inactivates the tight DNA binding activity of the FNR dimer by promoting dissociation to the 

monomeric apoFNR form, which is then degraded (Sutton et al., 2004; Mettert and Kiley, 2005).  

Degradation of apoFNR depends on ClpXP, a AAA+ (ATPases associated with diverse cellular 

activities) protease, which selectively recognizes apoFNR monomers via sequences located near 

the protein’s N- and C-termini (Flynn et al., 2003; Mettert and Kiley, 2005; Pan et al., 2012). ClpXP 

consists of the AAA+ ClpX6 unfoldase/translocase and the self-compartmentalized ClpP14 

peptidase. AAA+ proteases perform energy-dependent proteolysis of damaged, deleterious, or 

unneeded proteins to support protein homeostasis in all kingdoms of life (Sauer and Baker, 2011; 

Baker and Sauer, 2012; Olivares et al., 2015; Mahmoud and Chien, 2018). To perform targeted 

protein degradation, the AAA+ unfoldase/translocase binds and engages an unstructured peptide 

sequence on the substrate protein called a degron, which is often a pore-binding tag. Pore loops 

lining the axial channel of the AAA+ protease interact with the degron, and ATP hydrolysis drives 

conformational changes in the AAA+ enzyme that power unfolding of the substrate and 

translocation of the denatured polypeptide into the peptidase for destruction. Regulation of protein 

degradation by AAA+ proteases occurs in many ways: (i) altering degron accessibility; (ii) co- or 

post-translational modifications of the substrate; and (iii) by using secondary recognition signals 

and/or adaptor proteins that interact with auxiliary domains of the AAA+ enzyme to enhance 

substrate affinity (Figure 5.1) (Sauer and Baker, 2011; Olivares et al., 2015; Mahmoud and Chien, 

2018).  
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Figure 5.1 Mechanism of substrate recognition and degradation by AAA+ proteases.  
AAA+ proteases consist of a AAA+ unfoldase and partner peptidase. Recognition of a protein 
substrate is mediated through binding of a degron (usually a pore-binding tag) within the substrate 
to the axial pore of the AAA+ unfoldase and can involve auxiliary domains on the AAA+ enzyme. 
The ClpX N domains, which form dimers, are represented here interacting with the enhancement 
tag (e-tag) in another region of the substrate. Pore loops within the unfoldase channel bind and 
engage the degron, allowing for processive ATP-powered unfolding and translocation into the 
peptidase chamber for degradation (rightmost panel). Only one set of N domain dimers is shown 
for clarity during the substrate recognition and degradation steps. 

Here, we investigate how ClpXP recognizes the two recognition signals of FNR under aerobic 

conditions and how dimerization protects FNR from ClpXP proteolysis. We report that the N-

terminal signal of FNR tethers the substrate to the N domain of ClpX and serves as an 

enhancement tag (e-tag) to stabilize the enzyme•substrate complex and enhance recognition of 

FNR’s weak C-terminal pore-binding tag. Using dimeric apoFNR mutant proteins and 

comparisons of apoFNR and holoFNR crystal structures, we find that dimerization masks these 

recognition signals to protect FNR dimers from ClpXP proteolysis. Our studies of apoFNR 

recognition by ClpXP demonstrate how environmentally-sensitive conformational changes in a 

master regulatory protein control its homeostasis by coupling protein function to protein turnover.
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RESULTS 

FNR degradation depends on the ClpX N domain 

The N domain of ClpX binds peptide sequences in adaptor proteins and some substrates, often 

serving as a tethering site to enhance ClpXP substrate recognition (Sauer et al., 2021). To 

investigate whether direct recognition of apoFNR requires the N domain of ClpX, we compared 

apoFNR degradation by ClpXP and ClpXΔNP, where ClpX∆N is a variant lacking the N domain. 

ClpXΔNP degrades substrates that do not require binding to the N domain, such as Arc-ssrA, with 

an affinity and rate indistinguishable from that of wild-type ClpXP (Neher et al., 2003). We found, 

however, that ClpXΔNP degraded apoFNR poorly compared to ClpXP, suggesting that the N 

terminal domain of ClpX assists recognition and/or processing of this substrate (Figure 5.2A).  

As another method of testing the involvement of the ClpX N domain in apoFNR recognition, we 

used a synthetic peptide from the SspB adaptor containing the XB sequence that directly binds 

to the N domain of ClpX. Addition of the XB peptide (Y-RGGRPALRVVK, residues 155-165 of 

native SspB) inhibited FNR degradation (Figure 5.2B). Interestingly, FNR degradation was not 

completely blocked by removing the ClpX N domain or by the addition of SspB peptide, indicating 

the presence of two ClpX-recognition signals in apoFNR, as established previously (Flynn et al., 

2003; Mettert and Kiley, 2005; Pan et al., 2012). Nonetheless, the substantial negative effect of 

blocking apoFNR contacts with the ClpX N domain demonstrates the importance of FNR 

interactions with this auxiliary domain. These results thus support a model in which apoFNR 

tethers itself to the ClpX N domain to boost the efficiency of degradation using one signal, while 

another interacts with a distinct region of ClpX.  
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Figure 5.2 FNR requires the ClpX N domain for efficient degradation.  
(A) Kinetics of apoFNR degradation by ClpXP or ClpX∆NP monitored by SDS-PAGE and colloidal 
Coomassie staining. Gel degradation reactions contained apoFNR (5 μM), ClpX or ClpXΔN (0.3 
μM hexamer), ClpP14 (0.8 μM), and 5 mM ATP. (B) Kinetics of apoFNR degradation showing 
inhibition by the presence of equimolar SspB XB peptide (YRGGRPALRVVK). Assay conditions 
were identical to those in (A). 

The ClpX N domain binds to a short sequence near the N-terminus of FNR 

To identify sequences in FNR bound by the ClpX N domain, we incubated purified 35S-labeled 

ClpX N domain with an array of overlapping 12-residue peptides corresponding to the full 

sequence of FNR (Figure 5.3A). The spot-blot pattern revealed N domain-binding to an FNR 

sequence of seven amino acids (KRIIRRI, residues 5–11), with the underlined resides sharing 

some chemical similarity with the LRVVK sequence in the SspB XB motif that is an important 

determinant of substrate delivery to ClpXP (Chowdhury et al., 2010). The FNR C-terminal 

recognition signal (NVA, residues 248–250) did not bind the ClpX N domain, consistent with the 

hypothesis that it interacts with a distinct region of ClpX, most likely the axial pore (see next 

section). Other peptides showing binding to ClpX N domain correspond to regions in FNR that 

are buried in the native protein or are located within the DNA-binding domain based on structural 

analysis (C. Nguyen et al., personal communication). These internal sequences would not be 
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freely accessible to ClpXP in native structures and thus are unlikely to be important for specific 

ClpX-FNR recognition. To test this hypothesis, we focused on Arg179-Arg180, which are solvent 

inaccessible in the folded protein, but peptides containing this sequence bound most tightly to the 

ClpX N domain in the blot (see spots in row above the blue box in Figure 5.3A). Degradation 

rates of an Ala179-Ala180 FNR variant was similar to the wild-type (less than 10% different, data 

not shown), establishing that the identity of these internal residues is not critical for robust 

recognition or degradation by ClpXP. 

We further dissected the contribution to ClpX N domain-binding of individual residues in the N-

terminal 20 residues of FNR using additional spot-blots. In this experiment, the FNR peptides 

contained two or three substitutions of consecutive wild-type residues with alanine (Figure 5.3B). 

Only the 5KRIIRRI11 region was critical for binding. An orthogonal spot-blot experiment in which 

glycine residues systematically replace the native sequence of the FNR N-terminal peptide also 

indicated that the IRRI sequence was a minimal determinant for ClpX N domain binding (Figure 

5.3C). Finally, we validated solution-based binding of these residues near the N-terminus of FNR 

to the ClpX N domain using fluorescence anisotropy (Figure 5.3D). The binding constant (KD) of 

a fluorescently-labeled FNR peptide (residues 1–19) to purified ClpX N domain was ~three-fold 

weaker than the KD of the SspB XB peptide, indicating that the 5KRIIRRI11 region binds the ClpX 

N domain less tightly (Figure 5.2B). 
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Figure 5.3 FNR contains a ClpX N domain-binding sequence.  
(A) Spot-blot of FNR peptide library incubated with 35S-labeled ClpX N domain. The peptide library 
consisted of 12-residue peptides corresponding to overlapping regions of the FNR protein 
sequence with an offset of two residues between neighboring peptides. The ClpX N 
domain-binding sequence near the FNR N-terminus (5KRIIRRI11) is outlined in orange; the C-
terminal pore-binding sequence (NVA) is outlined in blue; and binding controls (peptides that bind 
the ClpX N domain with medium, strong, and weak strength) are outlined in black. (B) Substitution 
analysis of the FNR N-terminal region monitoring ClpX N domain binding by spot-blot. Double 
and triple alanine substitutions in the first 12 residues of FNR are shown in light blue text. (C) 
Sequential elimination of the first 20 residues of FNR, analyzed by spot-blot. To scan the FNR 
N-terminal region (res. 1–20), 20-residue peptides containing portions of the ClpX N-domain 
binding sequence or glycines (indicated in light blue text). (D) Fluorescence anisotropy of ClpX N 
domain titrated against a fixed concentration (1 µM) of dansyl-labeled FNR peptide (res. 1–19) or 
fluorescein-labeled SspB XB peptide. Values are from individual experiments (n ≥ 2) and fit using 
a hyperbolic isotherm (see Methods). The KD and R2 values are reported on the right with (±) the 
standard error of non-linear least-squares. 
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The N-domain-binding region in FNR is critical for efficient degradation 

To assess the contribution of the FNR residues that bind the ClpX N domain to degradation by 

ClpXP, we introduced alanine or aspartate mutations into full-length FNR at residues 5-11 (Figure 

5.4A–B). Point mutations at any position within this region reduced the rate of ClpXP degradation 

four- to five-fold relative to wild-type apoFNR. Triple alanine substitutions at residues 5–7 or 9–

11 similarly slowed degradation rates. These results establish that within the context of native 

apoFNR, this N-domain-binding sequence is required for efficient degradation by ClpXP. 

However, each variant also degraded at ~20-30% of the wild-type rate, supporting earlier work 

establishing that FNR also contains a second recognition signal located in its C-terminal region 

(Flynn et al., 2003; Mettert and Kiley, 2005).  

The C-terminal NVA-COO- tripeptide of FNR (residues 248–250) shares sequences similarity with 

LAA-COO- of the ssrA degron, which is known to bind in the axial pore of the ClpX ring, and to 

other C-motif-1 ClpX-recognition signals (Flynn et al., 2003; Fei et al., 2020). ClpXP degraded 

FNR variants with C-terminal DVA and NVS tripeptides poorly (Figure 5.4C), consistent with 

previous results using an FNR variant with a deletion of the C-terminal VA sequence (Mettert and 

Kiley, 2005). Hereafter, we will use NtagFNR to refer to FNR residues 1–15 and CtagFNR to specify 

FNR residues 240–250. We also assume that CtagFNR is engaged by the axial channel of ClpX. 
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Figure 5.4 FNR residues 5–11 are critical for efficient ClpXP degradation.  
(A) Relative degradation rates of FNR protein variants compared to wild-type (WT) apoFNR using 
SDS-PAGE and colloidal Coomassie staining. Bars are mean percentages (calculated from initial 
degradation rates of each variant divided by the mean degradation of wild-type apoFNR) from 
three independent experiments with error bars representing ± 1 SD. The dashed line represents 
the degradation rate of wild-type apoFNR (1.8 ± 0.01 FNR degraded ClpX6

-1 min-1).  
(B) Degradation kinetics of FNR triple alanine variants in residues 5–11 or (C) DVA (N248D) or 
NVS (A250S) variants, compared to wild-type apoFNR using the assay as described in panel (A). 
Each point represents the mean fraction FNR remaining (calculated from the density of the FNR 
band at each time point compared to the beginning of the reaction at zero). Error bars are ± 1 SD 
from triplicates. The dashed line shows mean values of wild-type apoFNR degradation kinetics 
from the left panel for comparison.  
Gel degradation reactions for (A-C) contained apoFNR or variants (10 μM), ClpX (0.3 μM 
hexamer), ClpP14 (0.8 μM), 4 mM ATP, and an ATP-regeneration system. 
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The N- and C-terminal recognition signals work together during FNR degradation 

We designed GFP fusion proteins bearing NtagFNR, CtagFNR, or both signals and tested for 

potential synergy between the tags by performing Michaelis-Menten analysis of ClpXP 

degradation (Figure 5.5A; Table 5.1). GFP itself is not recognized by ClpX (Kim et al., 2000). 

ClpXP degraded GFP-CtagFNR with a KM of ~80 µM, and NtagFNR-GFP interacted with a KM of 

~180 µM. Notably, ClpXP degraded GFP carrying both the NtagFNR and CtagFNR signals with a KM 

of ~15 µM. We observed similar synergistic degradation enhancement by combining the NtagFNR 

and CtagFNR signals on dihydrofolate reductase (DHFR), another model protein (Figure 5.5B). 

DHFR is frequently used in protein degradation studies because the binding of its ligand 

methotrexate stabilizes its mechanical stability, which can be used to assay processive 

degradation by AAA+ proteases (see next section) (Lee et al., 2001; Ainavarapu et al., 2005; 

Koodithangal et al., 2009; Gur et al., 2012).   

Table 5.1 Steady-state kinetic parameters for tagged GFP substrate degradation by ClpXP.  KM
 

and Vmax values ± errors were obtained by non-linear least squares fitting to the Michaelis-Menten 
equation from triplicates.   

Substrate KM 
(μM) 

Vmax 
(min-1 ClpX6

-1) R2 

 NtagFNR-GFP 180   ± 130 2.6   ±   1.4 0.88 

 GFP-CtagFNR 78  ± 16 2.9   ±   0.4 0.97 

 NtagFNR-GFP-CtagFNR 15  ± 1.0 1.6   ±   0.1 0.97 

 XBSspB-GFP-CtagFNR 5.4  ± 0.1 1.2   ±   0.1 0.86 

 

We hypothesized that if NtagFNR functions as an e-tag by tethering the substrate to the ClpX N 

domain, then the SspB XB peptide (LRVVK, residues 160–164 from E. coli SspB) should be able 

to substitute for NtagFNR to enhance degradation of GFP-CtagFNR (Figure 5.5C). KM for ClpXP 

degradation of XBSspB-GFP-CtagFNR was ~5 µM or ~three-fold tighter than the KM for NtagFNR-GFP-

CtagFNR (Table 5.1). This tighter KM further supports an e-tag tethering mechanism, as the N 
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domain of ClpX binds the XBSspB peptide (KD ~20-30 µM; Wah et al., 2003) more tightly than a 

NtagFNR peptide (KD ~89 µM). We conclude that the N- and C-terminal tags of FNR are modular 

degradation signals and play distinct but markedly synergistic roles in targeting substrates for 

ClpXP proteolysis. 

 

 

Figure 5.5 FNR N- and C-tags can be transferred to other proteins and have distinct 
functions. (A) Michaelis-Menten analysis of GFP-fusion protein degradation. Reactions 
contained ClpX (0.3 μM hexamer), ClpP14 (0.8 μM), 5 mM ATP, and an ATP-regeneration system. 
Degradation was monitored by loss of fluorescence at 485 nm over time. Points are mean 
degradation rates (n=3); error bars ± 1 SD.  (B) DHFR-fusion protein degradation rates in the 
presence of ClpX (0.3 μM hexamer), ClpP14 (0.8 μM), DHFR-fusion proteins (5 μM), 5 mM ATP, 
and an ATP-regeneration system. Degradation was monitored by SDS-PAGE and colloidal 
Coomassie staining. Values correspond to mean degradation rates (n=3); error bars ± 1 SD. (C) 
Michaelis-Menten analysis of XBSspB-GFP-CtagFNR degradation. Conditions as in panel (A). The 
Michaelis-Menten fit for NtagFNR-GFP-CtagFNR degradation from panel (A) is shown by the black 
dashed line for comparison. Degradation was monitored by loss of fluorescence at 485 nm over 
time. Points are mean degradation rates (n=3); error bars ± 1 SD.  
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FNR is degraded from the C-terminus 

To determine whether ClpXP initiates degradation of FNR from its N- or C- terminus, we designed 

chimeric proteins containing full-length FNR (FNRFL) and an NtagFNR or CtagFNR signal fused to 

DHFR. ClpXP only degrades methotrexate-bound DHFR slowly, and truncated degradation 

products are typically produced when ClpXP reaches the ligand-stabilized DHFR domain, 

because the partially degraded product is released with no degradation tag and is resistant to 

further degradation (Lee et al., 2001; Kenniston et al., 2005; Koodithangal et al., 2009). We 

generated NtagFNR-DHFR-FNRFL to detect degradation initiated at the FNR C-terminus (Figure 

5.S1) and FNRFL-DHFR-CtagFNR to assay for degradation from the FNR N-terminus (Figure 5.S2). 

In the absence of methotrexate, ClpXP degraded the FNRFL and DHFR domains in both chimeric 

substrates, indicating that the NtagFNR and CtagFNR signals provided intrinsically in FNRFL or 

appended to DHFR are functional (Figure 5.S1–3). In the presence of methotrexate, we observed 

a truncated protein at the approximate position expected of the DHFR domain accumulating 

during degradation of the NtagFNR-DHFR-FNRFL chimera (Figure 5.S1A). We confirmed that the 

truncated protein fragment contained the DHFR domain by Western blot using an anti-DHFR 

antibody (Figure 5.S1B), indicating that ClpXP initiates processive unfolding and degradation of 

the FNRFL portion from the C-terminus. Formation of the DHFR fragment appeared sub-

stoichiometric compared to the amount of substrate degraded (Figure 5.S3), which is likely 

explained by slow ClpXP degradation methotrexate-bound mouse DHFR. By contrast, no 

truncation product was observed during ClpXP degradation of FNRFL-DHFR-CtagFNR (Figure 

5.S2), indicating that the FNR portion of this chimera is not degraded from the N-terminal end. 

Therefore, these results reveal that ClpXP initiates processive unfolding and degradation from 

the C-terminal end of apoFNR, consistent with the ssrA tag-like function of the CtagFNR signal.  
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Figure 5.S1 Processive 
degradation by ClpXP 
proceeds from the C-terminus 
of FNR.  
(A) Gel degradation of NtagFNR-
DHFR-FNRFL in the presence 
and absence of methotrexate (10 
μM in 0.2% DMSO) detected by 
colloidal Coomassie staining. 
The control reactions contained 
0.2% DMSO. Degradation 
reactions contained 5 μM 
NtagFNR-DHFR-FNRFL, ClpX6 
(0.3 μM), ClpP14 (0.8 μM), and 5 
mM ATP. The molecular weight 
of FNR is ~28 kDa, and the 
molecular weight of DHFR is ~22 
kDa. (B) Western blot of 
degradation reactions in (A) 
probed with mouse anti-DHFR 
antibody. The migration of the 
truncated DHFR-containing 
product is indicated on the right. 

 
 

Figure 5.S2 The N-terminus of 
FNR is not the principal ClpXP 
initiation site.  
(A) Gel degradation of FNRFL-
DHFR-CtagFNR in the presence 
and absence of methotrexate (10 
μM in 0.2% DMSO) detected by 
colloidal Coomassie staining. 
Degradation reactions contained 
5 μM FNRFL-DHFR-CtagFNR, 
ClpX6 (0.3 μM), ClpP14 (0.8 μM), 
and 5 mM ATP. The control 
reactions contained 0.2% 
DMSO. (B) Western blot of 
degradation reactions in (A) 
probed with mouse anti-DHFR 
antibody. No truncation products 
containing DHFR were detected. 
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Figure 5.S3 Kinetics of degradation of NtagFNR-DHFR-FNRFL and FNRFL-DHFR-CtagFNR 
fusion proteins in the presence (solid lines) and absence (dashed lines) of methotrexate (MTX; 
10 μM, 0.2% DMSO) monitored by SDS-PAGE and colloidal Coomassie staining, quantified from 
Figure 5.S1–2.  

Dimerization can protect apoFNR from ClpXP proteolysis by masking recognition signals 

Previous work established that dimerization protects FNR from proteolysis (Mettert and Kiley 

2005). To gain structural insights into the conformational changes associated with dimerization 

underlying differences in ClpXP degradation, we crystallized apoFNR and holoFNR variants, both 

bearing a deletion of the N-terminal 14 residues (∆14) and a L28H substitution, and solved 

structures to ~2 Å resolution (Table 5.2). Residues 17–35 in the N-terminal region of the holoFNR 

variant form a loop that wraps around the [4Fe-4S] cluster, generating a compact folded motif 

(Figure 5.6A). In the crystal structure of the apoFNR variant, however, the corresponding 

residues are flexibly extended (Figure 5.6B). This conformational change is likely to expose 

residues near the N-terminus of FNR, making the e-tag accessible to ClpXP, although residues 

1–14 were not present in the electron-density map for either apo or holoFNR. Attempts to 

crystallize full-length FNR were unsuccessful, suggesting that residues 1–14 may be flexible in 

both states, whereas residues 17–35 were accessible only in the apo structure. By contrast, the 

C-terminal segment of FNR was visible in both the apo and holo variant structures. CtagFNR in 

holoFNR packed against the DNA-binding domain near the dimerization helix in holoFNR but was 

rotated by ~90° and was more accessible in apoFNR (Figure 5.6C). Because dimerization 

normally occurs only in the holo state, these structures suggest dimer formation sequesters both 
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FNR recognition signals, preventing binding to ClpXP via distinct mechanisms. Specifically, 

coordination to the [Fe-S] cluster in residues 17–35 likely hinders access to NtagFNR, while 

ligand-induced conformational changes stabilize packing of CtagFNR near the dimerization helix. 

 

Figure 5.6 N- and C-terminal regions of apoFNR are more exposed than in holoFNR 
structures. (A) holoFNR dimer structure (colored dark orange) showing the dimerization helix, 
N-terminal cluster-binding loop (dotted circle; residues 17–35), and the C-terminal CtagFNR signal 
(dotted rectangle). The overall domain organization of each FNR monomer, which consists of the 
N-terminal sensory domain and the C-terminal DNA binding domain, is indicated on the right. (B) 
Conformational differences in the N-terminal region of holoFNR (colored dark orange) and 
apoFNR (colored light blue) (residues 15–35) from the region indicated in the dotted circle in panel 
(A). The first residue (Gly15) resolved in the apo crystal structure is labeled. (C) Comparison of 
the orientation of the C-terminal region of holo and apoFNR (residues 245-250), from the region 
indicated by the dotted rectangle in panel (A). In holoFNR, the last modeled residue in the 
structure is Asn248, whereas in apoFNR, it is Ala250. 
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Table 5.2. Data collection and refinement statistics for FNR structures. 

 ApoFNR∆14/L28H HoloFNR∆14/L28H 
Wavelength (Å) 0.979145 0.979145 
Resolution range 45.81 – 1.43 

(1.47 – 1.43) 
50.00 – 1.64 
(1.68 – 1.64) 

Space group P 21 21 21 P 32 2 1 
Unit cell dimensions (Å) 
   α, β, γ (°) 

51.27 81.01 101.80 112.62 112.62 124.26 
γ = 120 

Total reflections 698651 (99045) 1121875 (181205) 
Unique reflections 78947 (12563) 111317 (17795) 
Multiplicity 8.85 (8.88) 10.08 (10.18) 
Completeness (%) 99.9 (99.6) 99.9 (99.7) 
Mean I/σ(I) 22.35 (1.99) 22.83 (1.95) 
Rsym (%) 4.2 (94.5) 5.2 (99.8) 
CC-1/2 (%) 99.9 (84.2) 100.0 (74.2) 
Reflections used in refinement 78913 (7736) 111309 (10993) 
Reflections used for Rfree 3946 (387) 5565 (550) 
Rwork 17.20 (28.24) 19.17 (34.85) 
Rfree 20.59 (33.31) 20.74 (36.35) 
Number chains per ASU 
  protein 2 2 

Number of non-hydrogen atoms 4069 4133 
protein 3694 3705 
metal-cluster – 16 
solvent 375 412 

RMS (bonds) 0.008 0.006 
RMS (angles) 1.00 0.88 
Ramachandran favored (%) 98.28 96.63 
Ramachandran allowed (%) 1.29 3.16 
Ramachandran outliers (%) 0.43 0.22 
Rotamer outliers (%) 1.26 3.75 
Clashscore 2.84 3.64 
Average B-factor (Å2) 30.12 36.16 

protein 29.08 35.36 
metal-cluster (average) - 29.12 
solvent 40.34 43.64 

Statistics for the highest-resolution shells are shown in parentheses. 

Rsym  =  
∑ ∑ �𝐼𝐼ℎ𝑘𝑘𝑘𝑘,𝑗𝑗 − 〈𝐼𝐼ℎ𝑘𝑘𝑘𝑘〉�𝑗𝑗ℎ𝑘𝑘𝑘𝑘

∑ ∑ 𝐼𝐼ℎ𝑘𝑘𝑘𝑘,𝑗𝑗𝑗𝑗ℎ𝑘𝑘𝑘𝑘
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We tested if dimerization could protect FNR from ClpXP degradation by masking FNR’s 

recognition signals, as suggested by the relative exposure of the NtagFNR and CtagFNR sequences 

deduced from the apo and holo structures. To separate the possible effects of the presence of 

the [4Fe-4S] cluster in holoFNR from those of dimerization, we took advantage of a previously 

characterized FNR variant bearing the D154K mutation which stabilizes the FNR dimer interface 

in the absence of the cluster (Moore et al., 2006) (Figure 5.7A). If dimerization-mediated burial 

of the recognition signals is sufficient for resistance to proteolysis, then apoFNRD154K-dimers 

should be resistant to ClpXP degradation. Consistent with this hypothesis and previous studies 

using the D154A mutant (Mettert and Kiley, 2005), we observed a reduction in the degradation 

rate of the apoFNRD154K-dimer compared to apoFNR-monomer under aerobic conditions where 

neither protein should contain an intact cluster. Thus, at the very least, FNR dimerization slows 

ClpXP degradation rates.  

Next, we used apoFNRD154K to test whether occlusion of one or both of the ClpX recognition 

signals upon dimerization is sufficient to explain the resistance of the dimer to ClpXP degradation. 

Inspection of the holoFNR structure suggests that the CtagFNR signal is less accessible in an FNR 

dimer, whereas the region containing NtagFNR would likely only be protected via coordination to 

the [4Fe-4S] cluster. Therefore, we predicted that appending a longer NtagFNR sequence should 

not greatly affect degradation of apoFNRD154K dimers, which already have an exposed NtagFNR. 

By contrast, appending a longer CtagFNR sequence would expose this signal and allow ClpXP to 

access these sites that would otherwise be hidden within an FNR dimer. Indeed, when the C-

terminus of the apoFNRD154K-dimer was extended by the addition of CtagFNR, the dimeric protein 

was rapidly degraded by ClpXP. Thus, restoring exposure of the ClpX pore-binding tag was 

sufficient to confer rapid degradation to a dimeric variant of FNR (Figure 5.7B). Duplication of the 

NtagFNR sequence enhanced degradation of the apoFNRD154K-dimer, by ~3-fold, compared to the 

14-fold enhancement of the degradation rate after CtagFNR was appended (both rates are 
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compared to the ‘untagged’ apoFNRD154K-dimer). We attribute the increased degradation rate of 

the NtagFNR-apoFNRD154K-dimer to the ability of NtagFNR to serve as a very poor degron (see 

Figure 5.5A), which may be improved when fused to the existing NtagFNR sequence (generating 

two tandem NtagFNR sequences) in the apoFNRD154K protein. These results, in conjunction with 

the structures of apo and holoFNR, establish that oxygen-regulated dimerization controls 

exposure of two synergistically acting ClpX recognition signals in FNR and therefore provides a 

means to couple degradation to oxygen levels, ensuring robust, environmentally sensitive 

regulation of FNR-controlled gene expression in vivo.  

Figure 5.7 Dimerization masks FNR 
recognition signals.  
(A) Kinetics of apoFNR and 
apoFNRD154K degradation. Gel 
degradation reactions contained 20 
μM apoFNR or apoFNRD154K, ClpX6 (1 
μM), ClpP14 (2 μM), 5 mM ATP, and an 
ATP-regeneration system. The 
degradation rate of apoFNR is 1.4 ± 
0.1 monomers degraded min-1 ClpX6

-1 
and that of apoFNRD154K is 0.4 ± 0.1 
monomers degraded min-1 ClpX6

-1; 
error reported is the SD with n=4.  
(B) Kinetics of apoFNR, apoFNRD154K, 
NtagFNR-apoFNRD154K, and 
apoFNRD154K-CtagFNR degradation. 
Degradation reactions contained 20 
μM apoFNR or variants, ClpX6 (0.3 
μM), ClpP14 (0.8 μM), 5 mM ATP, and 
an ATP-regeneration system. Bars 
are mean degradation rate ratios 
(n=3) and error bars represent ± 1 SD. 
The NtagFNR recognition signal is 
depicted as a wavy line, and the 
CtagFNR signal is depicted as a straight 
line, which is usually inaccessible in 
the D154K dimeric protein. An 
additional 80 mM KCl was used to 
help stabilize the FNR dimer in 
solution for (A) and (B). 
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DISCUSSION 

FNR’s two recognition signals have distinct functions in ClpX proteolysis 

Our results support a model in which ClpXP degradation of apoFNR involves an N-terminal e-tag 

(5KRIIRRI11) that binds to the ClpX N domain and a C-terminal pore tag (248NVA250) that binds in 

the axial pore of the ClpX ring (Figure 5.8). Similar to the well-studied ssrA degron, which also 

binds to the pore of ClpX (Martin et al., 2008; Fei et al., 2020), the FNR pore tag can function as 

an autonomous degron (Figure 5.5A–B) and appears to be the site at which ClpXP initiates 

degradation (Figure 5.S1–2). Enhancement tags or e-tags strengthen the interaction between the 

AAA+ proteolytic enzyme and its substrate to improve recognition of a principal recognition signal 

or degron. E-tag sequences can be located in any region within the substrate polypeptide and 

have been identified near the termini or in the interior of various substrates (Abdelhakim et al., 

2008; Camberg et al., 2014; Ling et al., 2015). For apoFNR, the position of the e-tag near the N-

terminus would enable the C-terminal tag to bind the ClpX pore and to tether the N-terminal e-tag 

to one of ClpX’s N domains at the same time, as the N- and C-termini of FNR are ~ 38 Å apart 

from each other (Gly15 to Arg247 of chain A in the structure). Conversely, if the e-tag were located 

too close to the pore tag, then only one signal could bind ClpX at a time.  

In our model, binding of the e-tag to the ClpX N domain or the pore tag to the ClpX channel 

promotes binding of the other tag. For bimolecular binding, effective concentration or Ceff can be 

defined as: Ceff = K1/K4 = K3/K2 = K1•K3/Klink. Using the KM for GFP-fusion-protein degradation as 

a proxy for KD (Table 5.1), the bivalent e-tag/pore tag fusion protein has an estimated Ceff value 

of ~0.9 mM, calculated as K1•K3/Klink. We conclude, therefore, that the FNR e-tag functions as a 

tethering motif to increase the effective concentration of the FNR N-terminal tag with respect to 

the ClpX pore (Figure 5.5C). 
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Figure 5.8 Proposed model of apoFNR recognition by ClpXP. Oxygen exposure regulates 
accessibility of NtagFNR e-tag (residues 5-11) and CtagFNR pore-binding tag (residues 248-250). 
Under anaerobic conditions, [4Fe-4S]-cluster binding stabilizes holoFNR dimers that are active in 
DNA binding, and both recognition signals are protected from ClpXP. The N-terminal region of 
FNR coordinates the [4Fe-4S] cluster, whereas access to the C-terminal region of FNR is 
hindered by dimerization. Only one set of N-domain dimers is shown for clarity. Recognition of 
apoFNR occurs in a bimolecular binding reaction with the e-tag and pore tag, depicted by the 
equilibrium arrows. 

Both signals are important for efficient degradation by ClpXP, as mutation of either the e-tag or 

pore-binding tag impairs FNR degradation (Figure 5.4). A previous study reported that deletion 

of the e-tag or alanine substitution of residues 5–7 in the e-tag did not increase steady-state FNR 

protein levels as quantified by Western blot (Pan et al., 2012), but our direct protein degradation 

assays in vitro and those from prior degradation analyses in vivo and in vitro (Mettert and Kiley, 

2005) demonstrate the importance of the e-tag region. We also find that the e-tag and pore tag 

signals are sufficient to specify ClpXP proteolysis by transplanting them into GFP or DHFR. 
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Combining the NtagFNR signal with the CtagFNR signal enhanced KM for degradation of the GFP 

substrate ~five-fold and degradation rate of the DHFR substrate ~four-fold. Together, these data 

demonstrate how two distinct peptide signals cooperate in the same polypeptide to enhance 

regulated proteolysis. 

 

apoFNR recognition by ClpXP requires the ClpX N domain but not an adaptor 

We found that apoFNR degradation by ClpXP requires the ClpX N domain (Figure 5.2A) and that 

a peptide containing the e-tag binds directly to the ClpX N domain. Furthermore, our experiments 

replacing the ClpX N domain binding sequence in the e-tag signal with another ClpX N domain 

tethering motif (XBSspB) and the inhibition of apoFNR degradation by a competing XB peptide 

suggest that FNR and SspB may bind to a common site on the ClpX N domain (Figure 5.5C and 

5.2B). Similar to FNR, FtsZ is another ClpXP substrate that features N-domain-dependent 

recognition of two distinct recognition signals (Camberg et al., 2009, 2014). However, unlike FNR 

which has only one e-tag tethering motif, both FtsZ signals may bind the N domain (Camberg et 

al., 2014). At least one of these sequences binds the ClpX pore to initiate substrate degradation, 

which suggests that the ClpX N domain or the pore may compete for binding. Structurally 

elucidating how ClpXP interacts with apoFNR will confirm whether the ClpX N domain binds the 

e-tag and the axial channel engages the pore tag as we predict (Figure 5.8). These results also 

support the possibility that FNR may compete in vivo with other adaptor/delivery factor-mediated 

substrates that also bind the ClpX N domain, as proposed previously for UmuD’ and CtrA (Neher 

et al., 2003; Chien et al., 2007). 

The successful modular replacement of the FNR e-tag with the XBSspB motif suggests that any N-

terminal tethering motif will be sufficient to enhance recognition of the FNR pore tag, as long as 

the distance between both signals is sufficiently long and flexible. Importantly, ClpXP degradation 

of apoFNR does not require an adaptor protein. By tethering itself to ClpX through its e-tag 
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directly, FNR circumvents the need for a trans-targeting delivery factor, which is required for 

UmuD’ and σS (Zhou et al., 2001; Neher et al., 2003; Studemann et al., 2003). Additionally, 

because these signals function within the same polypeptide, the placement of the e-tag and pore 

tags enables degradation of the apoFNR monomer. The e-tag/pore-tag apoFNR recognition mode 

provides a minimal model of targeted protein degradation using multiple recognition signals. 

Proteomic profiling of E. coli ClpXP substrates revealed that ~25% of all identified substrates had 

recognition signals located near their N- or C- termini. Whether or not these and other AAA+ 

protease substrates carrying recognition signals at both termini also follow the example of FNR 

or require delivery factors and/or adaptor proteins will help determine whether the dual-recognition 

strategy presented here is more universal or limited in scope. 

 

Conformational changes modulating the FNR oligomeric state drive apoFNR degradation 

The autodelivery system used by apoFNR is unusual as efficient recognition by ClpXP occurs 

when FNR is monomeric (but not in the holo dimer). Other ClpXP substrates that require a similar 

e-tag/pore-tag strategy for efficient degradation, such as UmuD/UmuD’ and the MuA tetramer, 

are recognized as oligomers but not monomers (Neher et al., 2003; Ling et al., 2015). By contrast, 

holoFNR dimers are not recognized by ClpXP despite containing the necessary recognition 

signals. Hence, a mechanism must exist that protects active holoFNR dimers from ClpXP 

degradation, while allowing proteolysis of the unneeded and potentially deleterious oxygen-

damaged apoFNR monomers. Our structures suggest that this mechanism involves masking 

recognition signals in the dimer, with the e-tag being at least partially hidden by coordinating the 

iron-sulfur cluster and access to the pore-binding tag being obstructed by the dimer interface 

(Figure 5.6). These terminal regions are exposed as flexible peptides in the monomer, which 

lacks the [4Fe-4S] cluster. The linked equilibria driven by [4Fe-4S] binding, FNR dimerization, and 

DNA binding serve both to limit exposure of the ClpXP recognition signals under anaerobic 

conditions and to ensure their accessibility in the presence of oxygen. 
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Effect of ClpXP-mediated degradation of FNR on O2 sensing 

Turnover of FNR by ClpXP-dependent degradation is proposed to allow dynamic transitions from 

aerobic-to-anaerobic conditions (Partridge et al., 2007; Tolla and Savageau, 2010; Tolla et al., 

2015). Computational modeling predicts that FNR is a fast-reacting O2 sensor, with inactive 

apoFNR being quickly depleted by ClpXP degradation under aerobic conditions, but steady-state 

levels of [4Fe-4S]-containing holoFNR accumulating from ~0.15 µM to 5 µM within four minutes 

of the transition to anaerobic growth (Tolla and Savageau, 2010; Tolla et al., 2015). This rapid 

increase in active FNR helps E. coli quickly adapt to low oxygen. Furthermore, without the 

targeted proteolysis of apoFNR, growth-dependent dilution would be insufficient to reduce FNR 

levels and thus, to tightly control induction of the fnr regulon under aerobic growth (Jervis et al., 

2009).  

The switch-like post-translational regulation of FNR levels is similar to hypoxia-inducible factor 

1-alpha (HIF-1α), an important regulator of oxygen homeostasis in mammals. Analogous to FNR, 

cells express HIF-1α continuously but maintain low protein levels via constitutive degradation by 

the 26S proteasome, the major eukaryotic AAA+ protease (Salceda and Caro, 1997; Semenza, 

2004). Under oxygen-replete conditions, prolines in HIF-1α are hydroxylated, allowing specific 

recognition by an E3 ubiquitin ligase (Ohh et al., 2000; Semenza, 2004; Marxsen et al., 2004). 

Under hypoxia, HIF-1α is not targeted for degradation, as hydroxylation requires oxygen, resulting 

in rapid accumulation of HIF-1α under low-oxygen levels (Salceda and Caro, 1997; Kohn et al., 

2004; Qutub and Popel, 2006; Bagnall et al., 2014). Similarly, the oxidized form of the hydrogen 

peroxide sensor PerR is selectively degraded by the Lon AAA+ protease (Ahn and Baker, 2016). 

Like the loss of the [4Fe-4S] cluster in the conversion from holo to apoFNR, peroxide-catalyzed 

oxidation results in loss of PerR’s metal ligand, inducing an ‘open’ conformation that is more 

accessible for protease recognition (Lee and Helmann, 2006; Traoré et al., 2009; Jacquamet et 

al., 2009). Thus, in FNR, HIF-1α, and PerR, selective protease recognition of the oxidized state 
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regulates levels of important transcriptional regulators involved in redox-sensing and oxygen 

homeostasis. 

In addition to FNR, five other redox-sensitive proteins – IscR (iron-sulfur cluster regulator), IscU 

(iron-sulfur cluster assembly enzyme U), AcnB (aconitate hydratase B), MoaA (molybdenum 

cofactor biosynthesis protein), and LipA (lipoyl synthase) – are substrates of ClpXP (Flynn et al., 

2003). If these substrates are also selectively degraded under aerobic conditions, ClpXP may 

generally recognize oxygen-sensitive proteins in a specific redox state. For example, Fe-S cluster 

biogenesis proteins, such as IscU, may interact with FNR (near the N-terminal cluster-binding 

region) to occlude binding of the e-tag to ClpX. During the transition to aerobic growth, Fe-S 

assembly factors could promote regeneration of functional holoFNR both by catalyzing cluster 

assembly in apoFNR and by inhibiting ClpXP degradation as proposed (Mettert and Kiley 2005).  

Regulation of the global transcription factor FNR encompasses both transcription and post-

translational control (Spiro and Guest, 1987; Guest et al., 1996; Flynn et al., 2003; Mettert et al., 

2008; Green et al., 2009). The oxygen-sensitive [4Fe-4S] cluster ligand controls both DNA-binding 

activity of the holoFNR dimer and accessibility of two AAA+ protease recognition signals in 

apoFNR monomers, preventing constitutive degradation of active holo dimers. The apoFNR 

recognition system consists of an e-tag that tethers the substrate to the ClpX N domain and a 

pore tag that is engaged by the ClpX axial channel. Despite their different functions, these signals 

cooperate to support efficient degradation within the same polypeptide and do not require the 

assistance of another protein in the form of a delivery factor or adaptor protein. This dual-tag 

adaptor-independent recognition mechanism of apoFNR presents a new example of 

combinatorial control of proteolysis targeting the specific redox and assembly state of a substrate 

protein. 
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MATERIALS AND METHODS 

Proteins and peptides 

ApoFNR and variants were purified as described (Lazazzera et al., 1993; Yan and Kiley, 2009). 

E. coli PK22 cells, a gift from P. Kiley (Lazazzera et al., 1993), used for FNR overexpression were 

grown in M9 minimal medium supplemented with 0.2% (w/v) glucose, 0.2% (w/v) casamino acids, 

1 mM MgCl2, 100 μM CaCl2, 2 μg/mL thiamine hydrochloride, 20 μM ferric ammonium citrate, and 

50 μg/mL ampicillin (pET11a derivatives) or kanamycin (pET28b derivatives) at 37 °C with 

shaking at 200 rpm. After induction with 0.4 mM IPTG at an OD600 of 0.4-0.6, cells were harvested 

after growth for 1 h. Cells were resuspended in lysis buffer (50 mM potassium phosphate (pH 

6.8), 100 mM KCl, 10% (w/v) glycerol, and 1 mM DTT) and lysed by french press at 28 kpsi, 

followed by treatment with protease inhibitor cocktail set III, EDTA-free (Calbiochem) and 

benzonase. After centrifugation at 30,000 x g for 30 min at 4 °C, the supernatant was applied to 

a 5 mL HiTrap Heparin HP column (GE Healthcare). Following washing with lysis buffer, an eight 

column-volume (CV) gradient of 0-100% FB (lysis buffer plus 0.9 M KCl) was applied at a 2 

mL/min flow rate. Fractions containing apoFNR were identified by SDS-PAGE, pooled, and 

loaded on a HiLoad 16/600 Superdex-75 pg column at 0.8 mL/min in lysis buffer. Fractions 

containing apoFNR following size-exclusion chromatography (SEC) were pooled and run on a 1 

mL HiTrap Heparin HP column (GE Healthcare) with a 0-80% FB gradient over 5 CV at 1 mL/min. 

Fractions containing purified apoFNR were identified by SDS-PAGE and pooled for storage. 

Plasmids expressing FNR variants (K5D, R6D, I7D, I8D, R9D, R10D, I11D, N248D, A250S) were 

generated by site-directed mutagenesis using pPK823 (Lazazzera et al., 1993), which carries the 

coding sequence of fnr cloned into pET11a (Novagen). Plasmids for FNR proteins (apoFNRD154K, 

NtagFNR-apoFNRD154K, apoFNRD154K-CtagFNR) were generated by site-directed mutagenesis using 

pET28b_FNR, which carries fnr cloned into pET28b (Novagen). 
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For FNR used in crystallography, the plasmid expressing FNRΔ1–14 (pCNFNRΔ14) bearing the 

L28H mutation was generated by site-directed mutagenesis and Gibson Assembly (NEB) of 

pPK823 into pET28b (Novagen). To express holoFNRΔ14/L28H, pCNFNRΔ14 was 

co-transformed with pDB1282, a gift from D. Dean (Zheng et al., 1998) that encodes the Isc 

operon, into E. coli PK22 cells using selection with 50 μg/mL kanamycin and 100 μg/mL ampicillin. 

E. coli PK22 cells expressing both plasmids were grown in M9 minimal media with supplemented 

as described above, and first induced at OD600 0.4–0.6 with 0.5 g/L arabinose for 1–2 h, followed 

by addition of 0.4 mM IPTG at OD600 0.8 and 30 µM ferric ammonium citrate for 30 min. Finally, 

50 mg L-cysteine was added, and cells were grown for another 1.5–2 h, then transferred to Pyrex 

bottles for argon gas exchange at room temperature for 2 h. All buffers used for holoFNR 

purification were prepared aerobically, gas exchanged with argon for at least 2 h. Following 

oxygen removal, cells were transferred to a 4 °C MBraun anaerobic chamber for purification (kept 

under a nitrogen environment, O2 < 0.1 ppm) and resuspended in 50 mM potassium phosphate 

(pH 6.8), 100 mM KCl, 20% (w/v) glycerol, 2 mM DTT, and cOmplete EDTA-free protease inhibitor 

cocktail (Roche). Cells were lysed by sonication, followed by centrifugation at 14,000 x g for 45 

min at 4 °C and syringe-filtration (0.45 µm). The supernatant was then applied to a 5 mL HiTrap 

Heparin HP column (GE Healthcare), which was washed with the resuspension buffer for 20 CV. 

HoloFNR was eluted in a 10% step gradient of lysis buffer to 100% elution buffer (50 mM 

potassium phosphate (pH 6.8), 1 M KCl, and 20% (w/v) glycerol). Fractions containing holoFNR 

were analyzed by SDS-PAGE, pooled, and concentrated using 50 kDa Amicon filters (Millipore-

Sigma), prior to SEC using a HiLoad 16/600 Superdex-75 pg column in 25 mM HEPES (pH 6.8), 

150 mM KCl, and 2 mM DTT. Fractions containing holoFNR from SEC were analyzed by SDS-

PAGE, pooled, concentrated with 50 kDa Amicon filters, and kept at 4 °C in the MBraun anaerobic 

chamber.   
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ClpX, ClpXΔN, the ClpX N domain, and ClpP were purified using established methods (Kim et al., 

2000; Neher et al., 2003; Abdelhakim et al., 2008; Chowdhury et al., 2010). To produce 35S-

labeled ClpX N domain, cells were grown in M9 minimal media lacking methionine to an OD600 of 

0.6 with 0.5 mM IPTG for 2 h. EasyTag L-[35S]-methionine was added to 20 μCi/mL of culture, 

and cells were grown for an addition 2 h before harvesting. Cells were resuspended in 50 mM 

sodium phosphate (pH 8), 300 mM NaCl, 5 mM imidazole, 10% (w/v) glycerol and lysed by the 

addition of lysozyme and protease inhibitor cocktail set III, EDTA-free (Calbiochem) and three 

freeze-thaw cycles. After centrifugation at 20,000 x g for 15 min at 4 °C, the supernatant was 

incubated with Ni-NTA resin for 2 h at 4 °C. The resin was then washed with 15 CV lysis buffer 

and 30 CV lysis buffer + 20 mM imidazole and resuspended in 1 CV lysis buffer prior to incubation 

with biotinylated thrombin (Novagen) overnight. Cleaved protein was recovered following 

incubation with streptavidin agarose resin and concentrated with the spin filters provided in the 

Thrombin Cleavage Capture Kit (Novagen). 

Plasmids for GFP variants were generated by site-directed mutagenesis of GFPmut3 to introduce 

F64L, R80Q, and A206K mutations, with a C-terminal His6-Arg-Pro-ssrA sequence cloned into 

pET23b (Novagen). GFP proteins were overexpressed in JK10 cells (Kenniston et al., 2005) and 

purified by Ni-NTA chromatography and Superdex-75 gel filtration. Plasmids for DHFR variants 

were generated by site-directed mutagenesis of mouse DHFR fused to the 3´ end of His6-Sumo 

cloned in pET23b. DHFR proteins were overexpressed in JK10 cells and purified by Ni-NTA 

chromatography, followed by ULP1 cleavage, Ni-NTA, and size-exclusion chromatography as 

described (Rivera-Rivera et al., 2014). GFP and DHFR proteins were stored in 20 mM HEPES-

KOH (pH 7.5), 150 mM KCl, 10% (w/v) glycerol, and 1 mM DTT. 

 

FNR peptides were generated using standard Fmoc techniques using an Apex 396 solid-phase 

instrument. 
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Peptide-blot screening for ClpX N-domain binding  

The FNR peptide array was generated by synthesizing overlapping 12 residue peptides and 

covalent attachment to a cellulose membrane. Each adjacent spot corresponded to a peptide 

initiated two residues C-terminal to the preceding peptide in the FNR sequence. The blot was 

incubated with 35S-ClpX N-domain in 25 mM HEPES-KOH (pH 7.6), 20 mM KCl, 5 mM MgCl2, 

0.032% NP-40, 10% (w/v) glycerol and washed with PBS. Following overnight exposure, the 

radioactive signals were detected by Molecular Dynamics PhosphorImager scanning and imaged 

using a Typhoon FLA 9500 instrument (GE Healthcare). 

Fluorescence anisotropy 

Solution binding of the FNR peptide, MIPEKRIIRRIQSGGCAIH-dansyl, was performed at 30 °C 

in duplicate or triplicate by measuring changes in fluorescence anisotropy (327 nm excitation; 550 

nm emission) using a Photon Technology International fluorimeter. Solution binding of the SspB 

XB peptide, RGGRPALRVVK-fluorescein, was performed under similar conditions and optimized 

for the fluorescein moiety (495 nm excitation; 520 nm emission) Each fluorescent peptide (1 μM) 

and varying concentrations of the ClpX N domain in 20 mM HEPES-KOH (pH 8.0), 50 mM KCl, 

10% (w/v) glycerol were incubated until reaching equilibrium. Data were fit to a hyperbolic 

isotherm using non-linear least-squares regression analysis: 

fluorescence anisotropy=𝑓𝑓𝑚𝑚𝑖𝑖𝑛𝑛 + �
𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 ∗ 𝐾𝐾D
𝐾𝐾𝐷𝐷 + 𝑋𝑋

� 

where 𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 is the background anisotropy value, 𝑓𝑓𝑚𝑚𝑚𝑚𝑚𝑚 is the maximum anisotropy value at saturated 

binding, 𝐾𝐾D is the dissociation equilibrium constant (in µM), and 𝑋𝑋 is the concentration of ClpX N 

domain (in µM). 

Gel degradation assays  

Degradation assays (for Figures 5.2, 5.S1–3) were performed at 30 °C by preincubating ClpX6 or 

ClpXΔN
6 and ClpP14 with 5 mM ATP in 25 mM HEPES-KOH (pH 7.5), 20 mM KCl, 5 mM MgCl2, 
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10% (w/v) glycerol, 0.032% NP-40, and 0.2 mM DTT and adding substrate to initiate the reactions. 

For Figure 5.4, degradation assays were performed under similar conditions, except with an 

ATP-regeneration system (4 mM ATP, 50 μg/mL creatine kinase, 5 mM creatine phosphate). 

apoFNRD154K variant degradation assays were performed in 25 mM HEPES-KOH (pH 7.5), 100 

mM KCl, 5 mM MgCl2, 10% (w/v) glycerol, 0.032% NP-40, and 0.2 mM DTT, with an ATP-

regeneration system (4 mM ATP, 50 μg/mL creatine kinase, 5 mM creatine phosphate). Samples 

of each reaction were taken at specific time points and stopped by addition of SDS-PAGE loading 

dye and boiling at 100 °C before loading on Tris-Glycine-SDS gels. Bands were visualized by 

staining with colloidal Coomassie G-250 and quantified by ImageQuant (GE Healthcare) after 

scanning using a Typhoon FLA 9500 instrument (GE Healthcare). The fraction of FNR remaining 

was calculated by dividing the FNR density at a given time point by the density at time zero and 

was normalized by the ClpP density. 

GFP degradation assays 

GFP degradation was monitored by loss of fluorescence (485 nm excitation; 511 nm emission) 

over a 5 min time course. Prior to initiation with the ATP-regeneration system (4 mM ATP, 50 

μg/mL creatine kinase, 5 mM creatine phosphate), ClpX6, ClpP14, and varying amounts of GFP 

substrate were incubated for 3 min at 30 °C. Average initial rates of degradation were fit by non-

linear least-squares regression to the Michaelis-Menten equation to obtain KM and Vmax values. 

Western blotting  

Formation of DHFR-FNR fusion protein truncation products during degradation reactions were 

monitored by SDS-PAGE and Western blotting. Proteins were wet-transferred to Immobilin-P 

membranes (EMD Millipore). Membranes were probed with a 1:10,000 dilution of anti-DHFR A-9 

(Santa-Cruz) in 1X TBST with 5% milk overnight at 4 °C, followed by incubating with goat anti-

mouse immunoglobulin G-alkaline phosphatase conjugate (Bio-Rad; 1:15,000 dilution) for 1 h at 
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room temperature, washing, and exposure with ECF substrate (GE Healthcare). Blots were 

detected by scanning using a Typhoon FLA 9500 instrument (GE Healthcare). 

ApoFNR and holoFNR crystallization 

Crystals of holoFNRΔ14/L28H were grown at room temperature in an MBraun anaerobic chamber 

(kept under a nitrogen environment, O2 < 0.1 ppm) by the sitting-drop method after mixing 1 µL of 

holoFNRΔ14/L28H and an equal volume of well solution (0.1 M HEPES (pH 7.5), 10% w/v PEG 

8,000, and 10% (w/v) ethylene glycol). After holoFNR∆14/L28H crystals were fully formed (~2 

days), crystals were transferred to a COY anaerobic chamber (under an argon-hydrogen 

environment, O2 = 1–20 ppm), cryo-protected in 100% paraffin oil, and cryo-cooled by rapid 

submersion in liquid nitrogen. After several unsuccessful attempts to crystallize apoFNR, which 

is prone to precipitation at high concentrations, holoFNRΔ14/L28H crystals were grown by the 

sitting-drop method and exposed to acidic conditions. 1 µL of 7.5 mg/mL holoFNRΔ14/L28H was 

mixed with an equal volume of well solution (2% (w/v) tacsimate (pH 5.0), 0.1 M sodium citrate 

tribasic dihydrate (pH 5.6), and 16% (w/v) polyethylene glycol (PEG) 3,350) to generate apo 

crystals. Loss of the [4Fe-4S] cluster in the crystals was monitored over 5 days, resulting in a 

colorless appearance. apoFNRΔ14/L28H crystals were removed from the MBraun anaerobic 

chamber and harvested under atmospheric conditions, cryo-protected in its well solution with 25% 

(w/v) glycerol, and cryo-cooled by rapid submersion in liquid nitrogen. All solutions used for crystal 

optimization and cryo-protection were purchased as prepared solutions from Hampton Research. 

Data collection and structure determination 

Apo and holoFNR crystals were screened in-house using a rotating copper anode diffractometer. 

Data collection was performed at the Northeastern Collaborative Access Team, Advance Photon 

Source (APS) on beam-lines IDE (apoFNRΔ14/L28H) and IDC (holoFNRΔ14/L28H). X-ray data 

were processed using XDS (Kabsch, 2010a, 2010b), and structures were determined by 
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molecular replacement using PHENIX Phaser-MR (McCoy et al., 2007). Both structures were 

solved using molecular replacement using a poly-alanine chain of monomeric E. coli apoFNRΔ4 

(C. Nguyen et al., personal communication). The initial refinement in PHENIX (Adams et al., 2010) 

of the molecular replacement solution of apoFNRΔ14/L28H at 1.43 Å resolution structure yielded 

an Rwork of 34.06% and an Rfree of 34.47%. Initial refinement of the 1.64 Å resolution 

holoFNRΔ14/L28H structure in PHENIX yielded an Rwork of 36.85% and an Rfree of 39.54%. 

Model building was performed in Coot (Emsley and Cowtan, 2004), and PHENIX was used for 

real-space refinement, with non-crystallographic symmetry (NCS) restraints applied for apo and 

holo FNRΔ14/L28H structural refinements. Positional and individual B-factor refinement 

continued at the full resolution until the model was complete. Waters were added by the “Update 

Water” function in PHENIX and visual inspection in Coot after all the amino acids and [4Fe-4S] 

clusters were refined. Parameter files for the [4Fe-4S] cluster during refinement were generated 

using PHENIX eLBOW (Moriarty et al., 2009). Composite omit maps, generated in PHENIX, were 

also used to verify the FNR structures during model building and refinement. Model geometry was 

assessed using MolProbity (Williams et al., 2018). Figures were generated in ChimeraX 

(Pettersen et al., 2021).  

The 1.43 Å resolution apoFNRΔ14 structure contains two molecules of FNR per asymmetric unit 

with clear density for residues 15–247 (chain A) and 15–250 (chain B). The 1.64 Å resolution 

holoFNRΔ14 structure contains two FNR chains with clear density for residues 15–248 (chain A) 

and 15–248 (chain B). Crystallographic software used was compiled by SBGrid (Morin et al., 

2013). Statistics for model refinement and final crystallographic models are provided in Table 5.2. 

PDB accession numbers are pending assignment. 
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OVERVIEW 

In this chapter, I will provide my outlook on the results described in Chapters 2–5. The conclusions 

described in the discussion section of each chapter raise additional questions that should be 

addressed in future studies. I will also discuss the biological implications of my research findings, 

informing our current understanding of AAA+ proteolytic mechanism and the role of AAA+ 

proteases in protein quality control and regulated proteolysis.  

CONFORMATIONAL PLASTICITY IN THE INTERFACE BETWEEN THE AAA+ UNFOLDASE 
AND THE PEPTIDASE 

In Chapter 2, I present work showing that rotation of the AAA+ unfoldase ClpA6 with respect to 

the ClpP heptameric ring is not required for proteolytic function. However, these experiments also 

established that crosslinking ClpA to ClpP subunits slows unfolding and degradation rates of 

ssrA-tagged substrates, especially for highly stable proteins, suggesting that movement of the 

ClpA–ClpP interface is important for efficient proteolysis. Multiple structures of ClpXP and ClpAP 

highlight the conformational plasticity of IGF (in ClpX) and IGL (in ClpA) loops used to bind ClpP 

clefts (Gatsogiannis et al., 2019; Fei et al., 2020b, 2020a; Lopez et al., 2020; Ripstein et al., 2020). 

These flexible IGF/L loops are critical for the AAA+ unfoldase to reach the binding clefts in its 

partner peptidase, and thus, to overcome challenges in protease assembly due to the hexamer–

heptamer symmetry mismatch (Martin et al., 2007; Amor et al., 2019). Movement between the 

unfoldase and peptidase is also observed in genetically-tethered AAA+ proteases, such as Lon, 

which do not feature a subunit symmetry mismatch. Bacterial and human Lon and other AAA+ 

proteases, such as Yme1 (in mitochondria) and FtsH, contain a flexible interdomain linker that is 

proposed to facilitate polypeptide translocation by enabling movement of the AAA+ unfoldase 

relative to the planar peptidase domains (Bieniossek et al., 2009; Puchades et al., 2017; Shin et 

al., 2020, 2021). Consequently, conformational flexibility between the two components of a AAA+ 
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protease appears to be a conserved feature shared by enzymes that are expressed by a single 

gene or by multiple genes. 

Real-time kinetic assays of ClpXP assembly and disassembly demonstrate that interactions 

between ClpX and ClpP are highly dynamic, suggesting that transient unbinding/rebinding of IGF 

loops occurs frequently (Amor et al., 2016). Furthermore, deletion of even a single ClpX IGF loop 

results in slower degradation of both unfolded and native substrates, which occurs more slowly 

as more loops are removed (Joshi et al., 2004; Martin et al., 2007; Amor et al., 2019). Unfolding 

assays performed in the absence of ClpP elucidated that the impaired degradation of ClpX 

IGF-loop mutants likely arises due to slower polypeptide translocation but not reduced rates of 

protein unfolding (Amor et al., 2019). To characterize the crosslinked ClpA–ClpP complexes, 

which contain a static IGL–ClpP cleft interface due to multiple crosslinked subunits, future studies 

should probe the reactions steps responsible for the slower rates of substrate degradation i.e. 

protein unfolding or polypeptide translocation using similar kinetic methods described in Amor et 

al. 2016, 2019 or through single-molecule optical trapping.  

PORE-LOOP CONFORMATIONS DURING AAA+ ENZYME OPERATION 

A subset of ClpAPS delivery complex cryo-EM structures (~20% of the final particles) features 

tucked pore-loop conformations in the D2 ring (described in Chapter 3). As discussed in this 

chapter, the rotation and altered orientation of the key aromatic pore-1 loop residue in most of the 

D2 AAA+ modules in the ClpA hexamer suggests that the D2 pore-1 loop is an ‘inactive’ state 

(does not bind the NTE polypeptide). The presence of tucked pore loops correlates with a lack of 

observable NTE density in the D2, but not the D1 portion of the ClpA channel. Thus, these ClpAPS 

structures likely capture ClpA partially releasing the ClpS NTE or an assembly intermediate (‘half-

engaged’) during the process of binding the ClpS NTE in both D1 and D2 rings. Briefly (to 

summarize the discussion in Chapter 3), transient loss of polypeptide contact via tucked pore 
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loops could occur during enzyme pausing by double-ring enzymes, such as ClpA, which would 

need to temporarily disengage from the polypeptide in the stalled AAA+ ring while allowing the 

other ring to continue unfolding/translocation. Single-molecule optical trapping studies 

established this scenario likely occurs to promote processivity in ClpAP; frequent pausing is 

observed in a D1 ATPase-inactive ClpA variant, indicating that the D1 ring rescues stalling in the 

D2 major motor (Kotamarthi et al., 2020). Furthermore, pore loop tucking could be used more 

generally as a reaction step in enzyme dissociation from the substrate polypeptide e.g., during 

failed unfolding attempts and substrate release, which occurs frequently for stable native 

substrates (Kenniston et al., 2005). As substrate release is a required step for AAA+ 

disaggregases, including the ClpA homologs ClpB/Hsp104 (Shorter and Southworth, 2019), the 

pore-loop tucking mechanism revealed in our structures may be especially relevant for this class 

of AAA+ unfoldases/remodeling enzymes that do not processively translocate and degrade 

substrate proteins. 

Although there are many mechanistic implications of ClpA pore loops in a partially released or 

partially bound state, these cryo-EM structures (found in a single AAA+ protease) are insufficient 

evidence that tucked pore loops are universal features of all AAA+ molecular machines. One 

possibility explaining why pore-loop tucking has not yet been reported in previous structures of 

AAA+ enzymes could be due to limitations of current cryo-EM methodology. Reconstructions of 

continuous heterogeneity, such as the molecular motions involved in substrate recognition, 

unfolding, and translocation, remain challenging and an area of technological development 

(Nakane et al., 2018; Punjani and Fleet, 2021; Zhong et al., 2021). Because our structures were 

assembled in ATPγS and represent initial stages of adaptor-assisted N-end-rule substrate 

delivery, our ClpAPS complexes were likely more homogenous than those in prior studies, 

allowing us to better elucidate ClpS NTE interactions with the ClpA axial pore loops in molecular 

detail. Future cryo-EM studies in other AAA+ proteolytic machines will illuminate whether this new 
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pore-loop conformation is also observed in other AAA+ proteases, limited to double-ring enzymes, 

or specific to ClpAPS delivery complexes.  

MECHANISMS OF SUBSTRATE RECOGNITION BY ClpAP  

In Chapter 3, I compare the polypeptide in the axial channel of ClpAP cryo-EM structures 

assembled in the presence of ATPγS with ClpS and an N-end-rule substrate to those from a 

previous study with ClpAP, ATPγS, and a directly recognized substrate (Lopez et al., 2020). In 

both sets of structures, the axial pore loops of both D1 and D2 rings bind the polypeptide (either 

the ClpS NTE or the substrate), indicating that ATP-fueled conformational changes are not 

required for pore-loop engagement throughout the ClpA channel. These data also support 

biochemical studies demonstrating the broad substrate recognition of ClpAP and its biological 

function in general protein quality control (Hoskins et al., 1998, 2000; Singh et al., 2000). Because 

ClpA appears to bind a wide range of peptides and even functions with ClpS bearing an NTE 

substituted with a Gly-Ser-Lys linker, perhaps the ClpA channel discriminates very little between 

specific peptide sequences.  

However, this permissive open channel state of ClpA presents a paradox: how does ClpA 

efficiently recognize specific degrons? ClpAP recognizes N-end-rule substrates weakly in the 

absence of ClpS, as KM values exceed 10 µM for intrinsic ClpAP degradation of substrates tested 

in a previous study (Wang et al., 2007). By contrast, ClpS-assisted degradation of these 

substrates tightens the KM ~10 to 70-fold, supporting the role of ClpS as a specificity enhancement 

factor (Wang et al., 2007). Thus, perhaps specific recognition by ClpAP is mediated exclusively 

by ClpS, in which its hydrophobic binding pocket selects for strong N-degrons containing primary 

destabilizing N-end residues. Because the ClpS NTE binds to ClpA axial pore loops (Chapter 3), 

substrates that rely on direct binding to the ClpA pore loops, such as those bearing the ssrA tag, 
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would be excluded in the presence of ClpS. ClpS therefore would function as a rheostat 

modulating the substrate specificity of ClpAP. 

Nevertheless, a critical flaw remains unaddressed in this rationale that ClpA specificity relies 

solely on ClpS delivery. ClpAP degrades ssrA-tagged substrates with a KM
 of 1.5 – 4 µM and Vmax 

of 3 – 5 min-1 ClpA6
-1, rivaling kinetic parameters of degradation by ClpXP (a highly specific AAA+ 

protease) of the same class of substrates (Flynn et al., 2001; Kim et al., 2020). This efficient 

recognition of ssrA-tagged substrates by ClpAP cannot be accounted by generic recognition of 

an unstructured peptide, as demonstrated by the weak intrinsic recognition of N-end-rule 

substrates. Although ClpA does not appear to recognize a specific region of the ssrA tag, 

mutations in distinct residues of the ssrA tag, AANDENYALAA-COO-
 (underlined residues), 

increase the KM for degradation of GFP-ssrA variants (Flynn et al., 2001). To elucidate the 

mechanism of specific recognition by ClpAP, future studies should identify the chemical properties 

of key ssrA residues required for ClpA recognition, expanding upon a previous study that 

mutagenized each Ala residue to Asp and every non-Ala residue to Ala (Flynn et al., 2001). 

Additional cryo-EM structures using an ssrA-tagged substrate may also illuminate the structural 

basis of ClpA interactions with the ssrA tag, as is the case for the ClpXP–ssrA recognition complex 

structure (Fei et al., 2020b). More broadly, a screening-based approach (either by in vivo 

mutagenesis or generation of a candidate degron library) could be used to identify strong intrinsic 

ClpA degrons and consensus motifs, and thus, to better classify whether a given protein is 

degraded by ClpAP via ‘specific’ (distinct recognition of degrons) or ‘nonspecific’ (general 

recognition of an unstructured polypeptide) pathways. 

MECHANISM OF ClpS-ASSISTED DEGRADATION OF N-END-RULE SUBSTRATES 

The cryo-EM structures and biochemical experiments using D1 ring pore-2 loop variants provide 

insight into two steps in the ClpS-assisted mechanism of N-end-rule substrate delivery: (i) initial 
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formation of the high-affinity delivery complex containing ClpAPS•N-end-rule substrate and (ii) 

remodeling of the ClpS core during substrate transfer. In our model of ClpS-assisted substrate 

delivery, we propose that ClpA must remodel ClpS and then also unfold native structure in the 

N-end-rule substrate (Chapter 3, pp. 108–112). To better understand ClpS remodeling, 

single-molecule dual optical trapping could be performed, in which a ClpS chimera is attached to 

one bead and ClpAP to the other (Figure 6.1A). Since a ClpS variant bearing a duplicated NTE 

is engaged, translocated, and clipped by ClpAP (Rivera-Rivera et al., 2014), a single-molecule 

assay with this NTE2-ClpS could monitor conformational changes in ClpS and attempts by ClpAP 

to translocate the ClpS NTE. By tracking the bead-to-bead distance corresponding to the length 

between ClpS and ClpAP, this single-molecule approach should determine if ClpS is fully unfolded 

(results in a sharp increase in bead-to-bead distance) or undergoes more subtle conformational 

changes induced by ClpA.  

Furthermore, if ClpS is fully unfolded, it is possible that the Pro-Pro-junction motif (Chapter 4) 

helps ClpS escape ClpAP proteolysis via ‘back-slipping’ (Figure 6.1B). As described by 

Kotamarthi et al., 2020, if ClpAP ‘slips’ on the ClpS polypeptide, the bead-to-bead distance would 

appear to increase during the process of translocation, indicating that the ClpS polypeptide was 

threaded back out of the ClpA channel. Alternatively, ClpS resistance to ClpAP degradation may 

be reflected by slower unfolding (resulting in longer unfolding dwell times) and/or translocation 

velocities. Slower unfolding rates, compared to those of previously characterized substrates 

(Aubin-Tam et al., 2011; Olivares et al., 2014, 2017; Kotamarthi et al., 2020), would indicate that 

ClpAP consumes more energy attempting to unfold and translocate ClpS, and consequently 

performs more ‘non-productive’ mechanical work in these futile cycles. As highly stable proteins 

partition between enzyme-catalyzed denaturation and substrate release (following repeated, 

failed unfolding attempts), longer unfolding dwell times could correspond to ClpS remodeling 

and/or greater mechanical stability of the ClpS adaptor that promotes its subsequent release 
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(discussed below). Slower translocation velocities could also result from the ClpS polypeptide 

sequence, as observed for other ‘slippery’ sequences (Barkow et al., 2009).  

Following (i) assembly of the high-affinity delivery complex, our current model proposes 

subsequent reaction steps during adaptor-assisted N-end-rule substrate delivery (Figure 3.6, p. 

114): (ii) ClpS remodeling, (iii) substrate transfer from the ClpS binding pocket to the ClpA axial 

channel and ClpS release, and (iv) N-end-rule substrate unfolding/translocation/degradation. 

However, the interactions between ClpA, ClpS, and the N-end-rule substrate involved in 

substrate-handoff are yet to be directly observed. In our model, I presume a key step during 

substrate transfer is the dissociation of ClpS from the ClpA axial channel, to free the ClpA pore 

loops to engage the N-end-rule substrate. ClpS release should be detected using real-time kinetic 

assays that monitor the half-life of ClpS association with ClpAP during degradation of N-end-rule 

substrates. As proposed by Rivera-Rivera (2015), an initial experiment could measure changes 

in fluorescence anisotropy due to dissociation of fluorescently labeled ClpS (ClpS*) over the 

course of N-end-rule substrate degradation. Briefly, ClpAP•ClpS*•N-end-rule substrate 

complexes would be assembled in the presence of ATPγS, followed by addition of ATP to initiate 

ClpS-assisted delivery and subsequent substrate degradation by ClpAP. If the rate of ternary 

ClpAP•ClpS*•N-end-rule substrate complex dissociation (monitored by decreases in anisotropy) 

is faster than the steady-state rate of ClpS-assisted N-end-rule substrate degradation, this 

experiment would suggest ClpS is released prior to substrate transfer and degradation (Rivera-

Rivera, 2015). To track individual ClpS*-bound complexes, follow-up experiments using 

single-molecule fluorescence microscopy should confirm results from the bulk kinetic assay. 

Alternatively, additional cryo-EM studies, for example by preparing complexes similarly to those 

in Chapter 3 using ATP instead of ATPγS, may provide structural insights into the substrate 

transfer and N-end-rule substrate degradation reaction steps.  
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Figure 6.1 ClpS ‘slipping’ single-molecule optical-trapping technique. (A) Optical-trap assay 
design with ClpAP attached to one bead via ClpPplatform and a multi-domain chimera containing 
NTE2-ClpS, ClpS, titinI27, and the Halo domain attached to a second bead via a HaloTag-DNA 
linker, as established by previous methods (Aubin-Tam et al., 2011; Olivares et al., 2014, 2017; 
Kotamarthi et al., 2020). To capture single-molecule traces of bead-to-bead distance (nm between 
the ClpS-bound and enzyme-bound beads), the longer NTE2-ClpS variant may be required to 
form stable tethers between the two beads. The titinI27 domain is an internal control that has been 
characterized previously by optical trapping. (B) Cartoon of single-molecule ClpAP traces 
showing processive translocation (no ‘slipping’, as predicted for the ClpS Ala24-Ala25 junction 
variant) or ClpS ‘slipping’ (ClpS bearing its native Pro-Pro junction sequence is not degraded by 
ClpAP). The increase in bead-to-bead distance is longer for unfolding events (blue) than for 
‘slipping’ (orange). Translocation results in decreases in the bead-to-bead distance. Little (or no) 
bead movement occurs during unfolding dwell times, which correlate with the mechanical stability 
of local protein structure, such that ClpAP continues to hydrolyze many ATPs until the next 
successful protein unfolding event. Adapted from Figure 2 and 6, Kotamarthi et al., 2020 and 
Figure 4, Olivares et al., 2015. 
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FUNCTIONS OF PORE-2 LOOPS 

In the ClpA D1 ring, pore-2 loops collaborate with pore-1 loops, contacting a large surface area 

of the ClpS NTE (in structures of ClpAPS delivery complexes) or the substrate polypeptide (Lopez 

et al., 2020). The D1 pore-2 loops are critical for degradation of N-end-rule substrates but fully 

dispensable for N-end-rule peptide binding (Chapter 3). By contrast, the D1 pore-1 loops are 

essential for binding ssrA-tagged substrates and assembly into ClpAP•ClpS•N-end-rule substrate 

complexes (Hinnerwisch et al., 2005; Zuromski et al., 2021). Thus, from my experiments in 

Chapter 3, I propose that D1 pore-2 loops function predominantly in substrate 

unfolding/translocation, or mechanical work. To further dissect whether these pore loops affect 

protein unfolding or polypeptide translocation, D1 pore-2 loop variants could be characterized by 

kinetic assays that specifically monitor unfolding and translocation (rather than only the end result 

of substrate degradation) in bulk studies or by single-molecule methods, as described previously 

(Olivares et al., 2014, 2017; Baytshtok et al., 2015; Amor et al., 2019; Kotamarthi et al., 2020). 

However, pore-2 loops in either the D1 or D2 ring may have multiple functions. For example, in 

the ClpXP recognition complex, a pore-2 loop blocks the ssrA tag from further access to the ClpX 

channel, suggesting that the pore-2 loops may function as gatekeepers controlling enzyme 

commitment to processive unfolding/translocation (Fei et al., 2020b). Although current ClpAP 

structures do not show pore-2 gatekeeping, pore-2 loop variants, such as those tested in Chapter 

3, could be characterized in further detail to determine whether mutating these loops results in 

expanded, more ‘nonspecific’ recognition by ClpAP.  

THE PRO-PRO-FOLDED STRUCTURE MOTIF AND OTHER ‘ANTI-DEGRONS’ 

In Chapter 4, I demonstrate that the Pro-Pro dipeptide located within a few residues of a stably 

folded domain protects ssrA-tagged fusion proteins from ClpAP degradation. ClpAP may ‘slip’ on 

the Pro-Pro sequence in the native ClpS NTE–core junction, allowing ClpS to escape proteolysis. 

As mentioned earlier on pp. 200–203 (“Mechanism of ClpS-assisted degradation of N-end-rule 
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substrates”), ClpS-associated ‘slipping’ is likely to be detected by single-molecule optical trapping. 

In this technique, the sequence dependence of ‘slipping’ on the Pro-Pro motif could be confirmed 

using a similar ClpS variant bearing an Ala-Ala substitution in the Pro24-Pro25 junction. Based on 

the results in Chapter 4, I predict that this ClpS Ala-Ala-junction variant would be efficiently 

degraded, without ‘back-slips’ and/or other defects in unfolding/translocation (Figure 6.1B, upper 

trace) likely to be observed with the wild-type junction sequence (lower trace). To address a 

potential caveat of using Ala-Ala ClpS, in which ClpAP may rapidly degrade this ClpS variant 

before single-molecule traces can be recorded, the ClpS variants used to compare Pro-Pro vs. 

Ala-Ala ClpS may need to be designed as multi-domain chimeras, in which multiple ClpS proteins 

are fused in tandem (Figure 6.1A). In this case, ClpAP may only engage the first Pro-Pro ClpS, 

whereas Ala-Ala ClpS multidomain variant would be processively unfolded, translocated, and 

degraded. To help determine how the Pro-Pro sequence protects against ClpAP proteolysis, an 

experimental follow-up to the ssrA-tagged proteins in Chapter 4 could involve permutation to all 

other amino acid dipeptides, which may reveal shared characteristics amongst protective 

sequence.  

The most surprising result highlighted in Chapter 4 is the ability of Pro-Pro followed by a stable 

folded domain to effectively block ssrA-tagged degradation by ClpAP and ClpXP. The ssrA tag is 

a well-studied, conserved degron that targets ssrA-tagged proteins for efficient, processive 

degradation by multiple AAA+ proteases, including ClpAP and ClpXP. Therefore, I refer to the 

Pro-Pro-folded structure motif as an ‘anti-degron’ due to antagonization of degradation conferred 

by the ssrA degron. These results, in context with the natural resistance of ClpS to degradation 

by ClpAP, thus raise the question: what other ‘anti-degrons’ exist, in addition to the ClpS junction?  

Although a purely bioinformatic approach to search for other proline-rich proteins may not be 

informative, a targeted search among ClpS orthologs across prokaryotes could illuminate patterns 
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of residues located at other ClpS junctions. In some bacteria, for instance, rather than two or three 

tandem prolines, only a single proline is present at the predicted junction sequence (Hou et al., 

2008; Román-Hernández et al., 2011). In these single-proline ClpS proteins, additional residues 

flanking the proline may be protective against ClpAP proteolysis, or conversely, may not prevent 

ClpAP degradation of ClpS. This latter scenario would imply that ClpS resistance to its cognate 

protease is not evolutionarily conserved, indicating that these naturally degradable ClpS orthologs 

may behave like MecA, an adaptor that is degraded by its partner AAA+ protease, ClpCP, in 

Bacillus subtilis (Turgay et al., 1998; Schlothauer et al., 2003; Mei et al., 2009). Furthermore, a 

library screening approach to systematically mutate a stretch of four to five residues (to mimic the 

approximate length of the ClpS junction sequence) or even more residues followed by the ssrA 

tag could be used for comprehensive identification of other ‘anti-degron’ motifs adjoining a stable 

folded structure. Characterization of ‘anti-degron’ sequences for distinct AAA+ proteases will 

provide insight into the mechanisms controlling partial proteolysis, as some substrates, such as 

DnaX, are not completely degraded, resulting in selective degradation of specific domains and 

subsequent release of intact folded domains (Vass and Chien, 2013). 

REDOX-SENSITIVE DEGRADATION BY AAA+ PROTEASES 

As alluded to earlier in the introduction (Chapter 1), conformational access to degrons (pp. 35–

36), e-tags (p. 38), and even adaptor-binding sites (pp. 41–42) can determine whether or not a 

substrate is targeted for degradation by a AAA+ protease. Consequently, substrate recognition 

by AAA+ proteases is often conformationally selective and regulated by environmental changes, 

for example, via exposure to reactive oxygen species (ROS). In the bacterial transcriptional 

regulator FNR, exposure of its redox-sensitive [4Fe-4S] cluster to oxygen controls both 

accessibility of ClpXP protease recognition signals and FNR’s site-specific DNA binding activity 

(Chapter 5). Because the e-tag and pore-binding tag are hidden in the cluster-bound holoFNR 

dimer, ClpXP selectively degrades the apo FNR monomeric form that is no longer bound to the 
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[4Fe-4S] cluster. Lon degradation of the hydrogen peroxide sensor PerR is also controlled by 

oxidation-sensitive conformational changes (Ahn and Baker, 2016). In response to rising peroxide 

levels, 2-oxo-histidine adducts form at His37 and His91, leading PerR to release its Fe2+ ligand and 

to adopt a protease-accessible ‘open’ conformation (Lee and Helmann, 2006; Jacquamet et al., 

2009; Traoré et al., 2009).  

The role of AAA+ proteases in oxygen-sensing may be widely conserved throughout all domains 

of life. Under normoxic conditions (generally 21% pO2, 160 mmHg at sea level), the eukaryotic 

proteasome degrades HIF-1α (Hypoxia-Inducible Factor-1), the α subunit of a global regulator of 

oxygen homeostasis found in all metazoans (Semenza, 2004). Unlike the metal-binding 

transcriptional regulators, FNR and PerR, discussed above, HIF-1α is not directly regulated by 

oxygen exposure. Instead oxygen levels modulate post-translational modification of HIF-1α by 

prolyl hydroxylases, which use oxygen as a substrate to generate 4-hydroxyproline at Pro402 

and/or Pro564 in HIF-1α. Hydroxylated HIF-1α is selectively recognized by VHL (von Hippel-Lindau 

tumor suppressor protein), a subunit of an E3 ubiquitin-protein ligase complex, for destruction by 

the 26S proteasome (Ohh et al., 2000; Marxsen et al., 2004; Semenza, 2004). 

Conversely, ubiquitin-dependent degradation of transcriptional regulators can also be negatively 

regulated under oxygen-replete conditions. In response to oxidative stress (excess ROS levels), 

inactivation of proteasomal degradation stabilizes protein levels of NRF2 (Nuclear factor Erythroid 

2-related Factor 2), allowing this transcription factor to drive expression of antioxidant signaling 

pathways (Suzuki and Yamamoto, 2017). In unstressed cells, free NRF2 is constitutively targeted 

for degradation by the E3 CUL3KEAP1 ligase. The KEAP1 subunit contains redox-sensitive Cys 

residues that prevent its assembly into the functional ubiquitin ligase complex when oxidized. 

Thus, oxidative stress directly controls NRF2 ubiquitination and proteasomal degradation 

(McMahon et al., 2003; Stewart et al., 2003).  
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Furthermore, a recent study demonstrated reductive stress, in addition to oxidative stress, also 

regulates proteasomal degradation (Manford et al., 2020). The reductive stress response is 

caused by prolonged antioxidant signaling in response to ROS depletion below normal 

physiological levels. FNIP1 (Folliculin-interacting Protein 1), associates with Folliculin to help 

regulate mTORC1 signaling and mitochondrial biogenesis (Baba et al., 2006; Hasumi et al., 

2012). Importantly, FNIP1 is a substrate of the E3 ligase CUL2FEM1B, and its degradation 

counteracts reductive stress by activating mitochondria (thereby increasing ROS production) to 

restore redox homeostasis (Manford et al., 2020). Because reduced Cys residues in FNIP1 

(present under reductive stress) are required for CUL2FEM1B binding, only reduced FNIP1 is 

targeted for proteasomal degradation. 

In summary, redox-dependent mechanisms regulating degradation by AAA+ proteases are as 

complex as the multiple strategies used for substrate recognition. Similar to the eukaryotic 

substrates and ubiquitin ligases mentioned above, bacteria likely feature redox-dependent 

recognition beyond direct modulation of the substrate itself, as it is plausible that adaptors and/or 

substrate binding partners could also be regulated in response to ROS levels. Perhaps 

prospective genetic screens for substrates, adaptors, and substrate-interacting proteins that are 

degraded by bacterial AAA+ proteases in a ROS-dependent manner will identify additional 

examples of targeted degradation of redox stress response regulators. Such proteins may be 

useful therapeutic targets to help mitigate antimicrobial resistance, as pathogenic microbes often 

alter redox stress response pathways caused by the host oxidative immune response and 

treatment with antimicrobial drugs (Grant and Hung, 2013; Dwyer et al., 2014; Whiteley et al., 

2017). 
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ABSTRACT 

The survival of any microbe relies on its ability to respond to environmental change. Use of 

extracytoplasmic function (ECF) RNA polymerase sigma (σ) factors is a major strategy enabling 

dynamic responses to extracellular signals. Streptomyces species harbor a large number of ECF 

σ factors, nearly all of which are uncharacterized, but those that have been characterized 

generally regulate genes required for morphological differentiation and/or response to 

environmental stress, except for σAntA, which regulates starter-unit biosynthesis in the production 

of antimycin, an anticancer compound. Unlike a canonical ECF σ factor, whose activity is 

regulated by a cognate anti-σ factor, σAntA is an orphan, raising intriguing questions about how its 

activity may be controlled. Here, we reconstituted in vitro ClpXP proteolysis of σAntA but not of a 

variant lacking a C-terminal di-alanine motif. Furthermore, we show that the abundance of σAntA 

in vivo was enhanced by removal of the ClpXP recognition sequence and that levels of the protein 

rose when cellular ClpXP protease activity was abolished. These data establish direct proteolysis 

as an alternative and, thus far, unique control strategy for an ECF RNA polymerase σ factor and 

expands the paradigmatic understanding of microbial signal transduction regulation. 
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INTRODUCTION 

The survival of any organism relies on its ability to respond to environmental change. This feature 

is especially true of bacteria, which often live in hostile and fluctuating environments. 

Streptomyces bacteria thrive in soils. The success of this genus of filamentous, sporulating 

bacteria is linked to their complex life cycle and keen ability to sense and respond to the 

surroundings. Notably, a multitude of bioactive secondary or specialized metabolites are 

produced in response to environmental cues (Zhu et al., 2014). More than half of all small-

molecule therapeutics critical for human health and well-being are derived from or inspired by 

Streptomyces natural products (Newman and Cragg, 2012). 

Streptomyces species typically harbor a large number of biosynthetic pathways, but only a few of 

them are expressed under common laboratory conditions. The biochemical diversity encoded by 

these silent pathways is a tremendous untapped resource for discovery of new antibacterial 

agents and other therapeutics. All available data indicate that the production of natural products 

is controlled predominantly at the level of transcription. Although there are complex regulatory 

cascades that tightly control expression of biosynthetic genes, they are ultimately activated, 

repressed, or derepressed by so-called cluster-situated regulators—regulatory proteins encoded 

within the biosynthetic gene cluster (BGC) (van Wezel and McDowall, 2011; van der Heul et al., 

2018). Major roadblocks preventing the exploitation of silent biosynthetic pathways are a lack of 

insight into their regulation and limited technology for activating their expression. 

Antimycins have been known for 70 years and are the founding members of a large class of 

natural products widely produced by Streptomyces species (Dunshee et al., 1949; Joynt and 

Seipke, 2018). Recently, antimycins were shown to be potent and selective inhibitors of the 

mitochondrial Bcl-2/Bcl-XL-related antiapoptotic proteins that are overproduced by cancer cells 

and confer resistance to chemotherapeutic agents whose mode of action is activation of apoptosis 
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(Tzung et al., 2001). The ∼25-kb antimycin (ant) BGC harbored by Streptomyces albus is 

composed of 15 genes organized into four polycistronic operons: antBA, antCDE, antGF, and 

antHIJKLMNO (Figure A.1) (Seipke et al., 2011, 2014). The regulation of the ant BGC is unusual 

compared to other secondary metabolites. Its expression is regulated by FscRI, a cluster-situated 

LuxR-family regulator of candicidin biosynthesis; FscRI activates expression of antBA and 

antCDE (McLean et al., 2016). Importantly, antA is a cluster-situated regulator that encodes an 

extracytoplasmic function (ECF) RNA polymerase σ factor (σAntA) that activates expression of the 

remaining operons: antGF and antHIJKLMNO (Figure A.1) (Seipke et al., 2014). 

 

Figure A.1 Schematic representation of the antimycin (ant) biosynthetic gene cluster. AT, 
acyltransferase; NRPS, nonribosomal peptide synthetase; PKS, polyketide synthase; CCR, 
crotonyl coenzyme A (crotonyl-CoA) carboxylase/reductase; 3-FSA, 3-formamidosalicylate. 
Antimycins: antimycin A1, R1= COCH(CH3)CH2CH3, R2= (CH2)4CH3; antimycin A2, 
R1=COCH(CH3)2, R2= (CH2)4CH3; antimycin A3, R1= COCH2CH(CH3)2, R2= (CH2)2CH3; antimycin 
A4, R1= COCH(CH3)2, R2= (CH2)2CH3. 

σAntA, like all ECF σ factors, is similar to members of the housekeeping σ70 family but possesses 

only two of the four highly characteristic sigma domains: domains σ2 and σ4. The σ2 and σ4 

regions of sigma factors bind the −10 and −35 promoter elements, respectively, and are sufficient 

for recruitment of RNA polymerase (Heimann, 2002). Genes encoding ECF σ factors are almost 

always cotranscribed with their cognate anti-σ factor (Staroń et al., 2009). Anti-σ factors are 

generally transmembrane proteins, but well-characterized examples of cytoplasmic anti-σ factors 

are known (Kang et al., 1999; Campbell et al., 2007; Rajasekar et al., 2016). Anti-σ factors 
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selectively bind to and sequester a partner σ factor until its release is stimulated, usually by an 

exogenous signal (Staroń et al., 2009; Paget, 2015). After the σ factor is released, it recruits RNA 

polymerase to express a defined regulon that usually includes the σ factor–anti-σ factor operon 

itself, which thus establishes a positive auto-feedback loop in the presence of the inducing 

stimulus. Even when an ECF σ factor does have a cognate anti-σ factor, an additional mechanism 

of control can also exist, for instance, σRʹ in S. coelicolor is processed by the Clp-protease system 

(Kim et al., 2009). Streptomyces species encode a large number of ECF σ factors (>30 per strain), 

and the small number of these that have been characterized regulate genes required for 

morphological differentiation and/or responses to environmental stress and are not dedicated 

regulators of one biosynthetic pathway. Indeed, cluster-situated ECF σ factors have been 

observed previously only in the biosynthesis of lantibiotics produced by so-called rare 

actinomycetes. In Microbispora corallina, MibR and σMibX regulate microbisporicin biosynthesis 

and σMibX is controlled by the anti-σ factor MibW (Foulston and Bibb, 2010); in Planomonospora 

alba, PspR and σPspX regulate planosporicin production and σPspX is controlled by the anti-σ factor 

PspW (Sherwood and Bibb, 2013). Interestingly, unlike the canonical ECF σ factors σMibX and 

σPspX, whose activities are controlled by cognate anti-σ factors, σAntA lacks an identifiable anti-σ 

factor partner and as a consequence has created curiosity about how its activity is controlled. 

The Clp-protease system is essential for normal bacterial proteostasis and is best characterized 

in Escherichia coli (Gur et al., 2011; Baker and Sauer, 2012). The Clp protease is a multienzyme 

complex composed of a barrel-shaped peptidase, ClpP, and a regulatory enzyme, either ClpA or 

ClpX (or ClpC in some organisms). ClpA and ClpX (and ClpC) are AAA+-family protein unfoldases 

that recognize an N-terminal and/or C-terminal recognition signal (degron) and utilize ATP to 

unfold and translocate proteins to the peptidase chamber, where they are degraded into short 

peptides (Olivares et al., 2016). In Streptomyces species, the peptidase is specified by two genes 

instead of one and is redundantly encoded (De Crécy-Lagard et al., 1999). The primary peptidase 
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is encoded by clpP1P2, whose corresponding proteins form a complex with ClpX or ClpA to 

facilitate normal proteostasis; the second peptidase is encoded by clpP3P4, but its expression 

occurs only when the primary system is compromised (Viala et al., 2000; Viala and Mazodier, 

2002). The best-understood degron is the SsrA tag from E. coli (AANDENYALAA), which is added 

cotranslationally to polypeptides stalled on ribosomes (Keiler et al., 1996; Gottesman et al., 1998). 

The E. coli SsrA tag has been comprehensively studied, and Ala-Ala-COO-, at the C-terminal 

region of this motif, is essential for proteolysis by ClpXP (Flynn et al., 2001). Intriguingly, the C 

terminus of σAntA harbors the sequence Ala-Ala-COO-, which previously led us to speculate that 

ClpXP may modulate its level/activity (Seipke et al., 2014). 

Here, we reconstituted ClpXP proteolysis of σAntA in vitro and showed that it is dependent upon 

the C-terminal Ala-Ala. We also found that the abundance of σAntA in vivo was higher when Ala-

Ala was changed to Asp-Asp and that the abundance of σAntA was elevated in the absence of 

genes encoding the primary peptidase, ClpP, and its unfoldase, ClpX. These data establish direct 

proteolysis as an alternative, and thus far unique, control strategy of ECF RNA polymerase σ 

factors, expanding the paradigmatic understanding of microbial signal transduction regulation. 

RESULTS AND DISCUSSION 

σAntA orthologues are a new subfamily of ECF σ factors that regulate production of the 
antimycin biosynthetic starter unit 

Since its initial discovery 6 years ago, more than 70 ant BGCs have been identified within the 

members of Actinobacteria, including Actinospica, Saccharopolyspora, Streptacidiphilus, and 

Streptomyces (Joynt and Seipke, 2018). Each of these BGCs harbors a single regulator, σAntA 

(53% to 100% shared amino acid identity across all orthologues), which lacks a cognate anti-σ 

factor partner (Seipke et al., 2014; Joynt and Seipke, 2018). Our previous work with S. albus S4 

established that σAntA orthologues comprise a new subfamily of ECF σ factors (Seipke and 
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Hutchings, 2013; Seipke et al., 2014). We demonstrated that σAntA is required for expression of 

antGF and antHIJKLMNO, which encode a standalone ketoreductase (AntM) and proteins 

required for the production/activation of the starter unit, 3-formamidosalicylate (3-FSA) (Figure 

A.1). We also mapped the transcriptional start sites and identified conserved promoter sequences 

for these operons in all ant BGCs known at the time (Seipke et al., 2014). The conservation of 

σAntA and target promoters within ant BGCs from taxonomically diverse species suggests that 

σAntA-mediated regulation of these genes is direct. To verify this hypothesis, we performed 

chromatin immunoprecipitation sequencing (ChIP-seq) with a S. albus S4 ΔantA mutant 

complemented with a version of σAntA with a 3xFLAG tag at its N terminus, which we demonstrated 

restored antimycin production (see Figure A.S2 in the supplemental material). Analysis of the 

resulting data revealed only one ChIP-seq peak across the whole chromosome for which the 

number of mapped reads was enriched for both biological replicates of ΔantA/3xFLAG-antA 

compared to that of the wild-type mock-immunoprecipitated control. This region corresponded to 

the intergenic space (297 bp) between antG and antH, which upon inspection revealed a 

prominent peak for the closely spaced and divergent σAntA-target promoters antGp and antHp and 

a second, albeit smaller peak corresponding to the 5′ end of the antH coding sequence (Figure 

A.2). Taken together, these data are consistent with the hypothesis that σAntA is a cluster-situated 

regulator that directly activates expression of genes for the production of 3-FSA during antimycin 

biosynthesis. 
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Figure A.2 3xFLAG-σAntA binds to the antGF and antHIJKLMNO promoters in vivo. Shown 
is a graphical representation of normalized sequence reads mapped to the intergenic region of 
antG-antH (shown at the bottom). The 1,242-bp genomic window depicts nucleotides 34,430 to 
35,671 of contig CADY01000091.1 of the S. albus S4 genome. Each double slash denotes that 
genome window presented does not contain the entire antF or antH coding sequence. WT, wild 
type; IP, immunoprecipitation. 

σAntA is degraded by the ClpXP protease in vitro 

The activities of almost all characterized ECF σ factors are modulated by a cognate anti-σ factor, 

which is typically a protein coencoded within the same operon. Intriguingly, σAntA lacks an anti-σ 

factor and is therefore an orphan, indicating that a unique mechanism is likely at work to control 

σAntA activity. An inspection of σAntA amino acid sequences revealed a C-terminal Ala-Ala in 67 of 

the 71 orthologues (Figure A.S1). A C-terminal Ala-Ala is an important component of a common 

class of degrons for the ClpXP protease (Flynn et al., 2001). This observation led us to 

hypothesize that the activity of σAntA might be modulated by proteolysis instead of by an anti-σ 

factor. To test this hypothesis, we performed in vitro proteolysis. Previous work indicated that S. 

albus S4 σAntA was insoluble when overproduced by E. coli, so we pursued the overproduction 

and purification of the orthologue from Streptomyces ambofaciens ATCC 23877, which has been 

experimentally demonstrated to be a producer of antimycins (Schoenian et al., 2012). S. 

ambofaciens σAntA (75% amino acid identity with S. albus S4 σAntA, including 13 of 15 amino acid 
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residues at the C terminus) was purified as an N-terminal (His)6-SUMO-fusion protein. The (His)6-

SUMO tag increases solubility and eases purification of putative substrates, without altering 

recognition of C-terminal degrons by ClpXP. ClpX orthologues from E. coli and S. ambofaciens 

possess 60% shared amino acid identity and therefore likely recognize similar substrates for 

degradation. Thus, ClpXP from E. coli was purified (Figure A.S3) and its ability to degrade (His)6-

SUMO-σAntA was assessed. Degradation of (His)6-SUMO-σAntA was apparent as early as 2.5 min 

after addition of ATP, and all of the sample was degraded by 15 min (Figure A.3). Substrates of 

ClpXP become resistant to proteolysis by specific alterations of the C-terminal Ala-Ala (Flynn et 

al., 2001). Therefore, to investigate degradation specificity in the experiment described above, we 

constructed and tested a variant of S. ambofaciens σAntA in which the C-terminal Ala-Ala was 

mutated to Asp-Asp [(His)6-SUMO-σAntA-DD]. Strikingly, the Asp-Asp variant was stable against 

ClpXP degradation over the lifetime of the assay (Figure A.3). Thus, the degradation of (His)6-

SUMO-σAntA and the characteristic resistance afforded by the Ala-Ala-to-Asp-Asp mutation 

demonstrated that σAntA is a substrate of ClpXP in vitro. 
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Figure A.S1 MUSCLE alignment of 71 σAntA orthologues. Only alignments of amino acid 
residues 160 to 180 are shown. Red asterisks indicate the C-terminal Ala-Ala motif conserved in 
67 of 71 orthologues. Blue shading indicates the names of those taxa that do not possess the 
motif. The orthologue from Streptomyces sp. strain NRRL B-2790 terminated in Ala-Ala-Tyr; the 
inclusion of a terminal Tyr residue likely represents an artefact caused by poor genome sequence 
quality (>4,000 contigs). The remaining three orthologues lacking the di-alanine motif are 
Streptacidiphilus albus strains (terminating in Val-Ala) and Streptomyces sp. strain URHA-0041 
(Tyr-Gly).  
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Figure A.S2 LC-HRMS analysis of ΔantA/pAU3-45-3xFLAG-antA strains. The m/z values 
corresponding to the [M + H]+ ions derived from antimycins A1 to A4 are shown. 

 
Figure A.3 Proteolysis of S. ambofaciens σAntA by ClpXP in vitro.  
(A) SDS-PAGE analysis of proteolysis reaction mixtures containing 37 pmol (His)6SUMO-σAntA or 
(His)6SUMO-σAntA-DD. (B) Densitometry analysis SDS-PAGE images for three independent 
proteolysis experiments. The mean is plotted, and error bars illustrate the standard error of the 
mean (±1 SEM). 
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Figure A.S3 Gel filtration of purified (His)6-SUMO-σAntA proteins. Gel filtration chromatograms 
show the elution profiles of purified (His)6-SUMO-σAntA and (His)6-SUMO-σAntA-DD proteins (upper 
panel) and results of associated SDS-PAGE analyses (lower panels). The chromatogram of 
(His)6-SUMO-σAntA differs slightly from that of (His)6-SUMO-σAntA-DD because gel filtration of (His)6-
SUMO-σAntA protein was performed in a reaction mixture containing 50 mM HEPES-KOH (pH 7.5), 
150 mM KCl, 10% glycerol, and 1 mM DTT, which was later dialyzed into the storage buffer, 
whereas gel filtration of (His)6-SUMO-σAntA-DD was performed in the storage buffer. 
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σAntA is degraded by the ClpXP protease in vivo 

To investigate if the in vitro degradation of σAntA demonstrated above is relevant to its regulation 

in vivo, we deleted the operon consisting of the clpX, clpP1, and clpP2 genes from S. albus S4. 

The resulting ΔclpXclpP1clpP2 mutant still harbored the second Clp peptidase encoded by 

clpP3clpP4 and underwent a normal developmental cycle, albeit sporulation was less robust, 

which is consistent with growth characteristics reported for mutation of equivalent genes in S. 

coelicolor (Figure A.S4) (Viala and Mazodier, 2003). Next, genes encoding the 3xFLAG-σAntA or 

3xFLAG-σAntA-DD fusion proteins were generated and introduced into the parental strain and the 

ΔclpXclpP1clpP2 mutant so the abundance of these proteins could be assessed over a 

developmental time course by Western blotting with anti-FLAG antisera. This experiment was 

initially performed with the σAntA fusions integrated on the chromosome under the control of the 

native promoter. However, a reliable signal could not be detected for 3xFLAG-σAntA and only a 

trace amount of the Asp-Asp variant was observed, presumably indicating that the cellular level 

of σAntA is normally low because the native promoter is relatively weak. The experiment was 

therefore repeated with 3xFLAG-σAntA and 3xFLAG-σAntA-DD expression driven by a stronger, 

constitutive promoter, ermE* (Luo et al., 2015). Analysis of the resulting immunoblot revealed that 

3xFLAG-σAntA-DD was more abundant than 3xFLAG-σAntA in vegetative mycelium of the parent and 

ΔclpXclpP1clpP2 strains (Figure A.4; see also Figure A.S5). Strikingly, in the later stages of 

development after aerial mycelium had formed (24 h and 30 h), 3xFLAG-σAntA and 3xFLAG-σAntA-

DD were detected only in the ΔclpXclpP1clpP2 strain and not the parent; the Asp-Asp variant was 

also present in greater relative abundance (Figure A.4), which was consistent with our previous 

experiments that showed that the ant BGC is downregulated at the level of transcription upon the 

onset of aerial growth (Seipke et al., 2014). Interestingly, the conspicuous absence of 3xFLAG-

σAntA and the presence of 3xFLAG-σAntA-DD in protein samples prepared from the latest time point 

sampled suggest the potential involvement of an additional degradative factor(s). Taken together, 
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these data support the hypothesis that the levels of σAntA, and thus its ability to activate gene 

expression of antFGHIJKLMNO, are modulated by the ClpXP protease.  

 

Figure A.4 The abundance of σAntA is enhanced in the absence of the ClpXP in vivo. Cells 
from the indicated strains were cultivated over a developmental time course atop cellophane discs 
on agar media. Protein was isolated from 100 mg of either vegetative mycelium (14 and 17 h) or 
aerial mycelium (24 and 30 h). Thirty-microgram volumes of total protein were analyzed by 
Western blotting with anti-FLAG antisera. The images shown are derived from uncropped original 
images shown in Figure A.S5 in the supplemental material, and the corresponding densitometry 
analysis is shown in Figure A.S6. 

 

Figure A.S4 Sporulation of S. albus S4 clp mutants. Photographs were taken after 6 days of 
growth on the indicated medium. The ΔclpXclpP1ΔclpP2 strain underwent a normal 
developmental cycle; however, sporulation was less robust on MS agar media than was seen with 
the parental strain. 
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Figure A.S5 Uncropped Western blotting images. Shown are the original Western blots 
depicted in Figure A.4. Red boxes indicate cropped sections for the strains indicated. The 
molecular weight (Mw) of the protein marker (M) is shown. Plus and minus symbols on each blot 
indicate positive-testing strains (mutant strain ΔclpXclpP1clpP2/pPDD) and negative controls 
(parental strain Δantall), respectively. 
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Figure A.S6 Densitometry analysis of Western blotting results. The mean intensities (in 
pixels) of relevant bands from the Western blots shown in Figure A.4 are displayed for the 
indicated strains and time points. The mean pixel intensity was determined using Photoshop 
v20.0.6, and values were normalized to the intensity of the ΔclpXclpP1clpP2/pPDD sample 
contained on each membrane. 

Antimycins are not overproduced in the absence of ClpXP 

The results of the experiments described above indicate that the cellular level of σAntA was more 

abundant in the absence of the ClpXP protease. In order to determine if an increased level of this 

transcription factor ultimately influenced the final production titer of antimycins, we used liquid 

chromatography–high-resolution mass spectrometry (LC-HRMS) to assess the abundance of 

antimycins in chemical extracts generated from the ΔclpXclpP1clpP2 and parental strains grown 

atop a cellophane disk on mannitol-soya flour (MS) agar in triplicate. The extracted ion 

chromatograms representing antimycin A1, A2, A3, and A4 were used to determine the peak area 

for each compound, which was subsequently normalized based on the wet mycelium weight of 

the sample. Interestingly, the results indicated that the total levels of antimycin production by the 
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ΔclpXclpP1clpP2 mutant (15.57 arbitrary units [AU] ± 2.86) and the parental strain 

(16.59 AU ± 1.12) were not statistically significantly different (P value, 0.59) (see Table A.S1 in 

the supplemental material). This result is consistent with a previous experiment where 

overexpression of antA did not increase the titer of antimycins, because that experiment showed 

that it resulted in overexpression of only antGF and antHIJKLMNO (genes encoding the 

production of the AntG-S-3-formamidosalicylate starter unit) and not the remaining genes 

(antABCDE) in the BGC (Seipke et al., 2014). This also presumably indicates that starter unit 

biosynthesis is not rate limiting for antimycin production. 

Table A.S1 LCMS quantification of antimycin production. 

 
Total antimycin peak area (arbitrary units) 

 
 S. albus S4 strain Replicate 

1 
Replicate 

2 
Replicate 

3 Average SD* 

Parental (∆antall) attB ΦC31 
cos213 17.24 15.3 17.24 16.59 1.12 

∆antall∆clpXclpP1clpP2 attB 
ΦC31 cos213 18.71 13.11 14.88 15.57 2.86 

* SD = Standard Deviation 

Model for the regulation of antimycin biosynthesis 

Our model for the regulation of antimycin biosynthesis is depicted in Figure A.5. Expression of 

the ant BGC is cross-activated by FscRI, a LuxR-family regulator, from the candicidin BGC, which 

activates expression of antBA and antCDE (McLean et al., 2016). This regulation in turn enables 

direct activation of the 3-FSA biosynthetic operons (antGF and antHIJKLMNO) by σAntA. The 

expression of antBA and antCDE is downregulated following the onset of morphological 

differentiation, presumably because the ligand sensed by the FscRI PAS domain is no longer 

available (Seipke et al., 2014; McLean et al., 2016). The cellular level of σAntA is antagonized by 

the ClpXP protease, for which it is a direct target, and is ultimately responsible for clearing residual 

σAntA when FscRI is inactivated following the onset of morphological differentiation (McLean et al., 
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2016). While ClpXP proteolytic control of transcription factor activity, and in particular that of ECF 

σ factor/anti-σ factors, has been shown previously (Ades et al., 1999; Alba et al., 2002; Bellier 

and Mazodier, 2004; Flynn et al., 2004; Mettert and Kiley, 2005; Mika and Hengge, 2005; Bellier 

et al., 2006; Zellmeier et al., 2006; Mao et al., 2013), it has thus far not been directly linked to the 

control of cluster-situated regulators of natural product biosynthesis. This finding provides a new 

lens through which to examine microbial signal transduction and the regulation of natural product 

biosynthesis in Streptomyces species. Understanding the diversity of regulatory strategies 

controlling the expression of these pathways is critical for the development of new tools for 

exploiting the “silent majority” of biosynthetic pathways harbored by these organisms. 

 

Figure A.5 Model for the regulation of antimycin biosynthesis. The upper panel displays the 
relative locations of the antimycin and candicidin BGCs in the S. albus S4 chromosome. As shown 
in the lower panel, FscRI, a LuxR-family regulator, from the candicidin BGC, activates expression 
of antBA and antCDE. This in turn enables direct activation of the 3-FSA biosynthetic operons 
(antGF and antHIJKLMNO) by σAntA. The cellular level of σAntA is antagonized by the ClpXP-
protease system, for which it is a direct target and is ultimately responsible for clearing residual 
σAntA when FscRI is inactivated following the onset of differentiation. 
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MATERIALS AND METHODS 

Table A.S2 Bacterial strains, cosmids and plasmids used in this study. 

Name Description Reference or 
source 

Streptomyces strains 
S. albus S4 Wild type Streptomyces albus S4 strain (Barke et al., 2010) 
S. ambofaciens 
ATCC 23877 Streptomyces ambofaciens wild-type strain ATCC 

∆antA S. albus S4 harbouring an antA deletion; AprR (Seipke et al., 
2014) 

∆antA/pAU3-45-
3xFLAG-antA 

∆antA strain harbouring pAU3-45-3xFLAG-antA at 
the ΦC31 attB site; AprR, TspR This study 

Δantall S. albus S4 harbouring an unmarked deletion 
removing the entire antimycin BGC (Fazal et al., 2020) 

∆clpXclpP1clpP2 Δantall strain with an unmarked mutation deletion 
removing the clpX, clpP1, clpP2 operon This study 

Escherichia coli 
XL10-Gold General cloning host Stratagene 

ET12567 Non-methylating host for transfer of DNA into 
Streptomyces spp. (dam, dcm, hsdM); CamR 

(MacNeil et al., 
1992) 

GB05-red Host for RecET recombination (Fu et al., 2012) 
Rosetta(DE3) Host for heterologous protein production Novagene 
Cosmids 

cos117 Supercos1 derivative containing the clpP1P2 and 
clpX genes; CarbR, KanR This study 

c117ΔclpXP::aac(3)IV 
The c117-derivative with the clpP1P2 and clpX 
replaced by the disruption cassette from paac+oriT; 
CarbR, KanR, AprR 

This study 

Plasmids 

patt-saac-oriT PCR template for aac3(IV) oriT cassette used in 
REDIRECT PCR targeting system; AprR, AmpR 

(Myronovskyi et al., 
2014) 

pAU3-45 pSET152 derivative, integrates into φC31 
attachment site; AprR TspR 

(Bignell et al., 
2005) 

pAU3-45-3xFLAG-
antA 

pAU3-45 derivative containing the ermE*p-3xFLAG-
antA cloned into the NotI and EcoRI sites; AprR, 
TspR 

This study 

pET23b-His-SUMO pET23b with a SUMO tag cloned into the NheI-AgeI 
sites; CarbR (Wang et al., 2007) 

pET23b-His-SUMO-
antA 

pET23b-His-SUMO derivative with the wild-type antA 
gene from Streptomyces ambofaciens ATCC 23877 
cloned into the AgeI-HindIII sites; CarbR 

This study 

pET23b-His-SUMO-
antA-DD 

pET23b-His-SUMO-antA derivative harbouring with 
point mutations changing the AntA C-terminal AlaAla 
to AspAsp; CarbR 

This study 

pPDA pSETNFLAG derivative harboring antA cloned into 
KpnI-EcoRI sites; AprR 

This study 
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pPDD 
pSETNFLAG derivative harbouring antA encoding 
A172D and A173D mutations cloned into KpnI-EcoRI 
sites; AprR 

This study 

pSET152 E. coli – Streptomyces integrative shuttle vector, 
integrates into the ΦC31 attachment site; AprR (Kieser et al., 2000) 

pSETNFLAG 

pSET152 derivative with an ermE*p cloned into the 
EcoRV-EcoRI sites; and an N-terminal 3xFLAG tag 
and multi-cloning site cloned into the NdeI-KpnI 
sites; AprR 

(McLean et al., 
2016) 

pUWLint31 Streptomyces vector for the expression of the ΦC31 
integrase; pSG5 temperature sensitive ori; TspR 

(Myronovskyi et al., 
2014) 

pUZ8002 Encodes conjugation machinery for mobilization of 
plasmids from E. coli to Streptomyces; KanR 

(MacNeil et al., 
1992) 

Cam – chloramphenicol; Carb – carbenicillin; Kan – kanamycin; Apr – apramycin; Spr – 
spectinomycin; Hyg – hygromycin, Tsp - thiostrepton 

 

Table A.S3 Oligonucleotides used in this study. 
 

Name Sequence (5′–3′)* Description 
PBB001 gtggcacgcatcggtgacggc PCR: to identify the clpX-containing 

cosmid PBB002 tcaggccgacttctgctcgcc 
PBB003 gtgacgaatctgatgccctcc PCR: to confirm presence of the 

clpP1P2 operon on the cosmid PBB004 tcagactccggcgttgagctt 

PBB034 agacggcccggcgccgtcgtaagacgagcaggtggatacttcc
ggggatccgtcgaccc PCR: clpXP/aac3(IV)+oriT 

recombineering cassette 
PBB035 ggtggggcccttccgcgtgcgtctgccgggtgccggccctgtag

gctggagctgcttcg 
PBB015 ccaaacggcgggcgcggaccc 

PCR: to confirm the clpXP deletion 
PBB018 gacggaagggccccaccgcgc 

RFS629 tatataggtaccaacaccgcgcacgaactgccc PCR: to amplify σAntA. Contains a KpnI 
site 

RFS630 tatatagaattctcaggcggcggtgggctgcc PCR: to amplify σAntA. Contains an 
EcoRI site 

RFS663 tatatagaattctcagtcgtcggtgggctgc 
PCR: to amplify σAntA, encodes A172D 
and A173D mutations. Contains an 
EcoRI site 

SK221 cgcaagctttcacgccgcc          
PCR: to amplify σAntA. Contains a 
HindIII site 

SK222 tataccggtggttccaccgtcagcgaactcc 
PCR: to amplify σAntA. Contains an 
AgeI site 

SK232 ggcatggctgccctcggatgattgaaagcttgcggccgc 
PCR: to mutagenize σAntA. Contains 
HindIII and NotI sites 

SK233 gcggccgcaagctttcaatcatccgagggcagccatgcc 
PCR: to mutagenize σAntA. Contains 
HindIII and NotI sites 

*Restriction sites are indicated by italics and non-homologous sequences are underlined 
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Growth media, strains, cosmids, plasmids, and other reagents. 

Escherichia coli strains were propagated on Lennox agar (LA) or broth (LB) (Seipke et al., 2011; 

Skyrud et al., 2018), and Streptomyces albus S4 strains were cultivated using LA, LB, and 

mannitol-soya flour (MS) agar or broth (Skyrud et al., 2018). Development of clp mutants was 

assessed on MS and ISP2 medium (Skyrud et al., 2018). Culture medium was supplemented with 

antibiotics as required at the following concentrations: apramycin, 50 μg ml−1; carbenicillin, 100 μg 

ml−1; chloramphenicol, 25 μg ml−1; hygromycin, 50 μg ml−1; kanamycin, 50 μg ml−1; nalidixic acid, 

25 μg ml−1. Streptomyces strains were constructed by conjugal mating with E. coli ET12567 as 

previously described (Skyrud et al., 2018). Enzymes were purchased from New England Biolabs 

unless otherwise stated, and oligonucleotides were purchased from Integrated DNA 

Technologies, Inc. All of the strains, cosmids, and plasmids used in this study are described in 

Table A.S2 in the supplemental material, and all of the oligonucleotides used are provided in 

Table A.S3. 

Construction of plasmids 

The insertion for each plasmid generated in this study was prepared by PCR amplification with 

Q5 High-Fidelity DNA polymerase and oligonucleotides containing restriction sites. PCR-

amplified insertions were restricted and cloned into the relevant plasmids cut with the same 

enzymes by standard molecular biology procedures. All clones were sequenced to verify the 

integrity of insertion DNA. The names of the restriction sites used for cloning are provided with 

the plasmid descriptions in Table S2. 

ChIP-seq and bioinformatics analyses 

The antA coding sequence was amplified with RFS629 and RFS630, which contain KpnI and 

EcoRI restriction sites, respectively. The restricted PCR product was cloned into pSETNFLAG 

(McLean et al., 2016) digested with the same enzymes. The resulting plasmid was then restricted 
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with NotI and EcoRI to release ermE*p-3xFLAG-antA, which was subsequently cloned into pAU3-

45 (Bignell et al., 2005) digested with the same enzymes. pAU3-45-3xFLAG-antA was mobilized 

to an apramycin-marked ΔantA strain (Seipke et al., 2014). Cultivations of the wild-type and 

ΔantA/pAUNFLAG-antA strains for ChIP-seq were performed exactly as described previously 

(McLean et al., 2016). Pure DNA resulting from immunoprecipitates from two biological replicates 

of the wild-type and ΔantA/pAUNFLAG-antA strains and nonimmunoprecipitated chromosomal 

DNA were sequenced with a Illumina HiSeq 3000 platform with 150-nucleotide (nt) paired-end 

reads by the University of Leeds Next Generation Sequencing Facility at the St. James Teaching 

Hospital NHS Trust. The resulting reads were analyzed exactly as described previously (McLean 

et al., 2016). The graphic in Figure A.2 was generated using DeepTools computeMatrix in scale-

regions mode with a bin size of 54 and plotProfile functions (Ramírez et al., 2014). 

Construction of the S. albus S4 ΔclpXclpP1clpP2 mutant strain 

Deletion of clpXclpP1clpP2 was carried out using RecET recombineering in E. coli as follows. The 

clpXclpP1clpP2-containing cosmid, cos117, was obtained by screening a previously constructed 

S. albus S4 Supercos1 cosmid library (Seipke et al., 2011) by PCR using oligonucleotides 

PBB001 and PBB002. Cos117 was mutagenized as required using E. coli recombineering with 

strain GB05-red (Fu et al., 2012) and a deletion cassette. The deletion cassette was generated 

by PCR from paac-apr-oriT (Myronovskyi et al., 2014) and consisted of the aac(3)IV apramycin 

resistance gene and a conjugal origin of transfer (oriT), which was flanked by ΦC31-attL and 

ΦC31-attR sites for excision of the cassette. The oligonucleotides used to generate deletion 

cassettes included 39 nt of homology upstream or downstream of the target open reading frame(s) 

and are listed in Table A.S3. The resulting PCR product was digested with DpnI, gel purified, and 

electroporated into arabinose-induced E. coli GB05-red harboring cos117. Transformants were 

screened for the presence of mutagenized cosmid by PCR using oligonucleotides listed in Table 

A.S3, and the integrity of the locus was verified by DNA sequencing. The mutagenized cosmid 
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was electroporated into E. coli ET12567/pUZ8002 and mobilized to a strain of S. albus S4 

harboring an entire antimycin BGC deletion (Δantall) (Fazal et al., 2020) by conjugation as 

described previously (Skyrud et al., 2018). Transconjugants were screened for apramycin 

resistance and kanamycin sensitivity. The integrity of an apramycin-marked mutant was verified 

by PCR using the oligonucleotides listed in Table A.S3. The apramycin deletion cassette was 

subsequently excised from the chromosome by conjugal introduction of pUWLint31, which is a 

replicative plasmid with a temperature-sensitive origin of replication that expresses the ΦC31 

integrase required for removal of the cassette (Myronovskyi et al., 2014). Transconjugants were 

screened for loss of apramycin resistance, and excision of the cassette was verified by 

polymorphic shift PCR and DNA sequencing of the product. 

Immunoblot analysis 

Spores of the parental strain and of S. albus Δantall and the ΔclpXclpP1clpP2 mutant harboring 

pPDA or pPDD were grown on MS agar (buffered with 50 mM TES, pH 7.2) covered with 

cellophane discs. Protein was isolated from mycelium collected during growth at the following 

regular intervals: 14 h, 17 h, 24 h, and 30 h for the Δantall and ΔclpXclpP1clpP2 mutants harboring 

3xFLAG-AntA constructs and 17 h, 20 h, 23 h, and 30 h for the Δantall and ΔclpXclpP1clpP2 

mutants harboring the 3xFLAG-FscRI construct. Protein samples were generated as follows: 100-

mg volumes of cells were resuspended in 200 μl lysis buffer (50 mM sodium phosphate buffer [pH 

7.0]; 150 mM sodium chloride; 10 mg ml−1 lysozyme; cOmplete, Mini, EDTA-free protease 

inhibitors [Roche]; 100 mg of 0.1-mm-diameter glass beads [PowerLyzer]) and lysed by vortex 

mixing for 30 min at 2,000 rpm and 37°C, with a subsequent incubation for another 30 min at 37°C. 

The obtained suspension was centrifuged for 20 min at 20,000 × g at 18°C. Each clarified protein 

sample (30 μg) was subjected to SDS-PAGE and then transferred to a nitrocellulose membrane 

(pore size, 0.2 μm) for Western blot analysis. The membrane was probed with mouse monoclonal 
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anti-FLAG M2-horseradish peroxidase (HRP) antibody (Sigma) (1:10,000, and the signals were 

detected using Pierce 1-Step Ultra TMB blotting solution (Thermo Scientific). 

Protein purification and in vitro ClpXP proteolysis assays. 

The wild-type antA gene was PCR amplified and cloned into the AgeI and HindIII sites of the 

pET23b-SUMO vector, which harbors an N-terminal (His)6-SUMO tag (Wang et al., 2007). The 

plasmid for production of (His)6-SUMO-σAntA-DD was generated by site-directed mutagenesis 

(Agilent QuikChange) using primers listed in Table A.S3. (His)6-SUMO-σAntA and (His)6-SUMO-

σAntA-DD were produced by E. coli Rosetta(DE3) (Novagen) grown in LB at 37°C until an optical 

density at 600 nm (OD600) of 0.5 was reached, followed by induction with 0.4 mM IPTG (isopropyl-

β-d-thiogalactopyranoside) and growth at 18°C for 16 h. Cells were resuspended in 50 mM 

sodium phosphate (pH 8)–1 M NaCl–20 mM imidazole–10% glycerol–1 mM dithiothreitol (DTT) 

and lysed by the use of a French press at 28,000 lb/in2, followed by treatment with protease 

inhibitor cocktail set III (EDTA-free) (Calbiochem), and benzonase (Millipore Sigma). (His)6-

SUMO-σAntA and (His)6-SUMO-σAntA-DD proteins were purified by nickel-nitrilotriacetic acid (Ni-

NTA) affinity chromatography and Superdex-75 gel filtration and stored in 50 mM potassium 

phosphate (pH 6.8)–850 mM KCl–10% glycerol–1 mM DTT. E. coli ClpX and ClpP proteins were 

purified as described previously (Kim et al., 2000; Neher et al., 2003). 

In vitro ClpXP proteolysis assays were performed at 30°C by preincubating 0.3 μM ClpX6 and 

0.8 μM ClpP14 with an ATP regeneration system (4 mM ATP, 50 μg ml−1 creatine kinase, 5 mM 

creatine phosphate) in 25 mM HEPES-KOH (pH 7.5)–20 mM KCl–5 mM MgCl2–10% glycerol–

0.032% NP-40–0.2 mM DTT and adding substrate to initiate the reactions. Samples of each 

reaction mixture were taken at specific time points, and the reactions were stopped by addition of 

SDS-PAGE loading dye and boiling at 100°C before loading on Tris-Glycine-SDS gels. Bands 

were visualized by staining with colloidal Coomassie G-250 and quantified by ImageQuant (GE 
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Healthcare) after scanning by Typhoon FLA 9500 (GE Healthcare). The (His)6-SUMO-σAntA 

fraction remaining was calculated by dividing the (His)6-SUMO-σAntA density at a given time point 

by the density at time zero and normalizing by ClpX density. 

Chemical analysis 

S. albus S4 strains were cultivated atop a cellophane disc on MS agar at 30°C for 7 days in 

triplicate. At the time of harvest, the cellophane disc containing mycelium was removed and the 

quantity of biomass was determined. Bacterial metabolites were extracted from both the mycelium 

and the “spent” agar for 1 h using 50 ml of ethyl acetate. Thirty-milliliter volumes of ethyl acetate 

were evaporated to dryness under conditions of reduced pressure, and the resulting residue was 

resuspended in 100% methanol (300 μl). Immediately prior to LC-HRMS analysis, methanolic 

extracts were centrifuged at 16,000 × g in a microcentrifuge tube for 5 min to remove insoluble 

material. Only the supernatant (3 μl) was injected into a Bruker Maxis Impact time of flight (TOF) 

mass spectrometer equipped with a Dionext Ultimate 3000 HPLC system as previously described 

(Liu et al., 2015). The peak area associated with the extracted ion chromatograms for antimycin 

A1, A2, A3, and A4 present in agar and mycelium extracts was determined and used to calculate 

the total level of antimycins produced for each replicate. These values were subsequently used 

to determine the arithmetic mean for total antimycin production for each strain. Statistical 

significance was assessed in Microsoft Excel by a homoscedastic Student's t test with a two-tailed 

distribution. 

Data availability 

The next-generation-sequencing data obtained in this study are available under ArrayExpress 

accession numbers E-MTAB-7700 and E-MTAB-5122. 
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