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Abstract 
Chemical synaptic transmission is an essential and highly regulated step in neuronal 

communication. Changes in the strength of synaptic transmission mediate several forms of 
plasticity associated with learning and memory. Functional regulation of Complexin (Cpx) 
provides an entry point for altering presynaptic output since the protein controls spontaneous and 
evoked neurotransmitter release through its effects on SNARE complex assembly. The Drosophila 
cpx locus undergoes alternative splicing to produce two isoforms (Cpx7A and Cpx7B) that differ 
in the C-terminal ~20 amino acids of Cpx. Although PKA phosphorylation of Cpx7B C-terminal 
residue S126 enhances spontaneous release and synaptic growth in Drosophila, the more abundant 
Cpx7A does not undergo PKA phosphorylation, but is subject to RNA editing that produces three 
alternative C-terminal domain residues (N130S, N130D, N130G). Edit variant N130S contains a 
phospho-competent residue located in a similar C-terminal region to the Cpx7B PKA 
phosphorylation site, but the functional significance of Cpx7A RNA editing in regulating 
neurotransmission and structural plasticity is unknown. 

In this thesis, I characterized the role of alternative splicing and RNA editing in Cpx 
function. I found that Cpx7A and Cpx7B splice isoforms have largely redundant roles in regulating 
neurotransmitter release despite significant expression level differences. Single-cell RNAseq data  
revealed multiple Cpx7A RNA editing variants are co-expressed, indicating editing acts 
stochastically to generate a range of edited Cpx proteins within individual  cells. To determine if 
RNA editing alters Cpx7A function, I compared synaptic transmission and growth properties in 
cpx null mutants rescued with unedited or edited Cpx7A transgenes. N130S variants displayed a 
dramatic reduction in spontaneous fusion clamping compared to unedited Cpx7A. In addition, 
N130S can dominantly function when co-expressed with unedited Cpx7A, suggesting the 
abundance of edited proteins within single neurons can fine-tune their baseline neurotransmission. 
N130S displayed altered subcellular localization, suggesting altered ability of the edited protein to 
tether to synaptic vesicles. Additionally, casein kinase 2 was found to phosphorylate the N130S 
variant. Together, these findings indicate Cpx7A and Cpx7B have redundant roles in controlling 
baseline neurotransmission, while differential RNA editing of Cpx7A alters Cpx’s clamping 
properties and functionally changes presynaptic output by enhancing spontaneous 
neurotransmitter release. 
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1.1 Overview 

Neuronal communication requires the propagation of action potentials into presynaptic 

terminals to open voltage-gated calcium channels (VGCCs) clustered at presynaptic release sites 

known as active zones (AZs). The subsequent influx of calcium triggers synaptic vesicle (SV) 

fusion and neurotransmitter release. Calcium-dependent SV fusion is mediated by vesicle and 

target membrane SNARE (soluble N-ethylmaleimide–sensitive factor attachment protein receptor) 

proteins that zipper together, bringing the vesicle and plasma membrane into close proximity for 

fusion (Harris & Littleton, 2015; Rizo & Südhof, 2002). SVs occasionally undergo fusion 

independent of action potentials, resulting in spontaneous single vesicle fusion events known as 

“minis” (Fatt & Katz, 1952). In mammals, these spontaneous release events can regulate dendritic 

spine morphogenesis and protein synthesis (McKinney et al., 1999; M. A. Sutton et al., 2004). 

Moreover, changes in the frequency of minis can trigger synaptic growth and activity-dependent 

plasticity at Drosophila NMJs (Cho et al., 2015; Choi et al., 2014; Huntwork & Littleton, 2007), 

indicating spontaneous fusion events play an important role in structural and function synaptic 

plasticity in addition to the well-established role of evoked neurotransmitter release.  

Due to the critical function of fast stimulus-dependent vesicular release in neuronal 

signaling, it is imperative to tightly regulate SV fusion by controlling the timing and localization 

of SNARE complex assembly (Südhof & Rothman, 2009). One key regulatory protein for 

neurotransmitter release is the calcium sensor Synaptotagmin 1 (Syt1), a SV protein that interacts 

with SNAREs and lipid membranes to facilitate fast and synchronous calcium-dependent vesicle 

fusion in response to an action potential (Littleton et al., 1993; Yoshihara & Littleton, 2002). 

Another key modulator of neurotransmission is the small cytosolic protein, Complexin (Cpx), 

which serves a dual regulatory role: Cpx binds the assembling SNARE complex and holds the 

complex in a partially zippered state, allowing the protein to facilitate action potential-dependent 

fusion while also acting as a molecular “fusion clamp” to block premature exocytosis in the 

absence of calcium (Bera et al., 2022; Cho et al., 2010; Huntwork & Littleton, 2007).  

The Drosophila neuromuscular junction (NMJ) has proven to be a powerful model synapse 

to study neurotransmission. The extensive genetic tools available in Drosophila, along with highly 

stereotyped synaptic organization and ease of access for imaging and electrophysiology, makes 

the glutamatergic NMJ a particularly useful system to characterize evolutionarily-conserved 

regulators of SV exocytosis (Banerjee et al., 2021; Cho et al., 2015; Choi et al., 2014; Huntwork 
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& Littleton, 2007; Newman et al., 2022; Yoshihara & Littleton, 2002). This chapter explores 

evoked and spontaneous SV fusion, with a focus on the conserved role for Cpx in regulating 

neurotransmission. I review structural and functional studies of Cpx in vertebrate and invertebrate 

model systems, concentrating on recent work that characterizes how different modifications of the 

unstructured Cpx C-terminus, including prenylation and phosphorylation, give rise to various 

regulatory changes in the protein’s function. Finally, I discuss how RNA editing generates protein 

diversity and changes in neuronal function, with focus on the potential effects of RNA editing of 

the Cpx C-terminus on synaptic transmission in Drosophila. 

 

1.2 Synaptic Vesicle Fusion and the SNARE complex 

Synaptic vesicle lifecycle and the canonical SNARE proteins 

Vesicles are small, secretory structures that carry cellular cargo enclosed by a lipid bilayer. 

In the case of SVs, this cargo is usually small neurotransmitters such as glutamate, acetylcholine 

or GABA, which are released from the vesicle into the synaptic cleft when exocytosis occurs. For 

SVs to release their contents into the cleft, both vesicle and plasma membrane lipid bilayers must 

interact to form a fusion pore between the two bilayers. To bring lipid bilayers into close apposition 

for fusion, this energetically unfavorable event due to repulsive forces between the bilayers must 

be overcome (Israelachvili et al., 1977; McNew et al., 2000; Südhof, 2013b). The binding and 

assembly of the evolutionarily-conserved SNARE complex into a highly structured coiled-coiled 

helix is thought to provide the necessary free energy to drive membrane fusion (Pobbati et al., 

2006; Weimbs et al., 1997). Vesicular v-SNAREs (Synaptobrevin (Syb)/VAMP (vesicle-

associated membrane protein)) provide one alpha-helix to interact with three alpha-helices from 

target membrane t-SNARES (Syntaxin-1 (Syx1) and synaptosomal-associated protein of 25 kDa 

(SNAP-25)). Syx1 provides one helix while SNAP-25 provides two helices that assemble with the 

v-SNARE, zippering together and forming a four-helix coiled-coil complex that provides the 

necessary energy to overcome lipid repulsion (Fasshauer et al., 1998; Littleton et al., 1998; Söllner, 

Whiteheart, et al., 1993; Söllner, Bennett, et al., 1993; R. B. Sutton et al., 1998; Weber et al., 

1998). The v- and t-SNARE classification is also referred to by an R- and Q-SNARE scheme to 

account for homotypic fusion events, such as fusion between structurally and functionally 

equivalent vesicles (Fasshauer et al., 1998). R-SNAREs have an arginine (R) while Q-SNAREs 

have a glutamine (Q) at the central ionic layer (zero layer) of the SNARE coiled-coil structure 
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(Fasshauer et al., 1998; Weimbs et al., 1997). Previous work found that as few as one SNARE 

interaction is sufficient for liposome docking with a lipid bilayer (Bowen et al., 2004), however 

the number and arrangement of SNARE complexes required for proper SV fusion is unknown. 

Some models suggest that the physiological time scale of neurotransmission requires a circular 

arrangement of three to eight SNARE complexes zippering together between the two membranes, 

forming “spokes on a wheel” around a fusion pore (X. Han et al., 2004; Hua & Scheller, 2001; 

Montecucco et al., 2005; Shi et al., 2012).  

In neurons, SV fusion can be initiated by an action potential that depolarizes the 

presynaptic terminal, leading to transient openings of VGCCs and subsequent influx of calcium 

into the terminal. These spikes in the local concentration of calcium at AZs trigger rapid fusion of 

the docked and primed SVs at these sites (Ghelani & Sigrist, 2018; Katz & Miledi, 1969; Zhai & 

Bellen, 2004). Calcium-dependent fusion is called evoked release and is comprised of a fast, 

synchronous phase of SV release (~60 µs after influx) followed by a slower, asynchronous phase 

where fewer SVs are released over several hundred milliseconds after calcium influx (Atluri & 

Regehr, 1998; Goda & Stevens, 1994; Sabatini & Regehr, 1996).  

In addition to calcium-evoked fusion, spontaneous single SV fusion events can be observed 

in electrophysiological recordings as “mini” postsynaptic currents  (Fatt & Katz, 1952). Minis can 

occur in the absence of a presynaptic calcium signal, though mini frequency can be modulated by 

external calcium concentrations (Miledi & Thies, 1971). Although most SVs undergo exocytosis 

through an action potential-evoked release pathway, spontaneous fusion events are thought to play 

a functional role in synapse development and maintenance, as well as normal synaptic signaling 

(Andreae & Burrone, 2018; Banerjee et al., 2021; Choi et al., 2014; McKinney et al., 1999). In 

addition to a role for minis in synaptogenesis, a few recent studies have identified a role for 

spontaneous fusion in various neuronal plasticity pathways, including activity-dependent 

structural plasticity and short-term homeostatic plasticity at Drosophila NMJs (Cho et al., 2015; 

Kavalali, 2015; Newman et al., 2017; M. A. Sutton et al., 2004). Genetic manipulations to key 

synaptic proteins, such as the calcium-sensing protein Syt1, have resulted in a genetic separation 

of spontaneous and evoked release events (Banerjee et al., 2021; Littleton et al., 1993), suggesting 

that although both fusion pathways are important for proper synaptic signaling, separate regulatory 

control may exist for each evoked versus spontaneous SV release, which will be further discussed 

in section 1.3. 
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After membrane fusion, the SNARE complex is disassembled and the vesicle membrane 

and its associated proteins are endocytosed for future fusion events. SNARE complex disassembly 

is mediated by the N-ethylmaleimide–sensitive factor (NSF), a hexameric ATPase, and the soluble 

NSF attachment proteins (SNAPs), that function as adapters to tether NSF to the SNARE complex. 

When NSF or SNAP activity is disrupted, SNARE complexes accumulate, resulting in reduced 

synaptic transmission  (Babcock et al., 2004; Kawasaki & Ordway, 1999; Littleton et al., 1998; 

Söllner, Bennett, et al., 1993; Tolar & Pallanck, 1998). After SNARE proteins have been separated, 

v- and t-SNAREs must be correctly sorted and organized, though the protein sorting processes that 

mediate these events are still unclear. During this time, the synaptic vesicle membrane can also be 

recycled and sorted through several endocytic routes, including individual SV recovery through 

clathrin-mediated endocytosis, clathrin-independent kiss-and-run events, and bulk endocytosis to 

form intracellular endosomes (reviewed in: Chanaday et al., 2019; Gan & Watanabe, 2018; Soykan 

et al., 2016). Once SVs are reformed, they are reacidified through a vesicular proton-dependent 

ATPase to create a proton gradient, which allows for neurotransmitter loading through 

neurotransmitter-specific transporters, such as the vesicular glutamate transporter, VGLUT 

(Maycox et al., 1988; Stadler & Tsukita, 1984). Reformed SVs then move back into the cycling 

SV pool for further rounds of exocytosis. 

 

SNARE chaperones and other SNARE regulatory proteins  

Within the SV lifecycle, many regulatory proteins facilitate proper SV fusion and 

recycling. A few of these proteins, like NSF and the SNAP proteins, were briefly discussed in 

relation to SNARE disassembly. Other regulatory proteins, like Syt1 and Cpx, work to hold 

SNARE assembly in a partially-zippered state until a calcium stimulus is received, which will be 

discussed in the next section. Here, I will focus on several other proteins that act as SNARE 

chaperones and regulators to guide the localization and assembly of SNAREs to AZs, modulate 

SV priming through control of SNARE availability for complex assembly, and support SV target 

specificity. 

 Most SNARE proteins are comprised of a membrane anchor and contain a ~60 residue 

SNARE motif (Weimbs et al., 1997; Zhang & Hughson, 2021). A few SNAREs instead contain 

two SNARE motifs connected by a linker sequence, like SNAP-25, which contributes two motifs 

to the four-helix coiled-coil complex. In the absence of chaperone proteins, SNAREs can 
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misassemble into non-fusogenic off-pathway products or form a complex with anti-parallel 

SNARE motifs (Brunger, 2006; Weninger et al., 2003). Experiments in vitro suggest that cytosolic 

Syx1 can form homotetramers that are unable to bind other SNARE proteins (Lerman et al., 2000; 

Misura et al., 2001), while co-incubation of Syx1 and SNAP-25 form a possible off-pathway 

product containing 2:1 complexes of the t-SNAREs in addition to the on-pathway 1:1 product 

(Dawidowski & Cafiso, 2016; Fasshauer et al., 1997; Pobbati et al., 2006; Xiao et al., 2001). Other 

work has shown that 40% of SNARE complexes formed when all three SNARE proteins are co-

incubated contained antiparallel helices (Lai et al., 2017). An anti-parallel configuration may 

prevent other SNARE complex regulators, such as Syt1 and Cpx, from properly interacting with 

the complex to modulate fusion (Zhou et al., 2015, 2017).  

Studies of Syx1 and its yeast homolog Sso1p have suggested that the N-terminal domain 

of the protein inhibits SNARE assembly by binding intramolecularly to produce a “closed” 

conformation of Syx1 that cannot interact with other SNARE proteins (Calakos et al., 1994; 

Dulubova, 1999; Fiebig et al., 1999; Nicholson et al., 1998). This N-terminal domain binds other 

regulatory proteins like Munc13 (also called Unc-13), a protein essential for SV fusion (Augustin 

et al., 1999; Betz et al., 1997), and Munc18 (also called Sec1 or Unc-18), in which Munc18 can 

bind the closed Syx1 conformation (Dulubova, 1999; Pevsner et al., 1994; B. Yang et al., 2000). 

Munc13 can then open Munc18-bound closed Syx1, permitting Munc18-chaperoned SNARE 

assembly (Ma et al., 2011; S. Wang et al., 2017). 

Experiments studying Sec1/Munc18 in several systems, including yeast, C. elegans, and 

mammals, demonstrated the essential role of these proteins in neurotransmission (Hata et al., 1993; 

Novick et al., 1980; Novick & Schekman, 1979; Verhage et al., 2000), forming a model for how 

the “SM” family of proteins interact with SNAREs and regulate fusion (Brenner, 1974; Hosono et 

al., 1992; Novick et al., 1980; Shen et al., 2007). Proteoliposome fusion assays demonstrate that 

Munc18-1 promotes fusion by interacting with R- and Q-SNAREs and enhances SNARE complex 

assembly (Shen et al., 2007), while mice lacking Munc18 exhibits a complete loss of 

neurotransmitter release, leading to paralysis and lethality after birth (Verhage et al., 2000). 

Interestingly, Munc18-1 can be phosphorylated in its SNARE-binding domain by Src family 

kinases (Meijer et al., 2018) and by protein kinase C (PKC) (Genç et al., 2014) to either inhibit or 

promote synaptic transmission, respectively, supporting the model that phosphorylation of SM and 

SNARE proteins can provide modulatory input into the SV fusion pathway (Laidlaw et al., 2017). 
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Munc18-1 and Munc13-1 can also work in concert to inhibit SNARE misassembly and 

increase evoked release probability by facilitating proper priming of SVs (Lai et al., 2017). In 

particular, the MUN domain of Munc13-1 interacts with Syx1 and VAMP2 to promote proper 

parallel-orientation of SNAREs in complex assembly (Lai et al., 2017). Munc13 also helps to 

facilitate docking and priming of SVs by tethering SVs to the AZ plasma membrane to promote 

synchronous fusion (Li et al., 2020; Liu et al., 2016; Quade et al., 2019; Reddy-Alla et al., 2017; 

Rothman et al., 2017; Shin et al., 2010). This Munc13 membrane tether is regulated by calcium 

and can bind RIM (Rab3-interacting molecule) and other synaptic proteins involved in 

neurotransmission (Camacho et al., 2017; Michelassi et al., 2017; Zikich et al., 2008). Taken 

together, Munc13 facilitates proper SV fusion by opening Syx1 for SNARE assembly while it 

orients parts of the SNARE complex and helps tether SVs to the AZ, where they are primed for 

fusion.  

Another form of SNARE regulation is mediated by “decoy” SNAREs, which are SNARE 

proteins that are incompatible with membrane fusion (Lao et al., 2000; Scales et al., 2002). One 

known decoy SNARE across multiple model systems is Tomosyn (Tom), which can displace Syx1 

from Munc18 and is thought to interact with Syx1 and SNAP-25 in a SNARE complex decoy 

pathway (Fujita et al., 1998; Masuda et al., 1998; Pobbati et al., 2004). Tom contains an R-SNARE 

motif which mimics other R-SNAREs like Syb, thus preventing R-SNAREs from binding to 

corresponding Q-SNAREs to form a fusogenic complex (Hatsuzawa et al., 2003; Pobbati et al., 

2004; Sauvola & Littleton, 2021). In Drosophila mutants of Tom, a 50% increase in docked SVs 

per release site is observed and mutants display an increase in evoked and spontaneous fusion 

(Sauvola et al., 2021). Results in C. elegans are similar, with Tom mutants displaying increased 

synaptic transmission and a larger pool of primed vesicles. Interestingly, enhanced Unc-13 levels 

are also observed at synapses, suggesting that a balance of Tom and Unc-13 may be important for 

normal synaptic function (McEwen et al., 2006). Together, these results suggests that an enhanced 

pool of accessible t-SNAREs exists to increase SV docking when Tom is absent and unable to 

function as a decoy SNARE (McEwen et al., 2006; Pobbati et al., 2004; Sauvola et al., 2021). 

Other SNARE regulatory proteins help facilitate vesicle-target recognition by recruiting 

and binding important synaptic proteins that specify membrane identity. Ras-associated binding 

(Rab) proteins and other Rab-associated proteins, like RIM, work as regulators of vesicle transport 

to help deliver the correct proteins to the proper intracellular location through specific affinities of 
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target proteins. Rab proteins are GTPases that cycle on and off of specific membranes, like SVs, 

where they recruit target-specific effector proteins, including tethering factors like RIM and 

SNAREs, to form protein complexes that drive efficient vesicle fusion (Betz et al., 2001; Y. Han 

et al., 2011; Koushika et al., 2001; Stenmark & Olkkonen, 2001; Y. Wang et al., 1997). RIM 

mutants demonstrate a reduction in SV docking and subsequently have impaired evoked release 

(Graf et al., 2012; Y. Han et al., 2011), while Rab3 mutants also show SV recruitment defects, but 

only a mild impairment of evoked release (Geppert et al., 1997; Graf et al., 2009; Nonet et al., 

1997; Schlüter et al., 2006). These studies suggest both proteins are important for proper SV 

recruitment. Using various biochemical and biophysical approaches to define binding interactions 

between RIMs, Rab3, and Munc13, a model of a tripartite complex between these three proteins 

has emerged that supports SV release (Dulubova et al., 2005). In fact, disrupted Munc13-1 and 

RIM1 interactions leads to inefficient vesicle priming (Betz et al., 2001), supporting that the 

tripartite complex  has important implications in the docking and priming of SVs and may be 

required for some forms of synaptic plasticity (Koushika et al., 2001; Rizo & Rosenmund, 2008). 

These targeting and tethering interactions play an important role in neurotransmission by 

mediating membrane fusion specificity and identity, after which partial SNARE complex assembly 

prepares SVs for fusion (Whyte & Munro, 2002; Yu & Hughson, 2010).  

Overall, maintenance of proper SNARE assembly is essential to the speed and accuracy of 

SV fusion, providing strong support for the necessity of SNARE chaperones and other regulatory 

proteins in executing efficient SV release. Both Munc13 and Munc18 bind and stabilize different 

conformational forms of Syx1, functioning as points for SV docking or priming regulation (X. 

Wang et al., 2020; Weimer et al., 2003). Munc13 also facilitates parallel-orientation SNARE 

complex formation and participates in membrane targeting and vesicle tethering via its interaction 

with RIM and other synaptic molecules (Camacho et al., 2017; Lai et al., 2017). These interactions 

position SVs at AZs sites where docking and priming steps can occur to generate a fusion-ready 

vesicle that can be triggered to release during calcium influx.  

 

1.3 Synaptotagmin 1 and Complexin regulation of SNARE complex assembly and function 

Neurons maintain low intracellular calcium concentration, allowing influx of extracellular 

calcium to act as intracellular signal for numerous cellular processes. These spikes in local calcium 

concentration are important for synaptic transmission and synaptic plasticity pathways where fast, 
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coordinated signaling is critical. SNARE regulatory proteins like Syt1 and Cpx work to tightly 

couple full SNARE complex assembly to intracellular calcium signals. The cytosolic α-helical 

protein Cpx binds the assembling SNARE complex and arrests assembly in a partially-zippered 

state, thus acting as a fusion “clamp” (Bykhovskaia et al., 2013; Giraudo et al., 2006; Malsam et 

al., 2012; McMahon et al., 1995). Conversely, Syt1 is bound to the SV membrane and consists of 

two calcium-binding C2 domains, C2A and C2B, that allows Syt1 to act as a calcium sensor to 

trigger full zippering of the SNARE complex, leading to a synchronous evoked fusion event 

(Bowers & Reist, 2020; Chapman & Davis, 1998; Geppert et al., 1994; Perin et al., 1991; Südhof, 

2013a). Although numerous studies on the role of Syt1 and Cpx in regulated SNARE assembly 

and SV fusion have been completed, the precise mechanisms by which these proteins mediate 

synaptic fusion are still unclear.  

 

Synaptotagmin 1 

Early studies of Syt1 across multiple model systems demonstrated that loss of Syt1 had 

detrimental effects on synchronous release, with alterations to its calcium binding abilities leading 

to changes in the calcium sensitivity of SV fusion and ultimately, a disruption of synaptic 

transmission (Davis et al., 1999; Fernández-Chacón et al., 2001; Geppert et al., 1994; Lee et al., 

2013; Littleton et al., 1993, 1994; Mackler et al., 2002). These studies provided support for the 

role of Syt1 as a critical calcium sensor for neurotransmission, defining the roles of calcium-

binding residues within the two Syt1 C2 domains. In many proteins, C2 domains function to 

coordinate calcium and lipid binding (Nalefski et al., 2001). As such, the C2 domains of Syt1 

contain negatively-charged aspartate residues that become neutralized when bound to positively-

charged calcium ions (Bykhovskaia, 2021; Fernandez et al., 2001; Ubach et al., 1998, 2001). 

Neutralization of these domains allows the protein to partially insert into the plasma membrane, 

which may aid full SNARE zippering and SV fusion (Brose et al., 1992; Bykhovskaia, 2021; 

Chapman & Davis, 1998; Davis et al., 1999; Fernández-Chacón et al., 2001; Paddock et al., 2008; 

Tucker et al., 2004). Furthermore, calcium binding by C2B has can induce C2B binding of multiple 

membranes simultaneously, thus bringing two membranes into close proximity for efficient fusion 

(Araç et al., 2006).  

Both the C2A and C2B domains of Syt1 bind calcium, interact with lipids, and participate 

in facilitating evoked release (Bykhovskaia, 2021; Lee et al., 2013; Mackler et al., 2002; Paddock 
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et al., 2008; Yoshihara et al., 2010). However, in the complete absence of Syt1, there is a robust 

increase in a calcium-sensitive and slower asynchronous phase of SV fusion that is not observed 

in control conditions (Bacaj et al., 2013; Geppert et al., 1994; Yoshihara et al., 2010; Yoshihara & 

Littleton, 2002). In Drosophila Syt1 mutants where individual residues of each C2 domain have 

been altered in various combinations, current data indicate calcium binding to the C2B domain 

primarily drives synchronous fusion, while C2A calcium binding contributes a lesser role to 

synchronous release, but has a key function in suppressing asynchronous release (Guan et al., 

2017; Mackler et al., 2002; Yoshihara et al., 2010; Yoshihara & Littleton, 2002). The slower 

asynchronous phase of neurotransmission that is enhanced in the absence of Syt1 has been seen 

across multiple systems, suggesting Syt1 is likely to compete with a second calcium sensor that 

primarily drives asynchronous SV fusion (Geppert et al., 1994; Goda & Stevens, 1994; Maximov 

& Südhof, 2005; Yoshihara & Littleton, 2002). In mammals, another protein of the Syt family, 

Synaptotagmin 7 (Syt7), has been shown to regulate this slower form of calcium-triggered release 

at some synapses (Bacaj et al., 2013), while other work suggests asynchronous release is likely to 

require a different calcium sensor (Turecek & Regehr, 2019). Although the asynchronous sensor 

has yet to be fully identified, these studies support the role of Syt1 as the primary calcium sensor 

that drives synchronous SV release and restricts the slower asynchronous pathway.  

 In addition to its role in evoked fusion, studies have also found a role for Syt1 in regulating 

spontaneous neurotransmitter release. In both cultured mammalian cortical/hippocampal neurons 

and Drosophila Syt1 knockouts, a moderate two- to five-fold increase in spontaneous fusion is 

observed, measured as an increase in mini frequency  (Bacaj et al., 2013; DiAntonio & Schwarz, 

1994; Littleton et al., 1993, 1994; Mackler et al., 2002; Yoshihara & Littleton, 2002; Zhou et al., 

2017). One proposed mechanism of Syt1 as a spontaneous fusion clamp involves calcium-free 

Syt1 (apo-Syt1), wherein apo-Syt1 functions as a fusion clamp until it binds calcium, which then 

triggers its role in driving evoked fusion. Liposome fusion assays have supported this model, 

showing that apo-Syt1 inhibits fusion, but when given calcium to bind, the protein promotes fusion 

(Chicka et al., 2008; Chicka & Chapman, 2009). Additionally, a C2B polylysine motif of Syt1 has 

been shown to facilitate a calcium-independent stage of SV docking/priming (Loewen et al., 2006), 

which may also contribute to the role of Syt1 in promoting fusion events. 
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Complexin 

Similar to Syt1, Cpx is an important regulatory protein for SV fusion. Although Cpx 

mutants have been generated and analyzed in mice, Drosophila and C. elegans, key features of 

how the protein functions and how its properties are regulated are poorly understood. Cpx was 

originally identified by its binding affinity for the SNARE complex. The protein contains an N-

terminal accessory helix, a conserved central SNARE-binding helix and an unstructured C-

terminus that is predicted to interact with membranes to localize it to release sites, though the C-

terminus may have other regulatory functions as well (Bera et al., 2022; Chen et al., 2002; 

McMahon et al., 1995). Fusion assays in vitro demonstrate that Cpx inhibits SNARE assembly 

and subsequent SNARE-mediated fusion (Giraudo et al., 2006; Malsam et al., 2020; Schaub et al., 

2006). Mutations in Cpx in various model systems reveal a decrease in evoked release, supporting 

a role in facilitating SV fusion (Huntwork & Littleton, 2007; Reim et al., 2001). In particular, 

Drosophila mutants of Cpx exhibit a 50% decrease in synchronous evoked release (Figure 1A, B) 

and an increase in asynchronous release, similar but less severe compared to Syt1 mutants 

(Huntwork & Littleton, 2007; Jorquera et al., 2012). The role of Cpx as an asychronous SV fusion 

clamp is also observed in mammals (Chang et al., 2015; X. Yang et al., 2010). Other studies in 

Drosophila indicate Cpx also tethers SVs to presynaptic AZs by interacting with a prominent AZ 

scaffold protein, Bruchpilot (Brp) (Scholz et al., 2019). Furthermore, Cpx mutants display a >50-

fold increase in spontaneous fusion (Figure 1C, D), leading to synaptic overgrowth at NMJs 

(Figure 1E, F) (Buhl et al., 2013; Cho et al., 2015; Huntwork & Littleton, 2007). These studies 

suggest that Cpx facilitates tethering of SVs to release sites while also interacting with SNAREs 

to inhibit spontaneous fusion and facilitate evoked release at invertebrate synapses. The role of 

Cpx as a fusion clamp inhibiting spontaneous release seems less promiment in mammals, as 

Syt1appears to play more of this role at most synapses. 

 Although Cpx proteins across species share many similarities in sequence and structure, 

mammalian knockouts of Cpx generally do not exhibit a signficant increase in spontaneous fusion 

events, unlike their invertebrate counterparts (Chang et al., 2015; López-Murcia et al., 2019; Reim 

et al., 2001; Xue et al., 2007). However, in vitro studies with cultured mammalian neurons of Cpx 

knockdowns exhibit a moderate 3-fold increase of spontanous fusion (Maximov et al., 2009; X. 

Yang et al., 2010), and interestingly, mammalian Cpx is able to function as a fusion clamp when 

expressed at Drosophila NMJs (Buhl et al., 2013; Cho et al., 2010), indicating an evolutionarily-
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conserved clamping ability for the protein. Although it is possible that mammalian Cpx knockouts 

may have compensatory effects that suppress the spontaneous Cpx phenotype (X. Yang et al., 

2013), one model that may explain why mammalian synapses do not exhibit elevated spontaneous 

fusion when Cpx is absent involves a difference in basal calcium levels observed in different model 

systems. For instance, if invertebrate presynaptic terminals maintain a higher baseline calcium 

level than mammalian terminals and spontaneous fusion is calcium-sensitive, then a knockout of 

the clamping protein Cpx will have a larger effect on fusion events in invertebrate synapses. 

Although studies of this model are still ongoing, work in cultured cortical neurons has shown some 

interesting results. When Cpx is knocked down in cultured cortical neurons that are treated with 

BAPTA, a calcium chelator, neurons that normally exhibit an increase of spontaneous fusion now 

show >80% decrease in spontaneous release, suggesting that SV spontaneous release is regulated 

by calcium (X. Yang et al., 2010). Similar calcium-dependence of spontaneous fusion is also seen 

in Syt1-deficient cultured neurons subjected to BAPTA (Zhou et al., 2017). Ultimately, these data 

support that a higher basal calcium level in Drosophila and C. elegans neurons could account for 

differences in Cpx clamping phenotypes between model systems and may play a role in regulating 

the calcium-sensitivity of release. Together, with a more prominent role for Syt1 in clamping 

spontaneous fusion at mammalian synapses, the balance of the Cpx/Syt1 clamping functions may 

have also shifted more in favor of Syt1 during vertebrate evolution. 

 

Interactions between Synaptotagmin 1, Complexin, and SNAREs 

When considering the calcium-sensitivity of both spontaneous and evoked release, it is 

critical to understand how proteins like Cpx and Syt1 biochemically interact with SNAREs, 

calcium, and each other to regulate SV fusion. As previously mentioned, the Syt1 C2 domains 

serve as important calcium-sensitive domains that interact with synaptic membranes to facilitate 

evoked release, while Cpx has a dual regulatory role: facilitating evoked release and inhibiting 

spontaneous fusion. Studies in mammalian and invertebrate systems support a genetic separation 

of the activating and inhibiting functions of Cpx, although both functions require SNARE complex 

binding (Cho et al., 2010, 2014; Iyer et al., 2013; Malsam et al., 2020; Xue et al., 2007, 2010). One 

model for Cpx-SNARE binding is the “zig-zag” model, in which the central helix of Cpx is 

secluded within a partially-zippered SNARE complex, while the N-terminal accessory helix of 

Cpx sits at a 45° angle and interacts with an adjacent partially-zippered SNARE complex, thus 
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forming a clamping ring around the SV (Kümmel et al., 2011). A different model for Cpx-SNARE 

binding suggests direct competition between Syb and Cpx for t-SNARE binding, with the 

accessory helix of Cpx competing for binding Syx1 and SNAP-25 in the partially-assembled 

SNARE complex, consequently preventing full SNARE complex assembly (Giraudo et al., 2009; 

Lu et al., 2010; Zdanowicz et al., 2017). A variation of this model suggests interactions between 

the accessory helix of Cpx and Syb, in which Cpx clamps fusion by binding to the Syb C-terminus 

to prevent full SNARE zippering (Bykhovskaia et al., 2013; Vasin et al., 2016). A final model has 

recently been proposed in which the Cpx accessory helix binds Syb and one helix of SNAP-25 to 

displace Syx1 binding from the assembling SNARE complex (Malsam et al., 2020). Mutations in 

Cpx that disrupt the formation of the zig-zag SNARE interactions and Syb/SNAP-25 binding have 

mild effects on spontaneous fusion clamping, but do not disrupt the  role of Cpx in evoked release 

(Cho et al., 2014; Malsam et al., 2020). Similarly, mutations that disrupt Cpx/Syb competition 

binding only mildly affect Cpx clamping function (Brady et al., 2021), suggesting other 

mechanisms, or a combination of binding states, are likely to regulate Cpx-mediated fusion events. 

Looking into Syt1 interactions with SNAREs, a recent Drosophila study identified key 

SNARE-binding residues of the Syt1 C2B domain that, when disrupted, abolish synchronous 

fusion and subsequently increase asynchronous and spontaneous release (Guan et al., 2017). The 

ability of C2 domains to bind SNAREs and interact with lipid membranes in both a calcium-

dependent and -independent manner helps Syt1 bring SV and plasma membranes together and 

facilitate full SNARE zippering (Bykhovskaia, 2021; Chapman & Davis, 1998; Guan et al., 2017; 

Loewen et al., 2006). Additionally, the interactions of Syt1 with SNAREs, lipids, and calcium may 

act to displace Cpx binding from SNAREs, which may also support SNARE zippering to overcome 

the energy barrier for SV fusion (Tang et al., 2006). In support of this displacement model, 

SNARE-dependent liposome fusion assays show that Cpx arrests release in a hemifusion step, 

while the addition of Syt1 and calcium alleviates this arrest and permits full fusion (Schaub et al., 

2006). Conversely, other in vitro data suggests Syb mediates a conformational switch that changes 

Cpx from a clamping role to fusion-promoting role, with this switch in Cpx position allowing Syt1 

to trigger fusion (Krishnakumar et al., 2011). While the exact interaction between Cpx and Syt1 is 

still unclear, structural studies have found evidence that Syt1 and Cpx can simultaneously bind the 

surface of the SNARE complex, where both Syt1 and Cpx form a split, but continuous, α-helix as 

part of a tripartite complex (Zhou et al., 2017). Mutations of the tripartite interface in cultured 
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cortical neurons results in reduced evoked release, suggesting the SNARE-Cpx-Syt1 tripartite 

interface regulates calcium-dependent fusion. 

Although the exact biochemical interactions of Syt1 and Cpx are still being elucidated, in 

vivo genetic analysis of these proteins reveal functional interactions (Xue et al., 2010). Drosophila 

knockouts of either Syt1 or Cpx produce similar changes to synchronous, asynchronous, and 

spontaneous SV fusion, though Syt1 mutants demonstrate a more severe deficit in evoked fusion 

while Cpx mutants have a larger spontaneous fusion deficit (Jorquera et al., 2012; Yoshihara & 

Littleton, 2002). Furthermore, both mutants exhibit reduced calcium-sensitivity for evoked release 

and a slower speed of evoked SV fusion, with some evoked release deficits in Cpx mutants partially 

rescued by elevating extracellular calcium levels (Jorquera et al., 2012; Littleton et al., 1994; 

Yoshihara & Littleton, 2002). One model suggests Cpx may prevent premature Syt1-dependent 

SNARE zippering and SV fusion as a mechanism for clamping. In Drosophila, the elevated 

spontaneous release observed in Cpx mutants is suppressed in Cpx, Syt1 double mutants, 

suggesting Syt1 may constitutively activate SV fusion in a calcium-independent way in the 

absence of Cpx (Jorquera et al., 2012). From these biochemical and genetic studies, it is clear that 

both Syt1 and Cpx function as key regulators of SNARE zippering and SV fusion, acting in concert 

to control release properties and fusion kinetics at synapses. 

 

1.4 Complexin function and regulation across species 

Altered Cpx expression with effects on synaptic transmission has been suggested to 

contribute to symptoms of several psychiatric and neurological disorders, including schizophrenia, 

Alzheimer’s disease, Huntington’s disease, traumatic brain injury, fetal alcohol syndrome, and 

addiction (Brose, 2008a, 2008b), demonstrating the importance of understanding how Cpx 

function and expression is regulated in the brain. Moreover, studies of Cpx genes in humans have 

identified several single nucleotide polymorphisms in Cpx2 associated with cognitive deficits in 

schizophrenic patients (Begemann et al., 2010), while individuals with genetic variants of Cpx1 

(nonsense mutation of amino acid C105 or E108, or amino acid substitution L128M) exhibit severe 

myoclonic epilepsy, intellectual disability, and cortical atrophy (Karaca et al., 2015; Redler et al., 

2017; Verhage & Sørensen, 2020). Importantly, all three Cpx1 mutations are found in the Cpx C-

terminus. Although Cpx function has been examined in multiple model systems, the role of the 

unstructured C-terminus of Cpx is still unclear. Given the critical role Cpx plays in SV fusion and 
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the clinical features associated with human loss-of-function Cpx variants, it is imperative to 

understand how the C-terminal domain of Cpx contributes to synaptic transmission. 

 Across species, Cpx proteins can generally be divided into two groups: those that have a 

membrane-tethering CAAX box prenylation motif at the C-terminus and those that lack this motif. 

In mammals, four Cpx genes exist, giving rise to Cpx1 and 2 which lack the motif (non-CAAX 

variants) and Cpx3 and 4 which contain the motif (CAAX variants). Cpx1 and 2 are widely 

expressed both within and outside of the nervous system, while Cpx3 and 4 exhibit more restricted 

expression patterns in the brain, where they are enriched in some sensory neurons (Brose, 2008b; 

Reim et al., 2005; Zanazzi & Matthews, 2010). In Drosophila, a similar division is seen, although 

only a single Cpx locus exists. To create two Cpx proteins with differing C-termini, Drosophila 

Cpx undergoes alternative splicing of the C-terminal exon 7, creating Cpx7A with a CAAX box 

motif and Cpx7B as a non-CAAX isoform (Buhl et al., 2013). These C-terminal differences 

suggest preservation of Cpx diversity is important for its function as a regulator of synaptic 

transmission across a range of species. Interestingly, Drosophila Cpx7A also undergoes RNA 

editing, producing further variants of the Cpx7A isoform. These editing variants will be discussed 

in greater detail below. 

 

Membrane interactions of the Complexin C-terminus 

Compared to the highly-conserved SNARE-binding central helix of Cpx which has ~75-

90% sequence identity between mouse, Drosophila, and C. elegans, sequence alignment of the 

unstructured C-terminal domain reveals only ~20-30% conservation (Lottermoser & Dittman, 

2023; Wragg et al., 2017; X. Yang et al., 2015). Though the C-terminal domain is variable in 

protein sequence across species, comparisons of many metazoan Cpx homologs, like those of sea 

anemone, ctenophore, and human, demonstrate that two subfamilies of Cpx exist, those containing 

or lacking a CAAX motif at the C-terminus (Buhl et al., 2013; Lottermoser & Dittman, 2023; Reim 

et al., 2005; X. Yang et al., 2015). Moreover, ancestral homologs of Cpx from unicellular 

organisms such as choanoflagellates, generally contain a CAAX motif, suggesting membrane-

tethering of Cpx through prenylation is likely to be evolutionarily required for precise function of 

the CAAX subfamily (X. Yang et al., 2015). As such, this CAAX box characteristic can be seen 

in a more closely-related cnidarian Cpx homolog, which can even functionally restore evoked 

fusion in double knockout mouse Cpx1/2 cultured neurons (X. Yang et al., 2015). Interestingly, a 
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C-terminal amphipathic helix found in all bilaterian Cpx is lacking in ancestral Cpx homologs, 

implying the amphipathic nature of the C-terminus of Cpx appeared later in synaptic evolution and 

may contribute to neuron-specific functions and localizations of the protein (Wragg et al., 2017). 

In addition, a section of acidic residues is maintained upstream from the C-terminal amphipathic 

motif in bilaterian Cpx that may interact with polybasic residues on the C2B Syt1 surface (Malsam 

et al., 2012; Tokumaru et al., 2008).  

Although bilaterian Cpx proteins share many structural similarities, discrepancies arise 

when comparing Cpx function at mammalian and invertebrate synapses. In the mammalian field 

of Cpx research, a consensus has been reached that non-CAAX Cpx1 and 2 generally facilitate SV 

release, while Cpx3 and 4, the CAAX box variants, serve both faciliatory and inhibitory roles, 

similar to the observed Cpx function at invertebrate synapses (Chang et al., 2015; Cho et al., 2010; 

Hobson et al., 2011; Huntwork & Littleton, 2007; Martin et al., 2011; Mortensen et al., 2016; Reim 

et al., 2001; Vaithianathan et al., 2013, 2015; Xue et al., 2009). As previously discussed, these 

observed differences between model systems may be due to intrinsic cellular differences, such as 

basal calcium levels or co-evolution of other important fusion proteins, as well as differing lipid 

compositions that may alter membrane interactions of the Cpx C-terminus in various synapses. 

Even though slight functional discrepancies have been observed in various model synapses, it is 

clear that conserved CAAX and non-CAAX subfamilies of Cpx are required for distinct 

populations of neurons to regulate SV release. 

 

Two subgroups of Complexin: prenylated and non-prenylated 

Membrane-tethering of Cpx via the CAAX motif requires protein prenylation, also known 

as lipidation. Prenylation is a post-translational modification that includes an irreversible covalent 

attachment of either a farnesyl or geranylgeranyl group to help facilitate protein localization onto 

cellular membranes. In mice, farnesylation of Cpx3 and 4 is required for synaptic localization of 

the proteins (Reim et al., 2005), while chimera protein experiments in cultured mouse neurons 

demonstrate that a fused N-terminal half of Cpx1 to the CAAX-containing C-terminal domain of 

Cpx3 fails to inhibit spontaneous fusion, while the reverse chimera functionally appears like full-

length Cpx1 and inhibits spontaneous fusion (Kaeser-Woo et al., 2012). In Drosophila, both 

Cpx7A and Cpx7B localize to the presynaptic terminal of NMJs, however, Cpx7A is  the dominant 

isoform with 1000-fold higher mRNA expression in the nervous system than Cpx7B (Figure 2A) 
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(Buhl et al., 2013). Genetic rescues of a Cpx knockout with either isoform demonstrate that CAAX-

containing Cpx7A is a more effective clamping spontaneous fusion (Figure 2B), while Cpx7B is 

an extremely strong facilitator of evoked release (Figure 2C). In addition, mutations to Cpx7A 

prenylation abolishes its clamping abilities at the NMJ and disrupts Cpx-mediated SV tethering to 

AZs (Buhl et al., 2013; Cho et al., 2010; Iyer et al., 2013; Scholz et al., 2019). Interestingly, rescue 

of the Cpx knockout with mouse Cpx4 (CAAX variant) produces similar results to that of Cpx7A, 

whereas rescue with mouse Cpx1 (non-CAAX variant) appears to function similarly to Cpx7B 

(Buhl et al., 2013).  

These data support a model (Figure 2D) wherein prenylation of Cpx7A increases its local 

concentration on SVs, allowing it to bind many assembling SNARE complexes during SV docking 

and priming, where it can act as an effective fusion clamp. On the other hand, non-CAAX Cpx7B 

may be more soluble, and therefore, less present at fusion sites, thus reducing its clamping abilities. 

A more soluble Cpx clamping protein may also allow Syt1 to facilitate evoked fusion more readily, 

as it is not competing with Cpx for SNARE binding (Buhl et al., 2013).  

However, other studies have suggested that mutations to Cpx7A prenylation do not make 

the protein more soluble, but instead results in enhanced AZ localization of the protein (Iyer et al., 

2013; Robinson et al., 2018). Additionally, suppression of Cpx7A prenylation through a post-

translational nitric oxide (NO) modification results in a more effective Cpx clamp, rather than 

abolishing this inhibitory function, although this may be due to the NO modification enhancing 

Cpx binding to other proteins, like SNAREs, which may further augment Cpx function (Robinson 

et al., 2018). These discrepancies highlight the uncertainties in the  functional importance of the 

C-terminus and post-translational modifications to Cpx function. Together, data from mammalian 

and invertebrate fields indicate distinct functions exist for CAAX and non-CAAX Cpx at synapses, 

though their exact roles are still unclear. 

 

Complexin is recruited to synaptic vesicles by its curvature-sensitive amphipathic helix 

While the presence of a CAAX motif in Cpx provides one mode of lipid interactions, the 

C-terminal amphipathic helix present in both CAAX and non-CAAX proteins can also bind lipids. 

One of the first experiments to probe Cpx membrane interactions used in vitro liposome binding 

to study human Cpx1, a non-CAAX Cpx, finding that a conserved amphipathic helical domain 

near the Cpx C-terminus is required for interactions with small liposomes (~50 nm in diameter) 
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that resembled the size of SVs (~40 nm in diameter) (Seiler et al., 2009). More recently, C. elegans 

Cpx-1 (non-CAAX Cpx homolog) and mammalian Cpx1 C-termini were found to be curvature-

sensitive, wherein a smaller liposome leads to higher Cpx lipid binding (Gong et al., 2016; Snead 

et al., 2014; Zdanowicz et al., 2017). Biochemical assays, like CD spectroscopy and NMR, further 

provide support for model in which the C-terminus of Cpx is largely unstructured in solution, but 

becomes partially helical when binding curved membranes (Grasso et al., 2023; Snead et al., 2014). 

Additionally, the amphipathic C-terminus of mammalian Cpx2 (last 21 residues) can remodel 

lipids to convert flat membranes into highly-curved structures in which some C-terminal peptides 

can bind the lipid bilayer, oligomerize into a pore-forming structure, and stabilize an open state 

for the fusion pore (Courtney et al., 2022). Together, these data suggest the C-terminal amphipathic 

region of both mammalian and invertebrate Cpx can bind to and sculpt lipid membranes like those 

found in SVs, providing a mechanism for membrane interactions that may recruit Cpx to SVs to 

enhance its presence as sites of SNARE assembly. 

Further in vivo studies sought to determine if Cpx is recruited to SVs through its 

amphipathic C-terminus, as previously hypothesized. C. elegans Cpx-1 that lacks a CAAX motif 

can colocalize with SVs and is functional when driven to SVs using foreign tethers, but loses 

function when driven to the presynaptic plasma membrane (Wragg et al., 2013). When the C-

terminus of Cpx-1 is deleted, Cpx-1 mobility is increased, as C-terminal interactions that aided in 

Cpx retention in the bouton are no longer present (Wragg et al., 2015). Additionally, 

overexpression of the truncated Cpx-1 that lacked its C-terminus does not rescue inhibitory 

clamping in Cpx-1 mutants and only partially rescues faciliatory abilities, but fusion of the same 

truncated Cpx-1 to Rab3, a SV protein, greatly rescues Cpx function (Wragg et al., 2013). 

Interestingly, when the amphipathic helical conformation is destabilized, Cpx-1 inhibition is 

reduced, even though the protein retains its C-terminus (Snead et al., 2014; Wragg et al., 2013), 

suggesting a conformational switch in Cpx structure is required for some aspect of Cpx function. 

In support of amphipathicity playing a role in Cpx function, chromaffin cell granule secretion 

assays where the helix of mammalian Cpx2 is replaced with a similar helix from SNAP-25 found 

that the inhibitory function of Cpx2 is largely preserved, while lack of any amphipathic helix fails 

to rescue release in Cpx2 knockout cells (Makke et al., 2018). Overall, these studies support that 

amphipathicity of the Cpx C-terminus, along with the membrane-tethering CAAX motif, function 

in concert to localize Cpx to SVs to promote its function in the regulation of SV fusion. 
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Phosphorylation of the Complexin C-terminus alters function 

One characteristic of the amphipathic helix is the grouping of hydrophobic and polar 

residues on opposite sides to create a hydrophobic face that interacts with lipid surfaces and an 

hydrophilic aqueous face that remains exposed to the cytosol where it can interact with other 

proteins and regulatory molecules (Giménez-Andrés et al., 2018). Similar to the Cpx C-terminus, 

amphipathic lipid packing sensor (ALPS) motifs share these amphipathic properties in which they 

can selectively bind to highly-curved membranes and are found in other membrane-interacting 

proteins involved in vesicular trafficking pathways (Antonny, 2011; Bigay et al., 2005; Doucet et 

al., 2015; Mesmin et al., 2007; Vanni et al., 2013). Interestingly, ALPS motifs can be regulated by 

phosphorylation, leading to changes in their membrane binding or protein interactions (Cabrera et 

al., 2010; Karanasios et al., 2010), suggesting the amphipathic helix of Cpx may share similar 

biochemical properties and be subject to phosphorylation that modify its membrane interactions.  

Several studies of mammalian and invertebrate Cpxs indicate phosphorylation occurs at 

the Cpx C-terminal domain. Mammalian Cpx1 and 2 (non-CAAX) can be phosphorylated at C-

terminal domain residue S115 by protein kinase CK2 (CK2), leading to higher affinities to native 

and recombinant SNARE complexes (Shata et al., 2007), while sequence analysis of Cpx3 and 4 

(CAAX Cpx) suggests additional potential CK2 phosphorylation sites (Reim et al., 2005). 

Interestingly, the phospho-competent S115 residue of Cpx1 and 2 sits at the beginning of the 

amphipathic region and mutations to this site in vitro impair the fusogenic function of the C-

terminus (Malsam et al., 2009). In Drosophila, protein kinase A (PKA) phosphorylates 

amphipathic helix residue S126 of the non-CAAX Cpx7B protein in vitro. At the NMJ, activity-

dependent phosphorylation of S126, induced by a high-frequency stimulation, can selectively and 

transiently enhance spontaneous release (Figure 3) (Cho et al., 2015). Furthermore, this enhanced 

spontaneous release is required for activity-dependent synaptic growth at the NMJ. Mutation of 

the S126 site to a phospho-mimetic S126D residue (containing a negative charge that mimics the 

charge of phosphorylated amino acids)  severely impairs Cpx7B inhibitory function and abolishes 

activity-dependent plasticity (Cho et al., 2015). These findings demonstrate that phosphorylation 

of the Cpx C-terminus can regulate Cpx-mediated fusion. These data also support a role for 

spontaneous neurotransmitter release in functional and structural synaptic plasticity. However, it 

is still unknown if the predominant Drosophila Cpx7A splice isoform containing the CAAX motif 

is similarly regulated by phosphorylation, or if Cpx7A plays a role in synaptic plasticity at NMJs. 
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1.5 RNA editing as a genetic mechanism for protein diversity  

 In addition to alternative splicing of exon 7, Drosophila Cpx is subject to RNA editing by 

ADAR (adenosine deaminase acting on RNA), the major RNA editing enzyme in mammals and 

the only known RNA editing enzyme in Drosophila (Palladino et al., 2000b). Pre-mRNA editing 

by ADAR provides an evolutionarily-conserved post-transcriptional mechanism to increase 

protein diversity by modifying specific nucleotides of both coding and noncoding RNA sequences 

(Bhalla et al., 2004; Jepson & Reenan, 2008). These RNA edited sequences have functional 

implications for the cell by affecting RNA sequence and structure which can create or eliminate 

splicing sites, modify protein sequences, or alter mRNA stability and localization, as well as 

altering other RNA-mediated processes (Bhalla et al., 2004; Buhl et al., 2013; Deng et al., 2020; 

Hanrahan et al., 1999; Hoopengardner et al., 2003; Nishikura, 2010; Palladino et al., 2000a, 2000b; 

Rueter et al., 1999).  

 ADAR catalyzes the deamination of an adenosine-to-inosine (A-to-I) by binding to an 

imperfect double-stranded RNA structure formed between the pre-mRNA region containing the 

editing site (the adenosine of interest) and the editing site complementary sequence (ECS) that is 

frequently found in a downstream intronic region (Higuchi et al., 1993; Nishikura, 2010). The 

inosine modification is then interpreted as a guanosine during translation, which can result in 

altered protein sequences. In the case of Cpx, RNA editing occurs in exon 7A. As Cpx7B lacks 

this exon, only the Cpx7A splice isoform is subject to RNA editing. Cpx7A editing occurs at three 

base positions in the amphipathic region of the C-terminus, creating coding changes at two amino 

acid residues: I125 and N130 (Buhl et al., 2013; Hoopengardner et al., 2003). Single base editing 

at I125 converts this residue to a methionine (M), while combinatorial editing at two bases of N130 

can create a serine (S), aspartate (D), or glycine (G) change (Buhl et al., 2013; Sapiro et al., 2019). 

Notably, N130 editing produces a phospho-competent (N130S) and phospho-mimetic (N130D) 

edit variant of Cpx7A, providing a potential regulatory site for Cpx7A function that may fine-tune 

presynaptic output.  

 

Regulated RNA editing contributes to neuronal health 

 Most known ADAR targets in vertebrates and invertebrates are predominantly expressed 

in the nervous system where ADAR editing activity is predicted to alter neuronal structure and 

function, though ADAR activity is also detected in other non-neuronal tissues (Maldonado et al., 
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2013; Paul & Bass, 1998; Paupard et al., 1999). The first characterization of A-to-I editing in 

mRNA was discovered in mouse transcripts encoding the ionotropic glutamate receptor subunit 

GluR-B. Editing of a key amino acid located within the channel pore-loop domain of the GluR-B 

subunit from glutamine (Q) to arginine (R) alters protein function so that a channel incorporating 

this edited subunit becomes impermeable to calcium (Higuchi et al., 1993; Sommer et al., 1991). 

This change in calcium permeability is important for proper neuronal development, as developing 

cells require calcium signaling to grow and strengthen synapses, but after this developmental 

window, prolonged calcium permeability can become neurotoxic to the cell (Brusa et al., 1995; 

Konur & Ghosh, 2005; Seeburg et al., 1998; Verkhratsky, 2007). Another editing site within GluR 

subunits alters arginine (R) to glycine (G) which affects the desensitization recovery rate of GluR 

channels (Lomeli et al., 1994). In addition to GluR subunits, vertebrate and invertebrate RNA 

editing has been observed in other synaptic proteins involved in neurotransmission including 

mammalian serotonin receptors (Burns et al., 1997; Niswender et al., 1999), Drosophila voltage-

gated sodium (Para), calcium (Cac), and potassium (Shab) ion channels, and proteins like Syt1, 

Unc-13, Tomosyn (Tom), and Cpx7A (Buhl et al., 2013; Hanrahan et al., 1999, 2000; 

Hoopengardner et al., 2003; Ingleby et al., 2009; Palladino et al., 2000b; Sapiro et al., 2019; Smith 

et al., 1998).  

 ADARs themselves are also targets of regulated auto-editing across multiple model 

systems. ADAR auto-editing can be modulated by internal spatial (brain region and cell type) and 

temporal (development, cellular activity, or circadian periods) factors, in addition to regulation by 

environmental stimuli like temperature (Ansell et al., 2021; Duan et al., 2017; Keegan et al., 2005; 

Licht & Jantsch, 2016; Palladino et al., 2000a; Rieder et al., 2015; Sanjana et al., 2012). Notably, 

Drosophila ADAR auto-editing occurs at a site near its catalytic pocket which makes the edited 

form of ADAR less active and may serve as a negative feedback loop in some neuronal processes 

(Keegan et al., 2005; Savva et al., 2012). Overall, auto-regulatory RNA editing may alter ADAR 

activity, providing an avenue for temporal and spatial regulation of editing activity within cells 

and may contribute to environmental adaptation.  

 Although the functional consequence of ADAR-mediated RNA editing of the Cpx7A C-

terminus is unknown, disrupted editing in both mammalian and invertebrate model systems can 

have detrimental effects (Brusa et al., 1995; Palladino et al., 2000b; Tonkin et al., 2002). 

Inactivation of mammalian ADAR1 is embryonic lethal due to widespread apoptosis (Hartner et 
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al., 2004; Q. Wang et al., 2000, 2004), while loss of ADAR2 in mice results in epileptic seizures 

and premature death, largely due to excessive calcium influx from unedited GluR subunits (Brusa 

et al., 1995; Higuchi et al., 2000). However, Adar2 knockout mice can be functionally rescued by 

expressing a constitutively-edited form of the GluR-B subunit (calcium-impermeable R variant) 

(Higuchi et al., 2000). Under-editing of this same Q/R site in humans has been implicated in motor 

neuron death observed in sporadic amyotrophic lateral sclerosis (ALS) patients (Kawahara et al., 

2004) and is a possible contributor to aggressive tumor cell growth (Ishiuchi et al., 2002; Maas et 

al., 2001).  

 In Drosophila, Adar null mutants are viable but display seizure-like tremors, uncoordinated 

movements, temperature-sensitive paralysis, lack of courtship behaviors, and age-dependent 

neurodegeneration (Palladino et al., 2000b). As ADAR is a target of auto-editing near its catalytic 

site, expression of only the unedited isoform of Drosophila ADAR in Adar null embryos is lethal 

due to excessive ADAR-mediated editing activity (Keegan et al., 2005). These neurological and 

behavioral phenotypes are consistent with a role for ADAR in modifying nervous system function 

by editing known synaptic targets, like the ion channels Para and Cac. As such, both mammalian 

and Drosophila models of fragile X syndrome (FXS), the most common form of heritable 

intellectual disability, have altered levels of ADAR-mediated editing of synaptic proteins which 

may contribute to FXS pathogenesis (Bhogal et al., 2011; Filippini et al., 2017), suggesting proper 

modulation of ADAR activity is critical for synaptic function. 

 At the synaptic level, analysis of Drosophila Adar mutants indicates loss of ADAR 

increases quantal size (amplitude of mini events) and reduces quantal content (fewer vesicles 

released per action potential, calculated as the evoked amplitude divided by mini amplitude), but 

does not alter mini frequency. Furthermore, Adar mutants display an increase in synaptic growth, 

abnormal synaptic ultrastructure, and altered calcium-dependence of SV release (Bhogal et al., 

2011; Maldonado et al., 2013). Since the calcium-binding Syt1 C2B domain is a predicted target 

of RNA editing, it is possible that Syt1 edit variants, or similarly edited neurotransmission 

regulators like Cpx7A, may modulate calcium-dependent SV release properties (Hoopengardner 

et al., 2003; Maldonado et al., 2013). Similarly, study of the mammalian calcium-dependent 

activator protein for secretion 1 (CAPS1), which facilitates docking and priming of SVs and dense 

core vesicles, demonstrates that maintenance of the CAPS1 unedited versus edited isoform ratio 
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is important for SV organization, recycling, and release (Ulbricht et al., 2017), supporting a role 

for RNA editing in regulating neurotransmission.  

  While different RNA editing targets exist between mammalian and Drosophila synapses, 

the editing function of ADAR is evolutionarily-conserved. Expression of human ADAR2 in 

Drosophila Adar nulls can restore RNA editing of transcripts in these animals and rescue 

associated locomotion defects and age-dependent neurodegeneration (Keegan et al., 2011). This 

suggests that proper modulation of ADAR editing activity is important for establishing neuronal 

properties across multiple model systems, whereas altered editing patterns can have deleterious 

effects.  

 Taken together, ADAR-mediated RNA editing provides an evolutionarily-conserved 

mechanism to create synaptic protein diversity that is important for development and maintenance 

of neurotransmission properties across a range of neural systems. This RNA editing process can 

be regulated by cellular activity, environmental stimuli, and by ADAR auto-editing, providing a 

mechanism by which RNA editing can control neurotransmission and synaptic plasticity. Chapter 

2 will discuss insights regarding how ADAR-mediated protein diversity of Cpx7A contributes to 

neurotransmission regulation at Drosophila NMJs. 
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Figures 
 
Figure 1. Cpx is enriched at presynaptic terminals of Drosophila larval NMJs, where it 

regulates neurotransmission and synaptic growth. (A) Representative evoked response in 2.0 

mM external calcium saline. (B) Quantification of evoked response amplitude shows the role of 

Cpx is facilitating calcium-dependent fusion. (C) Cpx null animals show increased spontaneous 

fusion events at muscle 6 NMJs. (D) Loss of Cpx leads to a significant difference in spontaneous 

release rate, demonstrating the Cpx “clamp” function. (E) Immunostaining of control and cpx null 

larvae with presynaptic active zone marker Bruchpilot (Brp, nc82, magenta) and neuronal 

membrane marker horseradish peroxidase (HRP) in green. Cpx null animals show increased 

synaptic growth, quantified as an increase in active zone number (F). Adapted from Buhl et al., 

2013 and Huntwork & Littleton, 2007. 

 
Figure 2. Functional differences between Drosophila Cpx7A and Cpx7B splice variants. (A) 

Log-scale quantitative RT-PCR results demonstrating that the Cpx7A transcript is predominantly 

expressed over the Cpx7B transcript in adult flies and 3rd instar larvae. (B) Spontaneous fusion 

analysis of Cpx variants on a semi-logarithmic plot and (C) evoked amplitude analysis in 0.2 mM 

external calcium saline. Abbreviations: Dm – Drosophila melanogaster, m – mammalian (mouse). 

Rescue of cpx null animals with Cpx proteins containing a prenylation motif (DmCpx7A and 

mCpxIV) are better at “clamping” spontaneous SV fusion, while Cpx proteins lacking this motif 

(DmCpx7B and mCpxI) are better facilitators of evoked release. (D) Model of the differential 

effects of Cpx7A and Cpx7B on SV fusion. Top-down view of a single SV fusing shows SNARE 

complexes (orange) arranged in circular manner. Cpx (purple) is denoted with a black line to 

represent Cpx7A prenylation. This prenylation of Cpx7A may increase its local concentration at 

fusion sites, allowing for Cpx7A to efficiently bind SNARE complexes and clamp fusion. Cpx7B 

lacks the prenylation motif and has reduced membrane-tethering capabilities which may lower 

Cpx7B local concentration at fusion sites, thus making it less effective at clamping. Adapted from 

Buhl et al., 2013. 

 

Figure 3. Phosphorylation of Cpx7B regulates synaptic plasticity. Model of proposed 

retrograde Synaptotagmin 4 (Syt4)-dependent signaling pathway that is activated by strong 

stimulation. Postsynaptic calcium elevation following stimulation drives release of a retrograde 
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signal that activates the presynaptic PKA pathway. PKA is hypothesized to phosphorylate Cpx7B, 

altering its clamping properties. In addition, PKA may phosphorylate additional targets to facilitate 

structural growth. Adapted from Cho et al., 2015. 
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2.1 Introduction 

Neuronal communication is initiated by Ca2+-evoked fusion of synaptic vesicles (SVs) in 

response to action potentials (Katz and Miledi, 1967). Single SVs can also fuse spontaneously to 

generate events known as “minis”. The SNARE-binding protein Complexin (Cpx) and the Ca2+ 

sensor Synaptotagmin 1 (Syt1) play key roles in determining whether SVs fuse spontaneously or 

through the evoked pathway (Quiñones-Frías and Littleton, 2021; Sauvola and Littleton, 2021; 

Rizo, 2022). In particular, Cpx arrests zippering of the SNARE complex fusion machinery at the 

SV/plasma membrane interface to maintain SVs in a fusion-ready state and allow Ca2+-bound Syt1 

to rapidly trigger release (Jorquera et al., 2012; Bykhovskaia et al., 2013; Malsam et al., 2020; 

Bera et al., 2022). Invertebrate Cpxs also act as “fusion clamps” to reduce spontaneous release in 

the absence of Ca2+ (Huntwork and Littleton, 2007; Hobson et al., 2011; Martin et al., 2011; Cho 

et al., 2014). Indeed, alterations in spontaneous release rate through changes in Cpx activity can 

regulate structural and functional synaptic plasticity (Huntwork and Littleton, 2007; Choi et al., 

2014; Cho et al., 2015; Mahoney et al., 2016; Robinson et al., 2018; Banerjee et al., 2021; Astacio 

et al., 2022). The Cpx C-terminus has emerged as a key site for such regulatory control, as it 

encodes a conserved amphipathic helix that functions as a membrane curvature sensor to localize 

Cpx to SVs and concentrate its activity at release sites (Lottermoser and Dittman, 2023). 

In Drosophila, a single cpx gene produces two isoforms with different C-termini due to 

alternative splicing of exon 7 (Buhl et al., 2013). The Cpx7A isoform has a conserved membrane-

tethering prenylation CAAX box, while Cpx7B lacks this motif (Cho et al., 2010). Prior studies 

demonstrated Cpx7B is regulated by PKA phosphorylation of a C-terminal serine (S126) within 

this alternatively spliced region. PKA phosphorylation of Cpx7B reduces its clamping function at 

neuromuscular junctions (NMJs), leading to elevated spontaneous release that triggers activity-

induced structural plasticity (Cho et al. 2015). The Cpx7A isoform lacks this serine and instead 

undergoes RNA editing by ADAR (adenosine deaminase acting on RNA) to generate multiple 

Cpx7A proteins with unique C-terminal sequences. A-to-I editing recodes pre-spliced mRNAs by 

deaminating target adenosines in double-stranded RNA structures induced from exon-intron 

complementary pairing, causing the resulting inosine base to be read as guanosine by the 

translation machinery (Nishikura, 2016). RNA editing of Cpx7A can change an asparagine (N130) 

to a glycine (N130G), aspartate (N130D), or serine (N130S) at a site near the phosphorylated S126 

residue in Cpx7B (Hoopengardner et al., 2003; Buhl et al., 2013). Given Cpx7A is expressed at 



59 
 

higher levels and is the dominant isoform in the Drosophila nervous system (Buhl et al., 2013), 

RNA editing at this site represents an attractive mechanism for regulating spontaneous release and 

structural plasticity across a larger population of neurons.  

Here we used CRISPR and transgenic rescue to assay the role of Cpx splicing and RNA 

editing in neurotransmitter release. Although Cpx7A is expressed at higher levels, the two isoforms 

are largely redundant in their ability to support baseline synaptic transmission. In addition, analysis 

of single-cell RNAseq data from individual motoneurons reveals multiple Cpx7A RNA editing 

variants can be simultaneously expressed, indicating RNA editing does not act in an “all-or-none” 

fashion as previously hypothesized. The most prominent edit variant (Cpx7AI125M,N130S) can be 

phosphorylated by casein kinase 2 (CK2). Transgenic rescue of cpx null mutants with 

Cpx7AI125M,N130S demonstrates RNA editing alters the protein’s subcellular localization and 

reduces its ability to clamp spontaneous SV fusion, leading to synaptic overgrowth. Rescue with 

both Cpx7AI125M,N130S and unedited Cpx7A indicates the N130S variant acts in a dominant fashion, 

consistent with a model where Cpxs engage multiple assembling SNARE complexes during SV 

fusion (Radhakrishnan et al., 2021). Such a mechanism would allow edited and unedited Cpx 

proteins to assert independent effects in a combinatorial fashion to control SV fusion dynamics. 

Together, these data indicate stochastic RNA editing of the Cpx7A C-terminus can set distinct 

spontaneous release rates in individual Drosophila neurons to control presynaptic output. 

 

2.2 Materials and Methods 

Drosophila stocks 

Flies were cultured on standard medium and maintained at 25 °C. Late 3rd instar larvae were used 

for imaging and electrophysiological experiments. Western blots were performed on adult brain 

extracts. Males were used for experiments unless otherwise noted. Experiments were performed 

in a w1118 (Bloomington Drosophila Stock Center #3605) genetic background unless otherwise 

noted.  

 

Transgenic constructs 

QuikChange Lightning (Agilent) was used for site-directed mutagenesis on unedited Cpx7A to 

generate specified Cpx edit variants that were subcloned into modified pValum construct, as 

previously described (Cho et al., 2015). The resulting constructs were injected into a yv;;attP 3rd 



60 
 

chromosome docking strain by BestGene Inc. (Chino Hills, CA, USA). UAS lines were 

recombined into the cpxSH1 null mutant background and elavC155-GAL4 (BDSC #8765) was used 

for pan-neuronal expression of transgenes. 

 

Generation of CRISPR-modified Cpx strains 

Two endogenous Cpx truncation lines were generated (cpxΔ7A and cpxΔ7B) using a CRISPR genome 

engineering approach. Four guide RNAs (gRNAs) flanking the splice acceptor site of exon 7A or 

7B were selected using the CRISPR Optimal Target Finder (Gratz et al., 2014). gRNAs were 

cloned into the pCFD5 expression vector (Addgene #73914) (Port and Bullock, 2016) and donor 

constructs were generated to encode a floxed P3>DsRed reporter cassette (Addgene #51434) in 

the reverse orientation flanked with one kb homology arms upstream and downstream of the splice 

acceptor site of either exon 7A or 7B by Gibson assembly protocol using NEBuilder HighFidelity 

DNA Assembly Cloning Kit  (E5520). An early stop codon was inserted between homology arms 

for each respective exon construct, with several amino acid coding sequences maintained to 

preserve proper exon splicing. gRNA binding sites of donor template were mutated using silent 

mutations that did not alter amino acid sequence. Template and gRNA plasmids were co-injected 

into vasa-Cas9 embryos (BDSC #56552) by BestGene Inc (Chino Hills, CA, USA) and Ds>Red 

positive transformants were selected by BestGene Inc (Chino Hills, CA, USA). The modified locus 

with stop codons inserted into exon 7A or 7B were confirmed by sequencing. 

 

Locomotion analysis 

Adult geotaxis was measured in adult male flies aged 2-3 days as previously described (Ali et al., 

2011). Briefly, eight cohorts of ten adult males (80 total flies) per genotype were separated after 

eclosion and allowed to recover from CO2 for 24 hours on standard fly medium. After 24 hours, 

each cohort was moved to a chamber made from two clear plastic vials taped together, with a line 

drawn around the lower vial 8 cm from the bottom. Each cohort was allowed to acclimate in the 

chamber for five minutes before assays began. Negative geotaxis was measured as percent of the 

cohort that crossed the 8 cm line within ten seconds after being tapped to the bottom of the 

chamber. Each cohort was subjected to ten rounds of negative geotaxis assay, with a one-minute 

rest period between each. The percent of flies that crossed the 8 cm line after each round was 

averaged to produce a pass rate per cohort.  
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Larval crawling was assayed in 3rd instar larvae of both sexes, as previously described 

(Nichols et al., 2012; Kashima et al., 2017). Larvae were briefly washed in room-temperature water 

before placing onto the center of a 5 cm petri dish containing 2% agarose, with five animals from 

a single genotype placed together (n = 10 larvae per genotype). The petri dish was placed over a 

grid and velocity was measured as average distance (in mm) traveled during the first 30 seconds 

following placement.  

 

Immunohistochemistry 

Larvae were dissected in hemolymph-like HL3.1 solution (in mM: 70 NaCl, 5 KCl, 4 MgCl2, 10 

NaHCO3, 5 trehalose, 115 sucrose, 5 HEPES, pH 7.18) and fixed in 4% paraformaldehyde for 18 

minutes. Larvae were washed three times for five minutes with PBST (PBS containing 0.1% Triton 

X-100), followed by a thirty-minute incubation in block solution (5% NGS in PBST). Fresh block 

solution and primary antibodies were then added. Samples were incubated overnight at 4°C and 

washed with two short washes and three extended 20 minutes washed in PBST. PBST was replaced 

with block solution and fluorophore-conjugated secondary antibodies were added. Samples were 

incubated at room temperature for two hours. Finally, larvae were rewashed with PBST and 

mounted in Vectashield (Vector Laboratories, Burlingame, CA). Antibodies used for this study 

include: mouse anti-Brp, 1:500 (NC82; Developmental Studies Hybridoma Bank (DSHB), Iowa 

City, IA)); rabbit anti-Cpx, 1:5000 (Huntwork and Littleton, 2007); goat anti-rabbit Alexa Fluor 

488, 1:500 (A-11008; ThermoFisher Scientific, Waltham, MA, USA); goat anti-mouse Alexa 

Fluor 546, 1:500 (A-11030; ThermoFisher); DyLight 649 conjugated anti-HRP, 1:500 (#123-605-

021; Jackson Immuno Research, West Grove, PA, USA).  

 

Confocal imaging and imaging data analysis 

Imaging was performed on a Zeiss Pascal confocal microscope (Carl Zeiss Microscopy, Jena, 

Germany) using a 63X 1.3 NA oil-immersion objective (Carl Zeiss Microscopy). Images were 

processed with the Zen (Zeiss) software. A 3D image stack was acquired for each NMJ imaged 

(muscle 4 Ib NMJ of abdominal segment A3) and merged into a single plane for 2D analysis using 

FIJI image analysis software (Schindelin et al., 2012). No more than two NMJs were analyzed per 

larva. Anti-HRP labeling was used to identify neuronal anatomy (axons and NMJs) and quantify 

synaptic bouton number and NMJ area. Brp puncta quantification was used to measure AZ 
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number. Muscle 4 area was used to normalize quantifications for muscle surface area. For Cpx 

fluorescence quantification, the HRP-positive area was used to outline NMJs and axons. Total Cpx 

fluorescent intensity was measured in the outlined area, with background fluorescence of mean 

pixel intensity of non-HRP areas subtracted. For NMJ/axon ratios, background subtracted mean 

NMJ Cpx fluorescence was compared to background subtracted mean axon Cpx fluorescence 

within the same image.  

 

Two-electrode voltage-clamp electrophysiology 

Postsynaptic currents were recorded from 3rd instar muscle 6 at segment A3 using two-electrode 

voltage clamp with a -80 mV holding potential. Experiments were performed in room temperature 

HL3.1 saline solution (in mM, 70 NaCl, 5 KCl, 10 NaHCO3, 4 MgCl2, 5 trehalose, 115 sucrose, 

5 HEPES, pH 7.2). Final [Ca2+] was adjusted to 2 mM unless otherwise noted. Motor axon bundles 

were cut and suctioned into a glass electrode and action potentials were stimulated at 0.5 Hz (unless 

indicated) using a programmable stimulator (Master8, AMPI; Jerusalem, Israel). Data acquisition 

and analysis was performed using Axoscope 10.0 and Clampfit 10.0 software (Molecular Devices, 

Sunnyvale, CA, USA) and inward currents were labeled on a reverse axis for clarity. 

 

Western blot analysis  

Western blotting of adult head lysates (three heads per sample with one head loaded per lane) was 

performed using standard laboratory procedures with mouse anti-Tubulin (T5168; Sigma) at 

1:10000 (UAS rescue experiments) or 1:1000000 (CRISPR experiments) and rabbit anti-Cpx at 

1:5000. IRDye 680LT-conjugated goat anti-mouse, 1:5000 (926–68020; LICOR) and IRDye 

800CW conjugated goat anti-rabbit, 1:5000 (926-32211; LICOR) were used as secondary 

antibodies. Blocking was performed in a solution containing four parts TBS (10 mM Tris Base pH 

7.5, 150 mM NaCl) to one part Blocking Buffer (Rockland) for one hour. Antibody incubations 

were performed in a solution containing four parts TBST (1X TBS with 1% Tween-20) to one part 

Blocking Buffer. A LI-COR Odyssey Imaging System (LI-COR Biosciences, Lincoln, MA, USA) 

was used for visualization and analysis was performed using FIJI image analysis software. Relative 

Cpx expression was calculated by normalizing to Tubulin intensity. 
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Purification of Complexin for in vitro phosphorylation assays  

QuikChange Lightning (Agilent) was used for site-directed mutagenesis of unedited Cpx7A to 

generate Cpx7AI125M,N130S (termed N130S). Recombinant Cpx fused with GST was expressed in 

E. coli (BL21) and purified using glutathione sepharose 4B (Fisher Scientific). Peak fractions were 

concentrated and further purified by gel filtration as previously described (Cho et al., 2015). In 

vitro kinase assays were performed using purified recombinant Cpx proteins and the catalytic 

subunit of CK2 (C70-10G, SignalChem). Briefly, 10 mg of purified GST-fusion protein (unedited 

CpxI125, N130 or edited CpxI125M,N130S) was used per reaction and incubated with 2,500 units of 

recombinant kinase and [32P]ATP (Perkin Elmer). Reaction products were separated by SDS-

PAGE and gels were stained with Bio-Safe Coomassie Blue (Bio-Rad), dried, and exposed to 

autoradiography film at room temperature. Mean integrated density of each band was quantified 

using FIJI and relative density of phospho-Cpx (pCpx) was calculated by normalizing to input 

band intensity determined by Coomassie staining.  

 

RNAseq analysis of RNA editing 

RNAseq data from 105 single MN1-Ib and 101 single MNISN-Is 3rd instar larval motoneurons 

obtained using isoform Patchseq protocols (Jetti et al., 2023) were analyzed using the Integrative 

Genomics Viewer (IGV) (Robinson et al., 2011). To create single-cell Cpx RNA editing 

expression profiles, single RNA reads were analyzed for Cpx and included in the analysis if all 

three C-terminal Cpx7A edited bases were represented on a continuous single read. The percent 

of each Cpx7A edit variant was determined by the number of edited variant reads divided by total 

RNA reads for each cell, creating an RNA editing profile for each neuron. To compare single base 

editing across different genes, the edit percent at each base of interest was analyzed and compared 

to known edits in other genes within the same neurons. Neurons were excluded if each base of 

interest did not contain ten or more reads for all edits of interest. 

 

Experimental design and statistical analysis 

Statistical analysis and plot generation was performed using GraphPad Prism (San Diego, CA, 

USA). Appropriate sample size was determined using a normality test. Statistical significance for 

comparisons of two groups was determined by a Student’s t-test. For comparisons of three or more 

groups of data, a one-way ANOVA followed by Tukey’s Multiple Comparisons test was used to 
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determine significance. For Figure 3B and 6B, cpxSH1 was excluded from one-way ANOVA as 

sample mean fell outside of normal data distribution due to the extreme elevation of mini frequency 

in the null background. For comparisons of two factors with three or more groups of data, as 

described in Figure 4A, G, a two-way ANOVA was used. The mean of each distribution is plotted 

in figures with individual datapoints also shown. Figure legends report mean ± SEM, and n. 

Asterisks indicate the following p-values: *, p˂0.05; **, p˂0.01; ***, p˂0.001; ****, p˂0.0001, 

with ns = not significant. For Figure 4C-D, a line of best-fit was generated with 95% confidence 

intervals displayed. 

 

Statistical comparison of western blot in Figure 2A: Control (2.058 ± 0.1262, n = 6 lanes with one 

adult head per lane); cpxΔ7A (0.2739 ± 0.04859, n = 6 lanes with one adult head per lane, p ˂  0.0001 

to control, p ˂ 0.0001 to cpxΔ7B, p = 0.4891 to cpxSH1); cpxΔ7B (1.843 ± 0.2206, n = 6 lanes with 

one adult head per lane, p = 0.6336 to control, p ˂ 0.0001 to cpxSH1); cpxSH1 (0.02579 ± 0.00759, 

n = 7 lanes with one adult head per lane, p ˂ 0.0001 to control). 

Statistical comparison of Cpx fluorescence in Figure 2C: Control (75.61 ± 8.392, n = 15 NMJs); 

cpxSH1 (0.843 ± 0.158, n = 15, p ˂ 0.0001 to control); cpxΔ7A (11.21 ± 1.776, n = 18, p ˂ 0.0001 to 

control, p ˂ 0.0001 to cpxΔ7B, p = 0.735 to cpxSH1); cpxΔ7B (87.48 ± 11.96, n = 16, p = 0.6648 to 

control, p ˂ 0.0001 to cpxSH1). 

Statistical comparisons of adult climbing behavior in Figure 2D: Control (50.38 ± 8.309% pass 

rate, n = 8 cohorts of ten flies); cpxΔ7A (0 ± 0% pass rate, n = 8 cohorts of ten flies, p ˂ 0.0001 to 

control); cpxΔ7B (79 ± 5.467% pass rate, n = 8 cohorts of ten flies, p = 0.0055 to control, p ˂ 0.0001 

to cpxΔ7A). 

Statistical comparison of larval crawling behavior in Figure 2E: Control (0.6667 ± 0.03333 

mm/sec, n = 10 larvae); cpxSH1 (0.03333 ± 0.01843 mm/sec, n = 10 larvae, p ˂ 0.0001 to control); 

cpxΔ7A (0.05 ± 0.02833 mm/sec, n = 10 larvae, p ˂ 0.0001 to control, p = 0.0066 to cpxΔ7B, p = 

0.9975 to cpxSH1); cpxΔ7B (0.3583 ± 0.05833 mm/sec, n = 10 larvae, p = 0.0066 to control, p = 

0.0039 to cpxSH1). 

Statistical comparison of AZ number in Figure 2F. Control (0.00449 ± 0.00021 AZ per µm2, n = 

15 NMJs); cpxSH1 (0.00739 ± 0.00029 AZ per µm2, n = 15 NMJs, p ˂ 0.0001 to control); cpxΔ7A 

(0.00522 ± 0.0003 AZ per µm2, n = 17 NMJs, p = 0.2782 to control, p ˃ 0.9999 to cpxΔ7B, p ˂ 
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0.0001 to cpxSH1); cpxΔ7B (0.00524 ± 0.00032 AZ per µm2, n = 16 NMJs, p = 0.2758 to control, p 

˂ 0.0001 to cpxSH1). 

Statistical comparison of bouton number in Figure 2G. Control (0.000377 ± 0.00002355 bouton 

per µm2, n = 15 NMJs); cpxSH1 (0.000648 ± 0.00005418 bouton per µm2, n = 15 NMJs, p ˂ 0.0001 

to control); cpxΔ7A (0.000439 ± 0.00002827 bouton per µm2, n = 17 NMJs, p = 0.6134 to control, 

p = 0.9935 to cpxΔ7B, p = 0.0007 to cpxSH1); cpxΔ7B (0.000426 ± 0.00003257 bouton per µm2, n = 

16 NMJs, p = 0.7769 to control, p = 0.0003 to cpxSH1). 

Statistical comparisons of mini frequency in Figure 3B: Control (1.646 ± 0.07273 Hz, n = 14 

NMJs); cpxSH1 (91.66 ± 2.704 Hz, n = 14 NMJs); cpxΔ7A (3.311 ± 0.2155 Hz, n = 14 NMJs, p < 

0.0001 to control); cpxΔ7B (1.431 ± 0.07724 Hz, n = 14 NMJs, p = 0.5208 to control, p < 0.0001 to 

cpxΔ7A). 

Statistical comparisons of evoked peak amplitude in Figure 3D: Control (232.7 ± 13.6 nA, n = 14 

NMJs); cpxSH1 (67.8 ± 9.1 nA, n = 14 NMJs, p ˂ 0.0001 to control); cpxΔ7A (125.5 ± 14.5 nA, n = 

15 NMJs, p ˂ 0.0001 to control, p = 0.0273 to cpxSH1); cpxΔ7B (175.8 ± 16.5 nA, n = 16 NMJs, p = 

0.0269 to control, p ˂ 0.0001 to cpxSH1, p = 0.0554 to cpxΔ7A). 

Statistical comparisons of evoked release charge area in Figure 3E: Control (2575.9 ± 129.0 

nA×ms, n = 14 NMJs); cpxSH1 (1088.95 ± 144.3 nA×ms, n = 14 NMJs, p ˂ 0.0001 to control); 

cpxΔ7A (1164.7 ± 132.5 nA×ms, n = 15 NMJs, p ˂ 0.0001 to control, p = 0.9860 to cpxSH1); cpxΔ7B 

(1986.8 ± 192.8 nA×ms, n = 16 NMJs, p = 0.0433 to control, p = 0.0007 to cpxSH1, p = 0.0017 to 

cpxΔ7A). 

Statistical comparisons of evoked half-width in Figure 3I: Control (10.4 ± 0.4 ms, n = 14 NMJs); 

cpxSH1 (12.6 ± 0.4 ms, n = 14 NMJs, p = 0.0001 to control); cpxΔ7A (8.7 ± 0.4 ms, n = 15 NMJs, p 

= 0.0069 to control, p ˂ 0.0001 to cpxSH1); cpxΔ7B (10.4 ± 0.3 ms, n = 16 NMJs, p = 0.9999 to 

control, p = 0.0001 to cpxSH1, p = 0.0040 to cpxΔ7A). 

Statistical comparisons of Cpx edit variant expression in Figure 4A: Unedited Ib (53.08 ± 2.496 

edit % per cell, n = 95 cells); unedited Is (52.75 ± 2.592 edits per cell, n = 86 cells); I125M Ib 

(31.73 ± 2.395 edit % per cell, n = 95 cells, p ˂ 0.0001 to unedited Ib); I125M Is (30.27 ± 2.408 

edit % cell, n = 86 cells, p ˂ 0.0001 to unedited Is); N130D Ib (0 ± 0 edit % per cell, n = 95 cells, 

p ˃ 0.9999 to N130S Ib, p = 0.9986 to N130S Is, p ˃ 0.9999 to N130G Ib, p ˃ 0.9999 to N130G 

Is, p ˃ 0.9999 to I125M, N130D Ib, p ˃ 0.9999 to I125M, N130D Is, p = 0.0001 to I125M, N130S 

Ib, p = 0.0002 to I125M, N130S Is, p = 0.8706 to I125M, N130G Ib, p = 0.7014 to I125M, N130G 
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Is); N130D Is (0.109 ± 0.109 edit % per cell, n = 86 cells, p ˃ 0.9999 to N130S Ib, p = 0.9994 to 

N130S Is, p ˃ 0.9999 to N130G Ib, p ˃ 0.9999 to N130G Is, p ˃ 0.9999 to I125M, N130D Ib, p ˃ 

0.9999 to I125M, N130D Is, p = 0.0003 to I125M, N130S Ib, p = 0.0004 to I125M, N130S Is, p = 

0.9134 to I125M, N130G Ib, p = 0.7729 to I125M, N130G Is); N130S Ib (1.470 ± 0.509 edit % 

per cell, n = 95 cells, p ˃ 0.9999 to N130G Ib, p ˃ 0.9999 to N130G Is, p ˃ 0.9999 to I125M, 

N130D Ib, p ˃ 0.9999 to I125M, N130D Is, p = 0.0035 to I125M, N130S Ib, p = 0.0046 to I125M, 

N130S Is, p = 0.999 to I125M, N130G Ib, p = 0.9873 to I125M, N130G Is); N130S Is (2.339 ± 

0.685 edit % per cell, n = 86 cells, p = 0.9997 to N130G Ib, p ˃ 0.9999 to N130G Is, p = 0.9995 

to I125M, N130D Ib, p = 0.9995 to I125M, N130D Is, p = 0.0276 to I125M, N130S Ib, p = 0.0324 

to I125M, N130S Is, p ˃ 0.9999 to I125M, N130G Ib, p = 0.9998 to I125M, N130G Is); N130G 

Ib (0.316 ± 0.139 edit % per cell, n = 95 cells, p ˃ 0.9999 to I125M, N130D Ib, p ˃ 0.9999 to 

I125M, N130D Is, p = 0.0002 to I125M, N130S Ib, p = 0.0004 to I125M, N130S Is, p = 0.9336 to 

I125M, N130G Ib, p = 0.8057 to I125M, N130G Is); N130G Is (0.464 ± 0.186 edit % per cell, n = 

86 cells, p ˃ 0.9999 to I125M, N130D Ib, p ˃ 0.9999 to I125M, N130D Is, p = 0.0006 to I125M, 

N130S Ib, p = 0.0008 to I125M, N130S Is, p = 0.963 to I125M, N130G Ib, p = 0.87 to I125M, 

N130G Is); I125M, N130D Ib (0.209 ± 0.117 edit % cell, n = 95 cells, p = 0.0002 to I125M, N130S 

Ib, p = 0.0003 to I125M, N130S Is, p = 0.9153 to I125M, N130G Ib, p = 0.7726 to I125M, N130G 

Is); I125M, N130D Is (0.152 ± 0.079 edit % per cell, n = 86 cells, p = 0.0003 to I125M, N130S 

Ib, p = 0.0004 to I125M, N130S Is, p = 0.9211 to I125M, N130G Ib, p = 0.7864 to I125M, N130G 

Is); I125M, N130S Ib (9.496 ± 1.490 edit % per cell, n = 95 cells, p = 0.1674 to I125M, N130G 

Ib, p = 0.3992 to I125M, N130G Is); I125M, N130S Is (9.574 ± 1.340 edit % per cell, n = 86 cells, 

p = 0.1831 to I125M, N130G Ib, p = 0.4163 to I125M, N130G Is); I125M, N130G Ib (3.691 ± 

1.100 edit % per cell, n = 95 cells); I125M, N130G Is (4.346 ± 0.834 edits per cell, n = 86 cells). 

p ˃ 0.9999 for all Ib to Is comparisons between same edit variant. p ˂ 0.0001 for all comparisons 

between different edit variants unless otherwise noted. 

Statistics for Cpx I125M Ib editing percent in Figure 4C: 44.91 ± 2.435 I125M editing % per cell, 

1.628 ADAR TPM ± 0.189 per cell, n = 95 cells. 

Statistics for Cpx I125M Is editing percent in Figure 4D: 44.55 ± 2.582 I125M editing % per cell, 

2.203 ± 0.217 per cell, n = 86 cells. 

Statistical comparisons of editing of various synaptic genes in Figure 4E: Syn N15D Ib (6.061 ± 

6.061 editing % per cell, n = 9 cells); Syn N15D Is (0.925 ± 0.680 editing % per cell, n = 11 cells, 
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p = 0.741 to Syn N15D Ib); Syn R19G Ib (0 ± 0 editing % per cell, n = 9 cells); Syn R19G Is (0 ± 

0 editing % per cell, n = 11 cells); Syn R20G Ib (34.57 ± 9.346 editing % per cell, n = 9 cells); 

Syn R20G Is (54.53 ± 11.56 editing % per cell, n = 11 cells, p = 0.610 to Syn R20G Ib); Cpx 

I125M Ib (40.67 ± 7.155 editing % per cell, n = 9 cells); Cpx I125M Is (39.64 ± 7.388 editing % 

per cell, n = 11 cells, p = 0.922 to Cpx I125M Ib); SyxIA M244V Ib (8.804 ± 3.799 editing % per 

cell, n = 9 cells); Syx1A M244V Is (5.418 ± 3.808 editing % per cell, n = 11 cells, p = 0.790 to 

Syx1A Ib). 

Statistical comparisons of phosphorylation assay in 4G: Unedited, CK2 present (0.216 ± 0.088, n 

= 4 lanes with one in vitro reaction per lane, p = 0.9554 to unedited CK2 absent, p = 0.0007 to 

I125M, N130S CK2 present, p = 0.9513 to I125M, N130S CK2 absent); unedited, CK2 absent 

(0.0327 ± 0.007, n = 4 lanes with one in vitro reaction per lane, p = 0.0003 to I125M, N130S CK2 

present, p ˃ 0.9999 to I125M, N130S CK2 absent); I125M, N130S, CK2 present (2.187 ± 0.502, 

n = 4 lanes with one in vitro reaction per lane, p = 0.0003 to I125M, N130S CK2 absent); I125M, 

N130S, CK2 absent (0.027 ± 0.004, n = 4 lanes with one in vitro reaction per lane). 

Statistical comparisons of western blot in Figure 5B: Control (0.1373 ± 0.0103, n = 6 lanes with 

one adult head per lane); cpxSH1 (0.02235 ± 0.0016, n = 6 lanes with one adult head per lane, p = 

0.5799 to control); Unedited (1.523 ± 0.0515, n = 6 lanes with one adult head per lane, p ˂ 0.0001 

to control, p ˂ 0.0001 to cpxSH1); I125M, N130S (1.434 ± 0.0755, n = 6 lanes with one adult head 

per lane, p ˂ 0.0001 to control, p ˂ 0.0001 to cpxSH1, p = 0.774 to unedited); I125M, N130D (1.557 

± 0.0805, n = 6 lanes with one adult head per lane, p ˂ 0.0001 to control, p ˂ 0.0001 to cpxSH1, p 

= 0.9914 to unedited, p = 0.5093 to I125M, N130S). 

Statistical comparisons of Cpx fluorescence in Figure 5D: Control (471.6 ± 43.64, n = 15 NMJs); 

cpxSH1 (13.74 ± 1.549, n = 14 NMJs, p = 0.6567 to control); Unedited (3221 ± 331.9, n = 13 NMJs, 

p ˂ 0.0001 to control, p ˂ 0.0001 to cpxSH1); I125M, N130S (4144 ± 381.1, n = 14 NMJs, p ˂ 

0.0001 to control, p ˂ 0.0001 to cpxSH1, p = 0.0754 to unedited); I125M, N130D (3369 ± 244.7, n 

= 12 NMJs, p ˂  0.0001 to control, p ˂  0.0001 to cpxSH1, p = 0.9942 to unedited, p = 0.204 to I125M, 

N130S). 

Statistical comparisons of Cpx NMJ/axon fluorescence ratio in Figure 5F: Control (3.599 ± 0.312, 

n = 13 NMJs); Unedited (4.686 ± 0.313, n = 10 NMJs, p = 0.0174 to control); I125M, N130S 

(1.159 ± 0.09367, n = 12 NMJs, p ˂ 0.0001 to control, p ˂ 0.0001 to unedited); I125M, N130D 
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(2.035 ± 0.1903, n = 10 NMJs, p = 0.0003 to control, p ˂ 0.0001 to unedited, p = 0.0821 to I125M, 

N130S). 

Statistical comparisons of AZ number in Figure 5G: Control (0.006005 ± 0.000478 AZ per µm2, 

n = 15 NMJs); cpxSH1 (0.01154 ± 0.000667 AZ per µm2, n = 14 NMJs, p ˂ 0.0001 to control); 

Unedited (0.009379 ± 0.000549 AZ per µm2, n = 13 NMJs, p = 0.0013 to control, p = 0.092 to 

cpxSH1); I125M, N130S (0.01067 ± 0.000566 AZ per µm2, n = 14 NMJs, p ˂ 0.0001 to control, p 

= 0.8301 to cpxSH1, p = 0.5533 to unedited); I125M, N130D (0.007566 ± 0.000735 AZ per µm2, n 

= 12 NMJs, p = 0.3658 to control, p = 0.0002 to cpxSH1, p = 0.2518 to unedited, p = 0.0058 to 

I125M, N130S). 

Statistical comparisons of bouton number in Figure 5H: Control (0.0005208 ± 0.00003491 bouton 

per µm2, n = 15 NMJs); cpxSH1 (0.001149 ± 0.00007811 bouton per µm2, n = 14 NMJs, p ˂ 0.0001 

to control); Unedited (0.0008424 ± 0.00003883 bouton per µm2, n = 13 NMJs, p = 0.0001 to 

control, p = 0.0004 to cpxSH1); I125M, N130S (0.000964 ± 0.00003329 bouton per µm2, n = 14 

NMJs, p ˂ 0.0001 to control, p = 0.0638 to cpxSH1, p = 0.4127 to unedited); I125M, N130D 

(0.0006363 ± 0.00004369 bouton per µm2, n = 12 NMJs, p = 0.4709 to control, p ˂ 0.0001 to 

cpxSH1, p = 0.0451 to unedited, p = 0.0002 to I125M, N130S). 

Statistical comparisons of mini frequency in Figure 6B: Control (3.78 ± 0.26 Hz, n = 17 

NMJs); cpxSH1 (102.25 ± 2.08 Hz, n = 15 NMJs); Unedited (12.67 ± 1.96 Hz, n = 16 NMJs, p = 

0.1121 to control); I125M, N130S (47.29 ± 5.07 Hz, n = 17 NMJs, p < 0.0001 to control, p < 

0.0001 to unedited); I125M, N130D (3.88 ± 0.41 Hz, n = 18 NMJs, p > 0.9999 to control, p = 

0.1107 to unedited, p < 0.0001 to I125M, N130S). 

Statistical comparisons of evoked peak amplitude in Figure 6D: Control (298.13 ± 19.37 nA, n = 

15 NMJs); cpxSH1 (96.40 ± 5.99 nA, n = 15 NMJs, p < 0.0001 to control); Unedited (172.36 ± 8.65 

nA, n = 14 NMJs, p < 0.0001 to control, p = 0.0009 to cpxSH1); I125M, N130S (212.23 ± 10.03 

nA, n = 16 NMJs p < 0.0001 to control, p < 0.0001 to cpxSH1, p = 0.1877 to unedited); I125M, 

N130D (221.05 ± 14.79 nA, n = 15 NMJs, p = 0.0005 to control, p < 0.0001 to cpxSH1, p = 0.0709 

to unedited, p = 0.9874 to I125M, N130S). 

Statistical comparisons of evoked release charge area in Figure 6E: Control (2364.36 ± 184.8002 

nA×ms, n = 15 NMJs); cpxSH1 (1264.597 ± 93.439 nA×ms, n = 15NMJs, p < 0.0001 to control); 

Unedited (1671.824 ± 127.3062 nA×ms, n = 14 NMJs, p = 0.0023 to control, p = 0.1687 to cpxSH1); 

I125M, N130S (1841.926 ± 84.402 nA×ms, n = 16 NMJs p = 0.0294 to control, p = 0.0121 to 
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cpxSH1, p = 0.8717 to unedited); I125M, N130D (1856.46 ± 113.832 nA×ms, n = 15 NMJs, p = 

0.0413 to control, p = 0.0111 to cpxSH1, p = 0.8421 to unedited, p > 0.9999 to I125M, N130S).  

Statistical comparisons of evoked half-width in Figure 6F: Control (7.2622 ± 0.231 ms, n = 15 

NMJs); cpxSH1 (10.257 ± 0.31576 ms, n = 15 NMJs, p < 0.0001 to control); Unedited (8.3626 ± 

0.3471 ms, n = 14 NMJs, p = 0.0505 to control, p < 0.0001 to cpxSH1); I125M, N130S (7.786 ± 

0.2070 ms, n = 16 NMJs p = 0.6449 to control, p < 0.0001 to cpxSH1, p = 0.5734 to unedited); 

I125M, N130D (7.8133 ± 0.2594 ms, n = 15 NMJs, p = 0.6136 to control, p < 0.0001 to cpxSH1, p 

= 0.6323 to unedited, p > 0.9999 to I125M, N130S).  

Statistical comparisons of mini frequency in Figure 6G: Unedited I125, N130 and N130S together 

(23.14 ± 4.51 Hz, n = 16 NMJs, p=0.0414 compared to unedited I125, N130 alone and p=0.0013 

compared to Cpx7AI125M,N130S. Student’s t-test two-tailed comparison to mini frequency data from 

unedited Cpx7A or Cpx7AI125M,N130S from 6B data above was used for this comparison. 

Statistical comparisons of evoked peak amplitude in Figure 6H: Unedited I125, N130 and N130S 

together (212.23 ± 10.03 nA, n = 16 NMJs, p=0.0425 compared to unedited I125, N130 alone and 

p=0.4775 compared to Cpx7AI125M,N130S. Student’s t-test two-tailed comparison to evoked 

amplitude data from unedited Cpx7A or Cpx7AI125M,N130S from 6D data above was used for this 

comparison. 

 

2.3 Results 

Alternative splicing and RNA editing of Drosophila complexin generate divergent C-terminal 

sequences within a conserved amphipathic helical domain  

 In contrast to four Cpx homologs in mammals, a single cpx gene is present in Drosophila. 

Drosophila cpx undergoes alternative splicing of exon 7 to generate two unique isoforms, Cpx7A 

and Cpx7B, that differ in their last ~20 amino acids (Figure 1A, B). Although the encoded exon 7 

sequences are not similar at the amino acid level, the C-terminus of both splice isoforms is 

predicted to encode a membrane-binding amphipathic helix (Figure 1B-D) that is conserved 

across invertebrate and vertebrate Cpx homologs (Lottermoser and Dittman, 2023). Cpx7A is the 

more abundant isoform and contains a C-terminal CAAX box that undergoes prenylation (Buhl et 

al., 2013), a post-translational lipid attachment that helps localize this variant and mammalian 

CPX3 and CPX4 within synapses (Reim et al., 2005; Cho et al., 2010; Robinson et al., 2018). The 

less abundant Cpx7B lacks this prenylation motif, similar to mammalian CPX1 and CPX2. We 



70 
 

previously demonstrated the Cpx7B C-terminal domain can be phosphorylated by PKA at residue 

S126 in an activity-dependent manner, leading to a reduction in its clamping function that enhances 

spontaneous SV release and synaptic growth (Cho et al., 2015).  

Given the regulatory role of Cpx7B phosphorylation, it is surprising the more abundant 

Cpx7A lacks this PKA phosphorylation site. Unlike Cpx7B, Cpx7A is subject to RNA editing via 

ADAR at three adenosine residues within the mRNA sequence of exon 7A (Hoopengardner et al., 

2003; Buhl et al., 2013). One edit site generates a isoleucine (I) to methionine (M) conserved 

substitution at amino acid 125 that is not predicted to alter protein function, but induces mRNA 

conformational changes in exon-intron base pairing that facilitates editing of the two downstream 

adenosine residues (Buhl et al., 2013). At this downstream site, the unedited AAT codon encodes 

an asparagine (N) at amino acid 130. Editing of both residues (AAT to GGT) produces a glycine 

(N130G), while editing of only the 1st base (AAT to GAT) generates an aspartic acid (N130D) and 

editing of the 2nd base (AAT to AGT) produces a serine (N130S) (Figure 1E). Given RNA editing 

can generate a potentially phospho-competent Cpx7AN130S, a phospho-mimetic Cpx7AN130D and a 

phospho-incompetent Cpx7AN130G, we assayed if RNA editing alters Cpx7A function. To begin 

this analysis, a structural comparison of Cpx7A and Cpx7B to their mammalian homologs was 

performed using AlphaFold (Jumper et al., 2021; Varadi et al., 2022). AlphaFold predictions 

indicate each Cpx homolog contains a conserved SNARE-binding central helix and a C-terminal 

helical domain (Figure 1C).  

Given the C-terminal amphipathic helix allows Cpx to detect membrane curvature and bind 

SVs (Snead et al., 2014, 2017, Wragg et al., 2015, 2017; Gong et al., 2016), helical wheel models 

were generated with HELIQUEST (Gautier et al., 2008) to examine hydrophilic and hydrophobic 

faces of the helix in relation to the Cpx7A N130 editing site and the Cpx7B S126 PKA 

phosphorylation site (Figure 1D). Both splice isoforms have phospho-competent serine and/or 

threonine residues in similar positions on the hydrophilic face, including the Cpx7B S126 residue. 

Human and mouse CPXs also contain phospho-competent residues on this hydrophilic surface 

(Figure 1D), suggesting phosphorylation of this region may represent a conserved mechanism for 

modulating Cpx activity. The I125M edit resides on the hydrophobic face and does not alter the 

hydrophobic nature of this region (Figure 1D, E). In contrast, the Cpx7A N130S edit adds another 

phospho-competent residue to precisely match the paired S/T residues where Cpx7B S126 resides 

(Figure 1E). The N130D edit adds another negative charge to the hydrophilic face, generating a 
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helix with a negative charge at nearly every other amino acid on this surface. The N130G edit 

inserts a glycine residue that exactly matches glycine residues found at the same site in human and 

mouse CPX3, consistent with a functional impact for this editing event as well. We conclude that 

RNA editing alters the hydrophilic face of the Cpx7A C-terminal amphipathic helix to generate 

variants that more closely resemble Cpx7B or mammalian CPXs, suggesting RNA editing may 

alter the properties of the helix or its potential for phosphorylation.   

 

Characterizing the functional significance of alternative splicing of Cpx exon 7 

The role of alternative splicing on endogenous Cpx function is unknown. In cpx null 

mutants that lack both isoforms (cpxSH1), spontaneous mini frequency is dramatically elevated 

(>50-fold), evoked release is decreased, and larval NMJ synaptic growth is enhanced (Huntwork 

and Littleton, 2007). Overexpression of either Cpx7A or Cpx7B in cpxSH1 partially rescues these 

phenotypes, with Cpx7A having more robust clamping properties and Cpx7B over-rescuing 

evoked release (Buhl et al., 2013). Although both variants support aspects of Cpx function when 

overexpressed, endogenous Cpx7A mRNA is 1000-fold more abundant than Cpx7B in Drosophila 

adults and larvae based on quantitative RT-PCR (Buhl et al., 2013). As such, Cpx7A is 

hypothesized to play a more critical role in synaptic transmission. To directly test the endogenous 

function of the two splicing isoforms, CRISPR mutants of 7A (cpxΔ7A) or 7B (cpxΔ7B) were 

generated by introducing an early stop codon at the beginning of exon 7A or 7B, respectively. 

Western analysis of adult head lysates with a Cpx antibody that recognizes both variants showed 

an 87% reduction in overall Cpx expression in cpxΔ7A (p˂0.0001) and a milder 10% reduction in 

cpxΔ7B (p=0.6336), consistent with Cpx7A being the predominant isoform (Figure 2A). 

Immunostaining for Cpx at 3rd instar larval NMJs showed a similar effect (Figure 2B, C), with a 

>85% reduction in Cpx at synapses in cpxΔ7A mutants (p˂0.0001) and no detectable decrease in 

cpxΔ7B mutants (p=0.6648). 

To assay the functional requirement for the two splice variants in vivo, adult and larval 

motor behavior were examined in cpxΔ7A and cpxΔ7B and compared to control and cpxSH1 null 

mutants. Complete loss of Cpx in cpxSH1 severely disrupts behavior and reduces viability, with the 

few escaper adults that emerge from the pupal case displaying a profound loss of motor control 

and an inability to walk in a coordinated manner. Loss of the predominant Cpx7A isoform also 

strongly disrupted motor behavior, though not as severely as cpxSH1. In contrast to cpxSH1 where 
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homozygous adults are rarely observed, cpxΔ7A could be maintained as a homozygous stock, 

indicating the remaining endogenous Cpx7B can improve viability and fertility compared to 

animals lacking both isoforms. However, in a negative geotaxis assay to quantify adult climbing 

behavior (Figure 2D), cpxΔ7A mutants showed a complete inability to climb. In contrast, cpxΔ7B 

adults were fully viable and did not display obvious motor defects. In addition, they were 

moderately hyperactive in climbing compared to controls (control: 50.4±8.3% pass rate, n=8 

cohorts of ten flies; cpxΔ7A: 0±0% pass rate, n=8 cohorts of ten flies, p˂0.0001 to control; cpxΔ7B: 

79±5.5% pass rate, n=8 cohorts of ten flies, p=0.0055 to control, p˂0.0001 to cpxΔ7A). To examine 

larval locomotion, crawling velocity of 3rd instar larvae was assayed in a petri chamber in cpxΔ7A 

and cpxΔ7B mutants (Figure 2E). Similar to the severe defects observed in cpxSH1, cpxΔ7A larvae 

displayed a dramatic reduction in crawling velocity (p˂0.0001). In contrast, cpxΔ7B mutants showed 

a mild decrease in velocity (p=0.0066). Together, these data indicate Cpx7A has a more prominent 

role in supporting larval and adult behavior.  

To examine synaptic morphology and neurotransmitter release in cpxΔ7A and cpxΔ7B 

mutants, the well-characterized 3rd instar larval glutamatergic NMJ preparation was used (Harris 

and Littleton, 2015). To assay NMJ morphology, synaptic bouton and active zone (AZ) number 

were quantified by immunostaining for neuronal membranes (anti-HRP) and the AZ protein 

Bruchpilot (Brp) (Figure 2B, F, G). In contrast to the large increase in bouton (72%) and AZ 

(65%) number in cpxSH1, synaptic growth was largely unaffected in cpxΔ7A and cpxΔ7B mutants. 

Despite the differences in overall levels of the two splice isoforms at NMJs (Figure 2B), cpxΔ7A 

mutants had similar NMJ morphology to cpxΔ7B. We conclude that Cpx7A and Cpx7B are 

functionally redundant in their ability to regulate synaptic growth, with Cpx7B having a more 

robust role than expected based on its lower expression level.  

To assay synaptic function, two-electrode voltage-clamp (TEVC) was used to measure 

evoked and spontaneous neurotransmitter release at 3rd instar larval muscle 6 in abdominal 

segment A3. In contrast to the dramatic increase in spontaneous release rates observed in cpxSH1 

(>55-fold compared to control), endogenously expressed Cpx7A or Cpx7B was able to 

substantially lower mini frequency (Figure 3A, B). The presence of only Cpx7A in the cpxΔ7B 

mutant returned spontaneous release rates to control levels (p=0.52). Residual Cpx7B in cpxΔ7A 

mutants was not able to fully clamp spontaneous fusion, displaying a 2-fold increase in mini 

frequency compared to controls (p˂0.0001). In contrast to spontaneous release, the presence of 
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only one of the two splice isoforms was not as effective in driving normal levels of evoked fusion 

(Figure 3C, D). A 71% reduction in the peak amplitude of the evoked excitatory junctional current 

(eEJC) was observed in cpxSH1 compared to control (p˂0.0001). Although less severe, cpxΔ7A 

displayed a 46% reduction (p˂0.0001) and cpxΔ7B a 25% reduction (p=0.0269) compared to 

control. These data indicate Cpx7A and Cpx7B are both required to recapitulate evoked responses 

observed in controls, though the higher levels of Cpx7A in cpxΔ7B mutants supports more evoked 

fusion than the lower levels of Cpx7B in cpxΔ7A. 

In addition to the total number of SVs that fuse during an action potential, Cpx also 

modulates SV release kinetics by promoting fast synchronous fusion and reducing the slower 

asynchronous pathway (Jorquera et al., 2012). While peak eEJC amplitude primarily captures 

synchronous release, assays for eEJC charge, half-width, and timecourse of cumulative release 

provide kinetic insights into both synchronous and asynchronous fusion. As such, these evoked 

response variables were compared across control, cpxΔ7A, cpxΔ7B and cpxSH1 NMJs (Figure 3E-I). 

Like eEJC amplitude, release kinetics in cpxΔ7B mutants were more similar to controls. Loss of 

Cpx7A in the cpxΔ7A line resulted in reduced charge transfer (Figure 3E) and a mild increase in 

asynchronous release (Figure 3F, G), though far less than the large amount of asynchronous fusion 

in cpx nulls. The onset of synchronous release was slightly enhanced in cpxΔ7A mutants (Figure 

3G, H), consistent with prior data showing overexpression of Cpx7B enhanced the speed of onset 

of evoked fusion (Jorquera et al., 2012). In summary, we conclude the endogenous levels of either 

Cpx isoform is sufficient to can clamp spontaneous SV fusion. The requirement for both isoforms 

to fully recapitulate control evoked responses indicate they have some shared and independent 

roles for Ca2+-dependent SV release. Given the severe behavioral defects observed in larvae and 

adults lacking Cpx7A, some neuronal subtypes are likely to be more highly reliant on this splice 

variant for supporting synaptic transmission, in contrast to motoneurons. 

 

Single-cell RNAseq reveals stochastic RNA editing of Cpx7A in larval motoneurons 

 Having analyzed functions for the two C-terminal splice isoforms of Cpx, we next 

examined the profile of RNA editing for the Cpx7A transcript in larval motoneurons. Larval 

abdominal muscles are innervated by several populations of motoneurons in Drosophila, including 

tonic Type Ib and phasic Type Is glutamatergic subclasses (Johansen et al., 1989; Hoang and 

Chiba, 2001; Aponte-Santiago and Littleton, 2020). Type Ib and Is motoneurons are the major 
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drivers of muscle contraction and display unique morphological and functional properties 

(Lnenicka and Keshishian, 2000; Aponte-Santiago et al., 2020; Wang et al., 2020b; Han et al., 

2022; Newman et al., 2022; Jetti et al., 2023). Given Ib and Is neurons have distinct presynaptic 

release output, we hypothesized RNA editing of Cpx7A could contribute to these differences if: 

(1) Cpx7A edit variants were differentially expressed between the two neuronal populations; and 

(2) editing of Cpx7A altered its function. To determine the abundance and diversity of Cpx7A edit 

variants (I125M, N130G, N130S, N130D), single-cell RNAseq datasets we previously generated 

from ~200 larval Ib and Is motoneurons were analyzed (Jetti et al., 2023). For these experiments, 

whole cell electrodes were used to collect cytosolic and nuclear content from individual Ib or Is 

neurons that expressed GFP via Gal4 drivers specific to each cell type (Aponte-Santiago et al., 

2020). High-resolution paired-end deep single-cell RNA sequencing was performed on RNA 

extracted from each individual motoneuron, generating ~4 million reads per cell and allowing 

identification of RNA editing diversity at single neuron resolution. Prior studies using mRNA 

obtained from pooled neuronal populations proposed RNA editing occurs in an “all or none” 

fashion at individual edit sites within a cell. For example, more than 99% of mammalian AMPA 

GluA2 receptor subunit transcripts undergo RNA editing at specific times during brain 

development (Sommer et al., 1991; Higuchi et al., 1993). Given our method provides individual 

neuron resolution of RNA editing, we could directly test the “all or none” model. Strikingly, 

individual larval motoneurons showed highly stochastic RNA editing of the three adenosine bases 

(position 375, 388 and 389) that can be edited in exon 7A. Editing rates for these adenosines ranged 

from 0 to 100% across the ~200 neurons, with 98% of Ib cells and 94% of Is cells showing some 

level of exon 7A editing (Figure 4A, B). For the upstream I125 edit site at adenosine 375, 3% of 

Ib and 1% of Is neurons fully edited all Cpx mRNA to I125M (adenosine 375 to inosine 375). The 

average I125M transcript level per neuron was 31.7±2.4% in Ib (n=95 cells) and 30.3±2.4% in Is 

(n=86 cells). For all Cpx7A mRNA edit variants, the average Ib motoneuron expressed 53% 

unedited Cpx, 32% CpxI125M, 0.0% CpxN130D, 1.5% CpxN130S, 0.3% CpxN130G, 0.2% CpxI125M,N130D, 

9.5% CpxI125M,N130S and 3.7% CpxI125M,N130G (Figure 4A, B). The average Is motoneuron 

expressed a similar ratio of edited Cpx7A transcripts (Figure 4A, B). As such, differential RNA 

editing of Cpx7A is unlikely to drive the distinct release properties of Ib and Is motoneurons, 

though stochastic editing of Cpx7A could contribute to individual neuron heterogeneity in 
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presynaptic output. We conclude that RNA editing of Cpx exon 7A is stochastic across individual 

edit sites and generates similar diversity of edited isoforms in Is and Ib motoneurons.  

Prior studies proposed RNA editing at adenosine 375 serves to enhance exon-intron base 

pairing within 7A to generate a more favorable double-stranded RNA structure for ADAR to edit 

downstream adenosines 388 and 389 that form the AAT codon (N130) (Buhl et al., 2013). 

Consistent with this model, RNAseq data from single motoneurons showed editing for both I125 

and N130 was far more common than single edits to N130 alone (Figure 4A). Ib neurons 

expressing CpxI125M,N130S mRNA were six-fold more abundant that those expressing CpxN130S 

alone (I125M, N130S: 9.5±1.5 edit % per cell; N130S: 1.47±0.51 edit % per cell, p=0.0035). A 

similar ratio was observed in Is neurons (Figure 4A, B). In the 56% of Ib cells expressing 

CpxI125M,N130S edited transcripts, an average of 17% of total cpx mRNA were of this variant, similar 

to the 16% of total cpx mRNA in the 59% of Is cells that expressed Cpx7AI125M,N130S. Rarely, 

CpxI125M,N130S represented the only Cpx mRNA detected within a neuron (Figure 4A). In contrast 

to the more abundant CpxI125M,N130S, only 6% of Ib neurons expressed CpxI125M,N130D and it 

represented just 3% of the total cpx mRNA in these cells. The CpxI125M,N130G variant, which 

requires A-to-I editing at all three adenosines, was observed in 40% of Ib neurons, representing 

9% of total cpx mRNA in cells in which it was expressed. Similar patterns were observed in Is 

neurons (Figure 4A, B). For the most abundant edit variant (CpxI125M), no correlation of editing 

percentage at this site and expression levels of adar mRNA in that cell was observed for Ib or Is 

motoneurons (Figure 4C, D). We conclude that CpxI125M,N130S is the highest expressed variant in 

larval motoneurons that alters the N130 residue on the amphipathic helix in Cpx7A.   

To determine if RNA editing of other synaptic target genes showed similar stochastic single 

neuron editing, additional mRNAs known to undergo RNA editing were examined in the single 

neuron RNAseq dataset. RNA editing percentages at three sites (N15D, R19G, R20G) within 

Synapsin (Syn) and one site (M244V) in Syntaxin 1A (Syx1A) were compared in the same 

motoneurons that edited Cpx7A to I125M (Figure 4E). Both Syn and Syx1A displayed stochastic 

editing rates that ranged from 0-100% across motoneurons. For example, Syn R20G editing was 

observed at an average of 55±11.6% (n=11 Is cells), while Syx1A M244V was edited in the same 

neurons at a rate of only 5.4±3.8% per cell (n=11 Is cells). Similar to CpxI125M, no significant 

difference in editing percent was found when comparing the same edit site between Ib and Is 

neurons (Figure 4E). We conclude ADAR-mediated RNA editing is not an all-or-none process in 
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individual Drosophila motoneurons, with stochastic editing at single adenosine base sites and 

across multiple mRNAs having the potential to generate unique synaptic proteomes within the 

same population of neurons.  

 

RNA editing of Cpx7A alters its subcellular localization and functional properties 

Given Cpx7AI125M,N130S is the most abundant editing variant on the hydrophilic face of the 

amphipathic C-terminal helix and resides near the Cpx7B S126 phosphorylation site, the functional 

significance of RNA editing to N130S or the potential phospho-mimetic version N130D was 

examined. Unlike Cpx7B, PKA did not phosphorylate unedited Cpx7A or Cpx7AI125M,N130S in in 

vitro phosphorylation assays (data not shown). As such, N130S might represent a target for 

different kinases or instead alter structural properties of the amphipathic helix independent of 

phosphorylation. Computational analysis of candidate phosphorylation motifs in Cpx7A predict a 

casein kinase 2 (CK2) consensus sequence of S/T E/D at the N130S site that is found in some CK2 

targets (Bulat et al., 2014). To determine if Cpx7AI125M,N130S can be phosphorylated by CK2, in 

vitro phosphorylation assays were performed. Indeed, Cpx7AI125M,N130S was phosphorylated by 

CK2 while unedited Cpx7AI125,N130 was not (Figure 4F, G), pinpointing N130S as a potential 

target for CK2 phosphorylation in vivo. Although it is unknown if CK2 phosphorylation alters 

Cpx7AI125M,N130S function, it provides a potential regulatory mechanism downstream of RNA 

editing.     

To examine if RNA editing alters Cpx function at synapses, transgenic UAS rescue lines 

expressing Cpx7AI125M,N130S, Cpx7AI125M,N130D or unedited Cpx7A were generated and expressed 

pan-neuronally using elavC155-Gal4 in the cpxSH1 null that lacks both Cpx7A and Cpx7B. All three 

Cpx7A transgenic proteins were overexpressed at similar levels when assayed by western analysis 

of adult brain lysates (Figure 5A, B) or anti-Cpx immunostaining at larval muscle 4 NMJs (Figure 

5C, D). Given N130S and N130D alter the hydrophilic face of the C-terminal amphipathic helix 

that facilitates SV membrane binding and Cpx localization (Figure 1E), Cpx subcellular 

distribution at the NMJ was assayed by immunostaining controls (elavC155;; cpxPE (precise 

excision control for cpxSH1)), cpx nulls (elavC155;; cpxSH1) and the three rescue strains: (1) elavC155;; 

cpxSH1, UAS-Cpx7AI125,N130; (2) elavC155;; cpxSH1, UAS-Cpx7AI125M,N130S; (3) elavC155;; cpxSH1, 

UAS-Cpx7AI125M,N130D. Endogenous Cpx accumulates along the periphery of presynaptic boutons 

(Figure 5E), co-localizing with other SV protein markers (Buhl et al., 2013). Lower Cpx levels 
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are found in non-synaptic regions of the axon, resulting in a 3.6-fold synaptic enrichment (Cpx 

synapse/axon fluorescence ratio) at control NMJs (Figure 5E, F). Expression of unedited Cpx7A 

in the null background resulted in a shift to more Cpx enrichment at synapses, significantly 

increasing the synapse/axon ratio to 4.7 (Figure 5E, F, p=0.0174). Expression of Cpx7AI125M,N130S 

or Cpx7AI125M,N130D in the null background had the opposite effect, with a greater fraction of Cpx 

in non-synaptic regions of the axon (Figure 5E, F). Cpx7AI125M,N130D was enriched 2-fold at 

synapses, decreasing ~44% compared to controls (p=0.0003) and ~57% compared to unedited 

Cpx7A (p˂0.0001). Cpx7AI125M,N130S had a more striking subcellular change, with a nearly one-

to-one ratio of its abundance at synapses and along axons (1.16±0.09, p˂0.0001 to control). Taken 

together, these data indicate the normal Cpx subcellular distribution in wildtype neurons likely 

represents a combinatorial expression of both unedited and edited Cpx proteins. Unedited Cpx7A 

is more strongly enriched at synapses, while the predominant splice variant altering the C-terminal 

amphipathic helix (Cpx7AI125M,N130S) distributes equally between axons and synapses.  

Given the observed changes to Cpx7A localization induced by RNA editing, structural and 

functional synaptic assays were performed in rescue lines. Quantification of synaptic bouton and 

AZ number revealed significant differences in the ability of different Cpx7A proteins to rescue 

synaptic overgrowth in cpxSH1 null larvae (Figure 5G, H). Cpx7AI125M,N130D fully rescued the 

increased number of AZs (p=0.25, Figure 5G) and boutons (p=0.47, Figure 5H), returning 

synaptic morphology to control levels. In contrast, Cpx7AI125M,N130S displayed the weakest rescue, 

with ~80% more AZs and boutons than controls (p˂0.0001), slightly less than the doubling of AZ 

and bouton number observed in cpxSH1 (Figure 5G, H). Expression of unedited Cpx7A in the null 

background resulted in a partial rescue of the morphological defects. Electrophysiological analysis 

of spontaneous fusion rates revealed a similar pattern of rescue as observed for synaptic growth 

(Figure 6A, B), consistent with enhanced mini frequency being the primary driver for synaptic 

over-proliferation in cpx mutants. Like the full rescue of synaptic overgrowth, Cpx7AI125M,N130D 

returned mini frequency to control levels (p=0.99). In contrast, Cpx7AI125M,N130S expression failed 

to properly clamp spontaneous release, similar to its inability to rescue synaptic overgrowth. 

Compared to the 102 Hz mini frequency at cpxSH1 null NMJs, Cpx7AI125M,N130S expression was 

able to reduce spontaneous fusion by only ~50% to 47 Hz. Rescue with unedited Cpx7A created a 

more effective fusion clamp, decreasing mini frequency to 13 Hz, although this rate was still ~3-

fold higher than controls or the Cpx7AI125M,N130D rescue. RNA editing of Cpx7A also impacted 
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evoked release, but the effects were less pronounced. Both unedited and edited Cpx7A rescue lines 

were able to improve eEJC amplitude and release kinetics over null mutants (Figure 6C-F). 

Similar to spontaneous release, Cpx7AI125M,N130D showed the strongest rescue for evoked release. 

We conclude that RNA editing of Cpx7A regulates the functional properties of the protein, with 

N130D and N130S displaying several opposing effects compared to unedited Cpx7A. The N130D 

edit improved Cpx’s ability to clamp spontaneous release while the N130S edit reduced the ability 

of the protein to act as a fusion clamp and failed to prevent synaptic overgrowth. Based on the 

distinct properties of N130S and N130D, it seems unlikely the primary effect of N130S would be 

downstream of phosphorylation, but instead reflect a change to the functional properties of the C-

terminal amphipathic helix. Alternatively, the N130D change does not act as a phospho-mimetic 

in the case of Cpx, but rather alters the C-terminal helix in a distinct manner.  

 RNAseq analysis of single neuron editing demonstrated most motoneurons express a 

combination of edited Cpx7A proteins (Figure 4A B), with Cpx7AI125M,N130S representing the most 

abundant edit to the N130 residue. To determine if co-expression of unedited Cpx7A with 

Cpx7AI125M,N130S, as would be observed in vivo, drives competition for interactions with the fusion 

machinery to regulate release, the two proteins were co-expressed in the cpxSH1 null background. 

If unedited Cpx7A restored mini frequency to baseline rates, RNA editing would likely have 

effects on synaptic transmission only when neurons predominantly express the edited Cpx protein. 

Alternatively, if co-expression of Cpx7AI125M,N130S increased mini frequency beyond unedited 

Cpx7A rescues alone, a combinatorial role for unique Cpx variants to modulate presynaptic output 

from a neuron would be more likely. Indeed, an intermediate effect on spontaneous fusion was 

observed when unedited Cpx7A and Cpx7AI125M,N130S were both expressed in cpxSH1. Co-

expression of the two proteins resulted in a spontaneous release rate of 23 Hz (Figure 6A, G), 

distinct from the 13 Hz in unedited Cpx7A (p=0.041) or 47 Hz in Cpx7AI125M,N130S (p=0.0013). 

Co-expression of unedited Cpx7A and Cpx7AI125M,N130S also displayed a larger evoked response 

than unedited Cpx7A alone (p=0.043) and similar to that observed in Cpx7AI125M,N130S (p=0.48), 

suggesting the N130S acts in a dominant fashion for promoting evoked release (Figure 6C, H). 

These data suggest co-expression of different Cpx variants can independently interface with the 

SV release machinery, consistent with stochastic RNA editing of Cpx acting as a mechanism for 

generating release heterogeneity across neurons. 
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2.4 Discussion 

Mechanisms that control SNARE complex assembly dynamics provide attractive sites for 

regulatory control of presynaptic neurotransmitter release. Several SNARE binding proteins act at 

multiple steps of the SV cycle to chaperone SNARE proteins and regulate their ability to zipper 

together to form the four-stranded alpha-helical bundle that drives fusion (Wickner and Rizo, 

2017; Brunger et al., 2019; Sauvola and Littleton, 2021). Cpx and Syt1 play key roles at a late 

stage of SNARE assembly to control whether SVs fuse through the evoked or spontaneous release 

pathway. The Cpx C-terminal amphipathic helix has emerged as an important site for regulatory 

control of the protein (Lottermoser and Dittman, 2023). In addition to acting as a membrane 

curvature sensor that can tether Cpx to SVs (Wragg et al., 2013; Snead et al., 2014, 2017; Gong et 

al., 2016; Grasso et al., 2023), the C-terminal domain can clamp fusion by blocking SNARE 

assembly (Makke et al., 2018), remodel membranes to regulate fusion pore dynamics (Courtney 

et al., 2022), directly stimulate SNARE-mediated assembly (Malsam et al., 2009; Seiler et al., 

2009) or compete with Syt1 for membrane binding (Liang et al., 2022). In addition, post-

translational modifications to this domain can alter Cpx function (Hill et al., 2006; Shata et al., 

2007; Malsam et al., 2009; Cho et al., 2015; Robinson et al., 2018; Bulgari et al., 2022), identifying 

presynaptic plasticity mechanisms that directly impinge on SNARE-mediated fusion.  

In the current study, we examined the functional consequences of alternative splicing or 

RNA editing of the C-terminus of Drosophila Cpx. Endogenous expression of either the Cpx7A 

or Cpx7B isoform was sufficient to prevent synaptic overgrowth and the dramatic elevation of 

spontaneous release rates observed in null mutants. Indeed, across all manipulations of Cpx 

splicing and RNA editing, large increases in mini frequency were always associated with over 

proliferation of synapses. These observations support the linkage between spontaneous fusion and 

retrograde signaling mechanisms that drive one form of activity-dependent synaptic growth at 

Drosophila NMJs (McCabe et al., 2003; Yoshihara et al., 2005; Huntwork and Littleton, 2007; 

Choi et al., 2014; Cho et al., 2015; Harris et al., 2016; Banerjee et al., 2021). Endogenously 

expressed Cpx7A or Cpx7B alone were not sufficient to fully recapitulate evoked release observed 

in controls, suggesting both are required in vivo. Given differences in expression level between 

Cpx7A and Cpx7B, it was surprising that endogenous Cpx7B could support Cpx function at larval 

NMJs. Loss of the predominant Cpx7A isoform in the cpxΔ7A splicing mutant reduced overall levels 

of Cpx by 87% in adult heads and by 85% at NMJs. In contrast, loss of Cpx7B in cpxΔ7B reduced 
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total Cpx levels by only 10% in adult heads and did not cause a detectable decrease at NMJs. We 

considered the possibility that a truncated Cpx might still be produced that lacked the 7A exon in 

cpxΔ7A mutants that supported some release on its own. However, western analysis showed that 

only traces of a truncated protein as a much fainter lower molecular weight band that was barely 

detectable in cpxΔ7A, dramatically less than the already reduced levels of Cpx7B. This observation 

indicates loss of the C-terminal domain destabilizes Cpx and leads to its degradation, similar to 

observations with a truncating mutant with a stop codon in exon 6 (Buhl et al., 2013). 

Given Cpx7B clamped spontaneous fusion and promoted evoked release with only ~15% 

of the expression level of Cpx7A, the two splice variants likely have intrinsic differences in their 

activity. Like mammalian CPX1 and CPX2 that are present at most central nervous system (CNS) 

synapses, Cpx7B lacks the C-terminal CAAX motif, potentially endowing these non-prenylated 

Cpx proteins with greater mobility to interface with Syt1 and SNAREs and enhance release 

kinetics. Indeed, the onset of evoked release was slightly faster in larvae expressing only Cpx7B. 

While Cpx7B was able to reduce elevated mini frequency 28-fold compared to null mutants, it was 

only able to rescue ~50% of evoked amplitude, suggesting Cpx abundance is more important for 

promoting evoked release than clamping spontaneous fusion. The estimated requirements for 

zippering of 3 to 11 SNARE complexes in a radial assembly for a single SV to undergo action 

potential-triggered fusion (Hua and Scheller, 2001; Montecucco et al., 2005; Domanska et al., 

2009; Karatekin et al., 2010; Shi et al., 2012; Bao et al., 2018; McDargh et al., 2018; Rizo et al., 

2022) provides a candidate mechanism for Cpx expression to differentially impact the two release 

pathways. For spontaneous release, a smaller number of Cpx proteins could block enough SNARE 

zippering events to prevent reaching the minimum required for fusion. For rapid Ca2+-triggered 

release, excess Cpxs would be needed to bind more SNARE complexes in the radial assembly at 

the SV-plasma membrane interface to control Syt1 activity and SNARE zippering. In contrast to 

Cpx7B, elevated levels of Cpx7A and prenylation of its C-terminus could increase local 

concentration at release sites to provide more effective clamping and triggering activity. Given the 

more severe behavioral deficits in cpxΔ7A animals, we hypothesize some CNS synapses are more 

sensitive to loss of Cpx7A than motoneurons.  

We previously discovered that PKA phosphorylation of S126 in the Cpx7B C-terminus 

enhances spontaneous release and promotes structural and functional synaptic plasticity at larval 

NMJs (Cho et al., 2015). PKA phosphorylation of S126 also controls fusion pore dilation and 
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cargo release from Drosophila dense core vesicles (Bulgari et al., 2022), indicating changes to the 

C-terminal amphipathic domain of Cpx modulate its function in membrane fusion. Although 

Cpx7A lacks this PKA phosphorylation site, it undergoes RNA editing to generate up to eight 

unique C-terminal sequence variants (I125 with N130, S130, D130, or G130 and M125 with N130, 

S130, D130 or G130). Single-cell RNAseq revealed multiple Cpx7A editing variants are 

simultaneously expressed in Ib and Is motoneurons. As such, ADAR-mediated RNA editing does 

not act in an “all-or-none” fashion, but instead stochastically deaminates A-to-I residues with 

distinct efficiencies depending upon the local environment of its unspliced exon-intron double-

stranded mRNA substrate. Generally, unedited Cpx7A was the dominant form of Cpx in 

motoneurons, with editing variants represented at lower levels. However, in rare cases, a single 

edited variant was the only Cpx mRNA expressed in that neuron (Figure 4A). The amount of Cpx 

editing was not correlated with ADAR expression, similar to the dissociation of editing percentage 

and ADAR abundance in pooled RNAseq data from adult Drosophila neurons over a broader range 

of RNA editing targets (Sapiro et al., 2019). The percentage of Cpx editing variants were similarly 

expressed in the Ib and Is motoneuron subgroups. However, analysis of FACS-sorted neuronal 

populations from adult Drosophila brains revealed RNA editing of Cpx7A was even more robust 

and diverse in these neurons, with 22% of cpx mRNAs encoding N130S and 23% encoding N130G 

(Sapiro et al., 2019). As Drosophila ADAR itself is subject to developmentally-regulated auto-

editing that can change its enzymatic activity (Palladino et al., 2000), the frequency of Cpx editing 

might be modulated by intrinsic activity, allowing more dynamic changes to Cpx function within 

single neurons. 

To determine if Cpx7A edit variants within a single neuron alter presynaptic output, 

transgenic rescues were used to assay their function. The most prominent variant Cpx7AI125M,N130S 

displayed an altered synaptic distribution, with more of the protein observed in axons. It also failed 

to clamp spontaneous fusion, resulting in synaptic overgrowth. We found that Cpx7AI125M,N130S 

could be phosphorylated by CK2 in vitro. CK2 phosphorylates multiple synaptic proteins, 

including Syx1A (Foletti et al., 2000; Shi et al., 2021; Shekar et al., 2023), Syt1 (Bennett et al., 

1993) and mammalian CPX1 (Shata et al., 2007). Phosphorylation of the C-terminus of 

mammalian CPX1 by CK2 alters its SNARE-binding affinity (Shata et al., 2007), while mutation 

of the CK2 phosphorylation site (S115) prevents CPX1 from stimulating liposomal fusion 

(Malsam et al., 2009). In Drosophila, presynaptic CK2 has been demonstrated to control synaptic 
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stability by regulating Ankyrin2 function (Bulat et al., 2014). Although CK2 can phosphorylate 

Cpx7AI125M,N130S in vitro, it remains unclear if this is relevant to Cpx function in vivo. In particular, 

the putative phospho-mimetic variant Cpx7AI125M,N130D was able to fully clamp spontaneous 

release and support normal synaptic growth, outperforming even unedited Cpx. This was 

surprising given expression of a similarly phospho-mimetic Cpx7BS126D failed to clamp 

spontaneous fusion and occluded synaptic plasticity expression at larval NMJs (Cho et al., 2015). 

As such, Cpx7AI125M,N130S may instead alter the structure or binding properties of the amphipathic 

helix in unique ways to prevent normal interactions with SNAREs or other protein/lipid targets.  

Given stochastic expression of Cpx edited proteins within single motoneurons, and the 

previously described model with multiple SNARE complexes driving fusion, we assayed if co-

expression of Cpx7AI125M,N130S with unedited Cpx7A could independently contribute to 

presynaptic release output. Indeed, the N130S isoform acted in a partially dominant manner, 

preventing unedited Cpx7A from fully clamping spontaneous fusion, while supporting higher 

levels of evoked release. These data support a model where each Cpx variant may have access to 

assembling SNAREs, allowing them to fine-tune presynaptic output. The redistribution of Cpx 

edit variants within NMJs might also contribute to changes in their functional properties. Further 

studies will be required to determine how N130, N130S and N130D alter the structure and 

properties of the C-terminal amphipathic helix. However, disruptions of the amphipathic helix in 

C. elegans Cpx reduce inhibition of SV release (Wragg et al., 2013; Snead et al., 2014), further 

highlighting a key role for this domain. 

Beyond stochastic RNA editing of Cpx7A across single motoneurons, we observed 

heterogeneity in the percent of RNA editing for sites in both Synapsin and Syx1A. If similar rules 

apply for other editing sites in the genome, stochastic RNA editing across multiple mRNAs could 

generate unique synaptic proteomes within the same neuronal population and contribute to 

heterogenous properties of individual cells with similar transcriptomes. Such a mechanism would 

be a robust way to alter multiple features of neuronal function, given ADAR editing alters the 

function of proteins that contribute to both synaptic function and membrane excitability 

(Hoopengardner et al., 2003; Barlati and Barbon, 2005; Diegelmann et al., 2006; Maldonado et 

al., 2013; Li et al., 2014; Robinson et al., 2016; Kliuchnikova et al., 2020; Shumate et al., 2021). 
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Figures 
 
Figure 1. Alternative splicing and RNA editing generate diversity in the conserved 

Complexin C-terminal amphipathic helix. (A) Diagram of the Drosophila cpx genomic locus 

with protein-coding exons indicated by black boxes and noncoding exons with gray. The ATG 

start codon is noted, together with the 7A (orange) and 7B (yellow) alternative splicing events. 

The location of CRISPR-generated cpx deletions removing 7A (cpxΔ7A) or 7B (cpxΔ7B) are also 

shown. (B) Alignment of Cpx C-termini from several species (Dm – Drosophila melanogaster, Hs 

– Homo sapiens, Mm – Mus musculus) highlights the two subfamilies that contain or lack a CAAX 

prenylation motif (orange). The amphipathic helix region is underlined, with asterisks denoting 

residues modified by RNA editing (I125, N130) in DmCpx7A or phosphorylation (S126) 

in DmCpx7B. (C) AlphaFold predictions of Cpx structure for homologs with and without the 

CAAX prenylation motif. The dashed line box denotes the SNARE-binding central helix and the 

solid line box highlights the C-terminal amphipathic helix. Cpx7A RNA editing sites and the 

Cpx7B phosphorylation site are denoted with *. AlphaFold per-residue confidence scores 

(pLDDT) are color-coded: blue=very high (pLDDT>90), cyan=confident (90>pLDDT>70), 

yellow=low (70>pLDDT>50), orange=very low (pLDDT<50). Cpx7B was generated using a 

simplified AlphaFold version without confidence scores and visualized with iCn3D (Wang et al., 

2020a). (D) HELIQUEST predictions of the Cpx C-terminal amphipathic helix show the conserved 

hydrophilic and hydrophobic faces, with amino acid properties noted in the legend on the right. 

Arrows indicate the Cpx7A edit sites and the Cpx7B phosphorylation site. (E) Amphipathic helix 

models for non-edited (left) and edited (right) Cpx7A proteins.  

 

Figure 2. Morphological and behavioral phenotypes in CRISPR-generated splicing mutants 

lacking Cpx exon 7A or 7B. (A) Quantification and representative western blot of Cpx levels 

from adult head extracts normalized to the loading control (anti-Tubulin) for the indicated 

genotypes (control (white), cpxΔ7A, cpxΔ7B, and cpxSH1). (B) Immunostaining of 3rd instar larval 

muscle 4 NMJs at segment A3 for the indicated genotypes with antibodies against Cpx (gray, upper 

panels), Brp (green) and anti-HRP (magenta) show the large decrease in total Cpx levels in cpxΔ7A 

mutants lacking the predominant Cpx7A isoform. Scale bar=10 µm. (C) Quantification of total 

Cpx fluorescence within the HRP-positive area at muscle 4 NMJs for the indicated genotypes. (D) 

Quantification of climbing rate in negative geotaxis assays for adult males of the indicated 
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genotypes demonstrates severe motor deficits in cpxΔ7A mutants compared to cpxΔ7B. Each point 

represents the average climbing rate for a cohort of 10 males. (E) Quantification of 3rd instar larval 

crawling velocity for the indicated genotypes. (F) Quantification of mean AZ number per muscle 

area at muscle 4 NMJs of the indicated genotypes. (G) Quantification of mean synaptic bouton 

number per muscle area at muscle 4 NMJs of the indicated genotypes. Data are shown as 

mean±SEM; *p˂0.05, **p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant.  

 

Figure 3. Electrophysiological analysis of synaptic function in mutants lacking Cpx7A or 

Cpx7B. (A) Representative postsynaptic current recordings of spontaneous release at muscle 6 

NMJs in control (blue), cpxSH1 (gray), cpxΔ7A (orange), or cpxΔ7B (yellow) 3rd instar larvae. This 

genotypic color scheme is maintained for all figure panels. (B) Quantification of average 

spontaneous release rate for the indicated genotypes. Note the y-axis gap between 10-60 Hz due 

to the extreme elevation of mini frequency in cpxSH1 null mutants, which was excluded from one-

way ANOVA comparison as its sample mean fell outside of a normal distribution. (C) Average 

traces of evoked EJC responses for the indicated genotypes. (D) Quantification of average eEJC 

amplitude for the indicated genotypes. (E) Quantification of average evoked release charge 

obtained by measuring total release over time following single action potentials. (F) Average 

normalized evoked responses for each genotype. (G) Average normalized responses plotted on a 

semi-logarithmic graph to display release components for each genotype. Note the large increase 

in the slower asynchronous release component in cpxSH1 null mutants (gray line). (H) Cumulative 

release normalized for the maximum response in 2.0 mM external Ca2+ for each genotype. Each 

trace was adjusted to a double exponential fit. (I) Average evoked EJC half-width change for each 

genotype. All recordings were performed in 2.0 mM external Ca2+ saline. Data are shown as 

mean±SEM; *p˂0.05, **p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant.  

 

Figure 4. Stochastic expression of Cpx7A RNA editing variants in single neurons. (A) 

Quantification of unedited and edited Cpx7A mRNAs from single Ib and Is motoneuron RNAseq 

datasets. Each point represents the number of edit variant reads as percent of total Cpx reads in an 

individual neuron. (B) Sorted single-cell RNA editing profiles for Cpx7A across the sampled 

population of Ib and Is motoneurons. Each neuron is displayed as a stacked bar with corresponding 

edit and unedited read percentages that total 100% of cpx mRNA for that cell. Cells 1-95 are Ib 
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motoneurons and cells 96-181 are Is motoneurons. Neurons are sorted by the largest unedited 

percent for both Ib and Is groups. (C) Comparison of ADAR transcripts per million (TPM) profile 

in Ib motoneuron with the corresponding percent of Cpx7A I125M RNA editing. (D) Comparison 

of ADAR transcripts per million (TPM) profile in Is motoneuron with the corresponding percent 

of Cpx7A I125M RNA editing. (E) Quantification of RNA editing percentage for known edit sites 

in genes encoding the synaptic proteins Synapsin (Syn) and Syntaxin 1A (Syx1A) in comparison 

to Cpx. Each point represents the percent of editing occurring at the base position of interest in 

one cell. All cells included for quantification (Ib=9 cells, Is=11 cells) contained at least ten reads 

at all base positions of interest (Syn N15, Syn R19, Syn R20, Cpx I125, and Syx1A M244). (F) 

Representative images of protein loading control (Coomassie blue, top panel) and CK2 

phosphorylation ([32P] incorporation on autoradiograph, bottom panel) for Cpx7A I125M, N130S 

(Cpx7AN130S) compared to unedited Cpx7A I125, N130 (Cpx7AN130) in in vitro phosphorylation 

assays. The absence (-) or presence (+) CK2 in labeling reactions is denoted. (G) Quantification 

of [32P] incorporation for the indicated Cpx proteins in in vitro CK2 phosphorylation assays. Data 

are shown as mean±SEM; *p˂0.05, **p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant.  

 

Figure 5. RNA editing of Cpx7A alters its ability to regulate synaptic growth. (A) 

Representative western blot from adult head extracts stained for Cpx or Tubulin (loading control) 

for the indicated genotypes (control (elavC155-GAL4, cpxPE), cpxSH1 (elavC155-GAL4, cpxSH1), 

unedited rescue (elavC155-GAL4, cpxSH1, UAS- Cpx7AI125,N130), I125M, N130S rescue (elavC155-

GAL4, cpxSH1, UAS- Cpx7AI125M,N130S) and I125M, N130D rescue (elavC155-GAL4, cpxSH1, UAS- 

Cpx7AI125M,N130D). (B) Quantification of Cpx protein levels normalized to Tubulin from western 

blots of the indicated genotypes. (C) Immunostaining of 3rd instar larval muscle 4 NMJs at segment 

A3 for the indicated genotypes with antibodies against Cpx (gray, upper panels), Brp (green) and 

anti-HRP (magenta). Scale bar=10 µm. (D) Quantification of total Cpx fluorescence within the 

HRP-positive area at muscle 4 NMJs for the indicated genotypes. (E) Representative staining of 

3rd instar muscle 4 NMJs and axons of the indicated genotypes from segment A3 with antibodies 

against Cpx (gray) and HRP (magenta). Cpx staining in axons is denoted with white arrows. The 

brightness of anti-Cpx staining was enhanced in controls to demonstrate the lower amounts of Cpx 

normally found in non-synaptic regions of the axon. Scale bar=10 µm. (F) Quantification of the 

Cpx NMJ/axon fluorescent ratio for the indicated genotypes. (G) Quantification of mean AZ 
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number per muscle area at muscle 4 NMJs of the indicated genotypes. (H) Quantification of mean 

synaptic bouton number per muscle area at muscle 4 NMJs of the indicated genotypes. Data are 

shown as mean±SEM; *p˂0.05, **p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant.  

 

Figure 6. RNA editing of Cpx7A alters its role in synaptic transmission. (A) Representative 

postsynaptic current recordings of spontaneous release at muscle 6 NMJs in control (blue, elavC155-

GAL4, cpxPE), cpxSH1 (gray, elavC155-GAL4, cpxSH1), unedited Cpx rescue (orange, elavC155-GAL4, 

cpxSH1, UAS-Cpx7AI125,N130), I125M, N130S rescue (yellow, elavC155-GAL4, cpxSH1, UAS-

Cpx7AI125M,N130S), I125M, N130D rescue (green, elavC155-GAL4, cpxSH1, UAS- Cpx7AI125M,N130D) 

and co-expression of unedited and I125M, N130S (purple, elavC155-GAL4, cpxSH1, UAS- 

Cpx7AI125M,N130S/cpxSH1, UAS-Cpx7AI125,N130). (B) Quantification of average spontaneous release 

rate for the indicated genotypes. (C) Average traces of evoked EJC responses for the indicated 

genotypes. (D) Quantification of average eEJC amplitude for the indicated genotypes. (E) 

Quantification of average evoked release charge obtained by measuring total release over time 

following single action potentials. (F) Average evoked EJC half-width change for each genotype. 

(G) Quantification of average spontaneous release rate for co-expression of Cpx7AN130/N130S rescue 

compared to Cpx7AN130 rescue and Cpx7AN130S rescue alone in cpxSH1 mutant background. (H) 

Quantification of average eEJC amplitude for co-expression of Cpx7AN130/N130S rescue compared 

to Cpx7AN130 rescue and Cpx7AN130S rescue alone in cpxSH1 mutant background. All recordings 

were performed in 2.0 mM external Ca2+ saline. Data are shown as mean±SEM; *p˂0.05, 

**p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant.  
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3.1 Major Conclusions 

 In this thesis, I characterized functional roles for alternative splicing and RNA editing of 

the Cpx C-terminus. Cpx is a key regulatory protein for SV fusion that arrests SNAREs in a 

partially-zippered state (Bera et al., 2022; Brady et al., 2021; Bykhovskaia et al., 2013). Loss of 

the protein disrupts neurotransmission, leading to changes in synchronous, asynchronous, and 

spontaneous release (Huntwork & Littleton, 2007; Jorquera et al., 2012; Reim et al., 2001; Yang 

et al., 2010). In Drosophila, a single cpx gene produces two isoforms with different C-termini due 

to alternative splicing of exon 7 (Buhl et al., 2013), in which the Cpx7A isoform contains a 

conserved membrane-tethering prenylation CAAX motif (like mammalian Cpx3 and 4), while 

Cpx7B lacks this motif (like mammalian Cpx1 and 2) (Cho et al., 2010). Previous studies 

demonstrated Cpx7B is regulated by PKA phosphorylation of S126 residing within its C-terminal 

amphipathic helix (Cho et al., 2015; Lottermoser & Dittman, 2023). PKA phosphorylation of 

Cpx7B reduces its clamping function at NMJs, leading to elevated spontaneous release that 

triggers activity-induced structural plasticity (Cho et al., 2015). Cpx7A lacks this serine and is 

instead subject to RNA editing by ADAR at adjacent adenosine residues in the amphipathic C-

terminal region to generate multiple Cpx7A proteins with unique C-terminal sequences: unedited 

N130, phospho-incompetent N130G, a phospho-mimetic N130D, or a potentially phospho-

competent N130S near the Cpx7B S126 site implicated in plasticity (Buhl et al., 2013; 

Hoopengardner et al., 2003). Given Cpx7A is expressed at much higher levels than Cpx7B and is 

the dominant isoform in the Drosophila nervous system (Buhl et al., 2013), RNA editing at the 

N130 residue represents an attractive mechanism for regulating spontaneous release and structural 

plasticity across a larger population of neurons. However, no functional role for Cpx7A editing at 

Drosophila NMJs has previously been described. 

Here I establish that splice isoforms Cpx7A and Cpx7B redundantly support synaptic 

transmission, with differential RNA editing of Cpx7A in single neurons altering Cpx7A clamping 

properties to fine-tune SV release and presynaptic output at NMJs. CRISPR gene-editing of 

Cpx7A and Cpx7B demonstrates striking expression level differences between the two isoforms 

in adult brains and larval NMJs, consistent with previous in situ hybridization and transcript 

expression data demonstrating Cpx7A is the predominant isoform (Buhl et al., 2013). However, 

despite a drastic difference in expression levels, we find both proteins are individually efficient at 

maintaining normal synaptic morphology and are largely functionally redundant at NMJs. 



101 
 

Expression of only the minor isoform Cpx7B (cpxΔ7A) demonstrates a mild disruption in clamping 

abilities from control, but can largely rescue the increased spontaneous fusion rate (~90 Hz) seen 

in cpx null animals. These animals also demonstrate a mild increase in asynchronous release and 

a 46% reduction of synchronous release compared to control. Interestingly, these mutants also 

increase the speed of the onset of evoked release, suggesting Cpx7B has a unique role in regulating 

speed of evoked release that may be due to greater mobility of this non-prenylated protein. 

Expression of only the predominant Cpx7A isoform (cpxΔ7B) demonstrates release kinetics that 

more closely resemble control with a mild 25% reduction in synchronous fusion, indicating both 

isoforms are required to support normal levels of evoked fusion. The higher Cpx expression found 

in cpxΔ7B mutants supports synchronous neurotransmission more than the reduced Cpx expression 

of cpxΔ7A mutants. These results are consistent with transgenic rescue data demonstrating Cpx7A 

is functionally better at clamping spontaneous release while Cpx7B is better at facilitating evoked 

fusion by enhancing the speed of evoked release, though both proteins largely rescue cpx null 

neurotransmission deficits (Buhl et al., 2013).  

Although neurotransmitter release at the NMJ is largely intact, cpxΔ7A mutants demonstrate 

severe behavioral abnormalities in both larvae and adults, indicating Cpx7A has a more prominent 

role in supporting behavior. It is possible that other cell types not assayed in this study, such as 

cells of the CNS, are more reliant on Cpx7A expression than motoneurons. Additionally, other 

synaptic processes, such as vesicle cycling and synaptic plasticity, may be altered in cpxΔ7A mutants 

leading to behavioral deficits. In cpx null animals, synaptic vesicle recycling and maintenance 

dynamics are altered, affecting the immediate releasable pool (IRP) and the ready releasable pool 

(RRP), which are comprised of docked SVs and mobilized SVs to prevent vesicle depletion at AZs 

during stimulation, respectively (Jorquera et al., 2012). Assessment of vesicle pool kinetics within 

these isoform mutants will be imperative in characterizing a differential role for Cpx7A in 

regulating behavior and provide potential insights into why loss of Cpx7A is tolerated better at the 

NMJ. Alternatively, other neuronal subtypes may be more reliant on the Cpx7A splice isoform to 

support normal levels of synaptic transmission required for behavior. Taken together, both proteins 

function similarly at NMJs to clamp spontaneous fusion and facilitate evoked events, despite 

drastic differences in expression. 

 Although Cpx7A and Cpx7B can support spontaneous and evoked fusion, it is possible that 

different regulatory mechanisms are in place to alter the ability of Cpx proteins to interact with 
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SNARE complexes and lipid membranes. As previously discussed, Cpx7B function is regulated 

by activity-dependent PKA phosphorylation of its amphipathic C-terminus (Cho et al., 2015). 

However, a similar regulation of Cpx7A function had not been defined. To characterize Cpx7A 

regulation, we used single-neuron isoform Patch-seq RNA profiling, phosphorylation assays, and 

transgenic rescue to evaluate different possible regulatory mechanisms of Cpx7A function to 

examine the significance of Cpx7A RNA editing. Through use of previously published Drosophila 

single motoneuron RNAseq data (Jetti et al., 2023), we observed that single larval Ib and Is 

motoneurons maintain multiple Cpx7A edit transcripts, suggesting ADAR activity is not “all-or-

none” in individual cells, but can instead vary the amount of editing per cell. Overall, Ib cells 

demonstrated an average editing transcript profile as follows: Unedited = 53%, I125M = 32%, 

N130D = 0.0%, N130S = 1.5%, N130G = 0.3%, I125M, N130D = 0.2%, I125M, N130S = 9.5%, 

I125M, N130G = 3.7%. Our results are generally consistent with editing values from previous 

individual cDNA sequencing (Buhl et al., 2013), supporting that I125M editing may make a 

potentially more stable or attractive substrate for ADAR to carry out editing at N130 sites, 

demonstrated by an increase in editing percent for all N130 variants in the presence of I125M 

editing. Additionally, a large percentage of unedited Cpx7A is maintained in cells with smaller 

amounts of edit variants N130S and N130G expressed, and notably, the N130D edit is rarely 

observed.  

Since N130D editing originates from AAT to GAT codon editing, it is possible that all 

editing of GAT serves as a priming edit event for further editing to GGT, creating the glycine 

N130G edit variant. The region of RNA structure that immediately surrounds an editing site is 

thought to influence the binding surface for ADAR and may alter the efficiency of editing for 

adenosines with different 5’ and 3’ neighboring residues (Eggington et al., 2011; Polson & Bass, 

1994; St Laurent et al., 2013). This may explain the extremely low percent of N130D edits 

observed, as most editing to create N130D (AAT to GAT) can be quickly converted to the double 

adenosine edit (GGT) of N130G, while editing to N130S (AGT) maybe be functionally stable 

itself and does not generally act as a priming event for N130G.  

Interestingly, we observed no correlation between ADAR expression levels and Cpx7A 

editing, as measured by percent editing of the I125M site, suggesting that differential editing of 

Cpx7A in individual cells is not due to differential ADAR expression. However, it is possible that 

ADAR activity is still altered in individual cells, giving rise to cellular differences in editing 
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profiles. Drosophila ADAR is a target of developmentally- and activity-regulated auto-editing, 

which produces a less active form of the enzyme (Palladino et al., 2000a; Rieder et al., 2015). We 

attempted to characterize ADAR auto-editing in this dataset to correlate ADAR activity states with 

Cpx7A editing, but found that the ADAR editing site was not well-represented in the data. Future 

work will be needed to determine if auto-editing of ADAR contributes to cell-specific differences 

in Cpx7A editing rates. 

As RNA editing of Cpx7A produces potential phospho-mimetic, phospho-incompetent, 

and phospho-competent substitutions in the amphipathic region of Cpx, we performed an in vitro 

kinase phosphorylation assay of unedited Cpx7AI125,N130 (termed Cpx7AN130) and edit variant 

Cpx7AI125M,N130S (termed Cpx7AN130S) to understand if the N130S site is indeed phospho-

competent, which may provide an avenue for Cpx regulation. We found CK2 can selectively 

phosphorylate Cpx7AN130S, supporting editing of the N130 to a serine creates a phospho-competent 

variant of the Cpx7A protein. Further mass spectrometry analysis will be needed to determine if 

the N130 site is phosphorylated in vivo, however, these findings support an interesting model for 

Cpx7A regulation through CK2-dependent phosphorylation. Mammalian Cpx1 and 2 (non-CAAX 

proteins) have been shown to undergo CK2 phosphorylation which leads to a higher affinity for 

SNARE complexes (Shata et al., 2007), suggesting CK2 phosphorylation of the N130S site may 

similarly allow the Cpx7AN130S edit variant to associate with SNAREs more efficiently to alter its 

clamping properties. Future perturbations of CK2 activity, such as CK2 activity mutants or 

phosphorylation inhibitors, will be required to understand if the N130S phospho-competent site 

serves as a regulatory switch for Cpx function, similar to the activity-dependent PKA 

phosphorylation of Cpx7B (Cho et al., 2015).  

 After observing expression of multiple Cpx7A edit variants, including a phospho-

competent edit variant, we sought to functionally characterize the impact of Cpx7A RNA editing 

on its function as a neurotransmission regulatory protein. We used pan-neuronal transgenic rescue 

of cpx null animals which demonstrate increased spontaneous fusion rates and a corresponding 

synaptic overgrowth phenotype at NMJs. Surprisingly, we found that incorporation of the 

phospho-competent site N130S produced a Cpx protein that was functionally inferior to a Cpx 

protein that incorporates the N130D phospho-mimetic site. This contrasts to the observed role for 

phospho-competent Cpx7B S126 site, in which phospho-mimetic S126D expression is less 

efficient at clamping spontaneous fusion and displays an overgrowth phenotype (Cho et al., 2015). 
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Instead of SV association, animals expressing Cpx7AN130S or Cpx7AI125M,N130D (termed 

Cpx7AN130D) showed Cpx mislocalization to axons, suggesting altered SV tethering abilities of 

both edit variants. Conversely, animals rescued with Cpx7AN130 largely expressed NMJ-localized 

Cpx that appeared enhanced at AZs, resembling the enhanced AZ localization observed when 

Cpx7A prenylation is perturbed (Iyer et al., 2013; Robinson et al., 2018).  

Despite mislocalization to axons, Cpx7AN130D animals rescued synaptic overgrowth and 

spontaneous clamping function, similar to control. Since Cpx7AN130S demonstrated a more severe 

mislocalization, it is possible that the elevated transgenic expression levels of Cpx7AN130D 

combined with some capabilities for SV localization is sufficient for Cpx7AN130D to efficiently 

interact with SNAREs and lipids to regulate fusion, while Cpx7AN130S cannot efficiently tether 

SVs and thus, cannot clamp spontaneous fusion as well as the other edit variants. Additionally, 

Cpx7AN130 may hyperlocalize to AZs where it can interact with nearby SNAREs but is not 

diffusible and thus, cannot move to new areas where its regulatory function is required, creating 

only a partial rescue of Cpx function. This may be due to altered stability of the amphipathic helix 

caused by RNA editing at N130, which may change membrane associations of Cpx proteins 

required for localization and function (Snead et al., 2014; Wragg et al., 2013). 

An alternative model is that Cpx7A localization does not alter Cpx’s abilities to function 

as an SV fusion regulator, but instead, the N130 site causes a structural change within the edit 

variants to modulate clamping function. In the case of Cpx7AN130S, this change may be linked to 

CK2 phosphorylation of this site and perhaps, possession of a negative charge on the hydrophilic 

face (as seen in phospho-mimetic Cpx7AN130D or by phosphorylation of Cpx7AN130S) may help 

Cpx associate with assembling SNAREpins even with altered membrane-interactions, as seen with 

CK2 phosphorylation of the mammalian Cpx1 and 2 C-terminal amphipathic region (Shata et al., 

2007). Interestingly, co-expression of Cpx7AN130 with Cpx7AN130S produced an intermediate 

clamping phenotype, suggesting multiple Cpx proteins bind assembling SNAREpins 

simultaneously to assert independent forces to fine-tune SV fusion kinetics and presynaptic output. 

Taken together, the structure and localization of Cpx7A edit variants may play important roles in 

modulating Cpx control of SV fusion. 

The data presented in this thesis establish and characterize a novel functional role for RNA 

editing of Cpx7A in regulating SV fusion at Drosophila NMJs. RNA editing of the amphipathic 

C-terminal region of Cpx7A produces multiple Cpx7A edit variants simultaneously within single 
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cells, in which phosphorylation of the phospho-competent Cpx7A variant may serve as a 

regulatory switch for Cpx function and localization within synapses. Future studies of the 

molecular mechanisms which underlie Cpx7A’s ability to interact with membranes and assembling 

SNAREpins will be critical to dissecting a role for CK2 phosphorylation and activity-dependent 

regulation of ADAR-mediated editing in fine-tuning Cpx regulation of neurotransmission. 

 

3.2 Future Directions 

 We have demonstrated that RNA editing of the C-terminus of the SNARE-binding protein 

Cpx regulates its ability to clamp SNARE-mediated SV fusion and can fine-tune presynaptic 

output. In addition, RNA editing of Cpx within single neurons is stochastic, generating multiple 

edit variants that fine-tune neurotransmitter release by altering its function. However, many 

questions remain about the regulatory mechanisms underlying Cpx7A and 7B function at synapses. 

A few possible future directions to address these questions will be discussed in this section. 

 

Defining distinct roles for Cpx7A and Cpx7B 

 We demonstrated that alternative splicing to generate Cpx7A and Cpx7B creates two 

proteins with largely redundant roles in regulating SV fusion at NMJs. However, mutants that have 

lost Cpx7A, the dominant isoform that is subject to RNA editing, demonstrate a significant 

reduction in Cpx expression and have striking behavioral deficits, indicating these proteins have a 

capacity to serve different functional roles. One explanation is that specific cells not assayed in 

this study are more reliant on Cpx7A function than Drosophila Type I motoneurons. For instance, 

loss of Cpx expression seen in cpxΔ7A mutants may specifically affect excitatory or inhibitory 

neuronal populations in a synapse-specific manner in the brain that regulate locomotion. However, 

preliminary observations of heterozygote CRISPR cpxΔ7A/cpxΔ7B double mutants (expressing one 

endogenous allele for each splice isoform) only partially rescue the severe behavioral deficit 

observed in cpxΔ7A mutant adults (data not shown). This observation suggests locomotion requires 

broader pan-neuronal Cpx7A expression and may be dosage-sensitive to Cpx7A.  

In future studies, spatial transcriptomic analysis of the central and peripheral nervous 

systems may elucidate spatial expression profiles of both Cpx splice isoforms in distinct neuronal 

classes, such as excitatory, inhibitory, and peptidergic neurons. Based on spatial profiling data, we 

can use whole-cell patch-clamp and optical recordings of central synapses to physiologically 
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characterize cells that show robust differences in Cpx isoform expression. Taken together, cell-

type specific profiling will help determine the role of each Cpx isoform in regulating 

neurotransmission properties across a broad range of synapses and may offer explanation for the 

striking behavioral differences seen between the splicing mutants. 

Given this potentially dosage-sensitive rescue of behavior, it is possible that specific SV 

cycling kinetics are altered by loss of Cpx7A, such as use and maintenance of SV pools, which 

may function to regulate depression and facilitation dynamics associated with synaptic plasticity. 

Cpx expression is required for maintenance of the IRP and RRP of vesicles (Jorquera et al., 2012), 

supporting a model in which the reduced Cpx expression observed in cpxΔ7A mutants could change 

SV pools that are critical for neuronal communication during high-frequency tetanic stimulation. 

Examination of how Cpx7A regulates short-term plasticity and SV pools during high-frequency 

tetanic stimulation (10 Hz) will allow for assessment of the IRP and RRP size. The IRP is measured 

through initial SV depletion, observed as the rapid and transient depression of physiological 

response to a sustained lower response value observed within the first 10-15 stimuli. We can then 

calculate the RRP by measuring response recovery through recruitment of vesicles from the RRP, 

which is observed as a slower depression in physiological response out to the ~1000th stimuli 

before the cell reaches steady-state SV recycling dynamics. Assessment of pool size can also be 

validated with electron microscopy of the synapse to examine the number of docked and AZ-

associated SVs. 

As Cpx7B lacks a membrane-tethering CAAX motif, we expect the Cpx7B isoform to have 

increased mobility within synapses, while Cpx7A will be more concentrated at release sites, 

allowing the Cpx isoforms to participate in different functional roles (discussed in section 1.4). 

However, no detectable mislocalization of Cpx7B to axons was observed in CRISPR mutants, 

unlike results from the transgenic Cpx7A edit variant rescue experiments. This may be due to 

lower endogenous Cpx expression instead of overexpression, making it more difficult to see 

changes in localization. Future experiments can be performed to determine whether Cpx7A and 

Cpx7B differentially localize within the larval NMJ. Isoform-specific CRISPR mutants were 

generated through a split-GFP system, in which either exon 7A or 7B is endogenously-tagged with 

a single GFP11 fragment (small tag) that will fluoresce when in contact with GFP1-10 (large 

cytosolic part of GFP, expressed through Gal4-UAS system) (Kamiyama et al., 2021). However, 

background fluorescence from GFP1-10 was too high to observe Cpx localization signals. This 
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system can be optimized by creating CRISPR Cpx strains with tandem GFP11 fragments to 

multiply the observed signal associated with the Cpx proteins. Additionally, super-resolution 

microscopy or immuno-electron microscopy of the CRISPR mutants can provide the necessary 

resolution to distinguish subcellular localization of each isoform and determine if Cpx7B is indeed 

more diffuse than Cpx7A, potentially allowing different functions for each splice isoform.  

Taken together, the altered behavior of cpxΔ7A mutants, along with a possible toolkit to 

assess subcellular localization specific to Cpx7A, provides an excellent opportunity to screen for 

interacting proteins that suppress the behavioral phenotype seen when Cpx7A is lost. A suppressor 

screen will provide insight into the interacting components of spontaneous and evoked SV fusion 

pathways, as well as Cpx7A membrane interactions that help localize Cpx proteins to release sites 

where it is needed to regulate assembling SNARE complexes. This work will continue to define 

distinct roles for splice isoforms Cpx7A and 7B and elucidate the molecular pathways involved in 

the regulation of neurotransmission. 

 

Phosphorylation as a regulatory mechanism for Cpx7A function  

In this thesis, we demonstrated that the Cpx7A edit variant Cpx7AN130S is subject to 

phosphorylation by CK2. As previously discussed, phosphorylation of the Cpx7B splice isoform 

plays an important role in functional and structural synaptic plasticity, but a similar regulatory 

phosphorylation event for Cpx7A function has not been characterized. Using in vitro kinase assays, 

we determined that the Cpx7AN130S edit variant was phospho-competent and phosphorylated by 

CK2. We have not yet recapitulated this Cpx7A phosphorylation in vivo. To that end, future studies 

of CK2 and Cpx7AN130S phosphorylation will be essential to understanding if Cpx7A function can 

be regulated by phosphorylation of its C-terminus. This work is especially pertinent given the 

established role for CK2 in synaptic organization and stability of Drosophila NMJs 

(Bandyopadhyay et al., 2016; Bulat et al., 2014), and evidence that CK2 pharmacological 

inhibition at the frog NMJ results in ~100-fold increase in spontaneous fusion (Rizzoli & Betz, 

2002), suggesting CK2 activity plays an important role in SV fusion and synaptic stability 

pathways.  

To address the question of N130S site-specific phosphorylation, we generated a Cpx7A 

protein with a mutated CK2 consensus sequence. Unlike unedited Cpx7AN130, expression of the 

C-terminal N130S edit creates a predicted CK2 consensus sequence S/T E/D found in a small 
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percent of CK2 targets, in which phosphorylation of the serine residue (pS) in Cpx7A can also act 

as a “primed” consensus sequence for a more commonly observed S/T-x-x-E/D/pS sequence 

contained within the Cpx7AN130S C-terminus (x=unspecified amino acid) (Bulat et al., 2014; 

Guerra et al., 1999; Meggio et al., 1998). Thus, we generated and purified Cpx7AI125M,T127A,N130S 

(termed Cpx7AT127A) to determine if phosphorylation of N130S can act as a priming 

phosphorylation event for T127. Preliminary results demonstrate that the altered CK2 consensus 

sequence created through phospho-incompetent T127A mutation reduces measured Cpx 

phosphorylation by half in comparison to Cpx7AN130S when reactions were incubated with CK2 

(Figure 1A, B; Cpx7AN130S: 2.187±0.502 normalized pCpx level, n=4; Cpx7AT127A: 0.900±0.732 

normalized pCpx level, n=2, p=0.1333), indicating site T127 is important for Cpx7AN130S 

phosphorylation, but T127 is not phospho-competent itself without the presence of N130S 

(Cpx7AN130: 0.216±0.088 normalized pCpx level, n=4).  

We attempted to validate phosphorylation of the endogenous Cpx7A N130S and Cpx7B 

S126 sites through mass spectrometry, but were only successful in observing Cpx7B S126 

phosphorylation. Cpx7A edit variants were not detected by mass spectrometry, preventing 

observation of the C-terminal phosphorylation event. Sample preparation should be repeated and 

alignment of fragments carried out with the consideration of various C-terminal edit variants. Once 

edit variant representation is confirmed within sample preparations, detection of phosphorylation 

at N130S or T127 should be possible. Moreover, future functional and structural studies of 

Cpx7AN130S in the context of CK2 inhibition, such as use of the CK2 Drosophila mutant, 

Timekeeper (CK2α-Tik), or other pharmacological CK2 inhibitors (reviewed in: Bandyopadhyay 

et al., 2016; Guerra et al., 1999), will be essential for testing phosphorylation-dependent regulation 

of Cpx7AN130S function and localization at synapses. Since co-expression of unedited and 

phospho-competent Cpx7A demonstrated the Cpx7AN130S edit variant can act in a dominant 

fashion, these experiments, along with SNARE binding assays, will elucidate the mechanism by 

which Cpx7AN130S interacts with SNAREs and SV membrane to regulate fusion. 

 

Role for RNA editing in synaptic plasticity 

 Although we characterized a functional role for RNA editing of the Cpx C-terminus, the 

role of RNA editing in Cpx-mediated synaptic plasticity is unknown. Previous work demonstrated 

an ability for ADAR activity to be modulated by spatial, temporal, and environmental factors 
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(discussed in section 1.5; Palladino et al., 2000a; Rieder et al., 2015; Sanjana et al., 2012), 

suggesting the frequency of Cpx editing may be modulated by intrinsic cellular activity, allowing 

dynamic changes to Cpx function within single cells. To assess RNA editing activity within single 

cells, we sought to characterize ADAR expression and ADAR editing states. Since ADAR is a 

target of auto-editing (Palladino et al., 2000a), we used expression of the edited ADAR transcript 

as a proxy for reduced ADAR activity. However, we found no correlation between ADAR 

expression and Cpx7A editing level, and we were unable to determine the editing state of ADAR 

within our RNAseq dataset. To address this issue, additional single-cell RNAseq of the adult brain 

and of activity mutants, such as the voltage-gated potassium channel mutant Shaker, can be 

completed to assess altered cellular activity levels and effects of activity on RNA editing. These 

experiments will provide access to define the dynamics of Cpx editing that contribute to altered 

synaptic properties in different cellular environments. 

Additionally, we can characterize the role of RNA editing in activity-dependent structural 

and functional synaptic plasticity (discussed in section 1.4 and in Cho et al., 2015). Briefly, 

functional plasticity can be tested by using high-frequency stimulation and measuring changes in 

spontaneous fusion rates, in which plasticity is observed as an increase in mini frequency that is 

sustained for several minutes after stimulation. Structural plasticity can be induced by rearing 

animals at a higher temperature (29 °C) and measuring synaptic growth changes (AZ and bouton 

number) compared to low temperature rearing conditions (25 °C). The structural growth observed 

at high temperatures corresponds to an increase in synaptic signaling, as Drosophila NMJ growth 

is regulated by motoneuron activity and larval locomotion is enhanced at this elevated temperature 

(Banerjee et al., 2021; Budnik et al., 1990; Cho et al., 2015; Choi et al., 2014; Sigrist et al., 2003). 

Consequently, cpx null animals that demonstrate a baseline elevation of spontaneous fusion rates 

cannot participate in these activity-dependent synaptic plasticity pathways (Cho et al., 2015).  

Preliminary structural growth analysis (muscle 6/7 Type Ib and Is motoneurons; abdominal 

segment A3) in Drosophila adar mutants (adar5G1) indicates that loss of ADAR activity does not 

significantly alter baseline synaptic growth (Figure 2A, B; 14.6% reduction in normalized bouton 

number in adar mutants compared to control; p=0.2752), but does prevent activity-dependent 

structural plasticity (Figure 2A, C). At the higher temperature, control animals demonstrate a 

significant ~50% increase in bouton number per muscle area compared to the lower temperature 

(p=0.0165), while adar mutants exhibit a ~30% reduction in bouton number per muscle area in 



110 
 

these same conditions (p=0.4580), supporting a role for ADAR-mediated RNA editing in activity-

dependent structural synaptic plasticity. However, it is worth noting that previous studies of adar 

mutants demonstrate a slight (~10%) baseline increase in bouton number at this same NMJ when 

compared to controls, though this percentage has not been normalized to muscle area as was done 

in Figure 2B (Maldonado et al., 2013). Given this discrepancy, future experiments should be 

completed to measure synaptic growth in adar mutants and determine if loss of adar leads to 

synaptic overgrowth at NMJs before proceeding with structural and functional synaptic plasticity 

assays. 

After validating a role for ADAR in synaptic plasticity, the role of each Cpx7A edit variant 

in plasticity should be dissected. Using the same transgenic constructs described in this thesis, 

activity-dependent structural and functional plasticity can be evaluated with each rescue line. 

Preliminary results suggest all Cpx7A edit variants may support temperature-dependent structural 

synaptic plasticity except for Cpx7AN130S, the edit variant that demonstrates limited spontaneous 

fusion clamping abilities and thus, most closely resembles cpx null animals that cannot participate 

in activity-dependent plasticity (Figure 3A, B; control: +35%; cpxSH1: -13%; Cpx7AN130: +39%; 

Cpx7AN130S: -6%; Cpx7AN130D: +44%; value represented is positive (+) or negative (-) percent 

change in bouton number normalized to muscle area between high and low temperature conditions 

per genotype). Due to the variability within this data and the difficulty in finding age-matched 

larvae, comparisons between temperature conditions within each genotype were not significant. 

This transgenic rescue plasticity experiment can be repeated using a greater temperature  difference 

(18 °C and 29 °C) to exaggerate measurable synaptic growth.  

Additionally, if ADAR regulates synaptic plasticity, double mutant experiments in 

adar5G1/cpxSH1 backgrounds with selective rescue by individual Cpx7A edit variant constructs will 

determine if ADAR’s function in plasticity is through Cpx-mediated pathways or by ADAR-

mediated editing of other synaptic proteins, such as the voltage-gated sodium channel Para 

(Palladino et al., 2000b). Together, these experiments will help define a role for RNA editing of 

the Cpx C-terminus in activity-dependent synaptic plasticity. 
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3.3 Materials and Methods 

Drosophila stocks 

Flies were cultured on standard medium and maintained at 25 °C (low) or 29 °C (high) incubator 

temperature. Age-matched late 3rd instar male larvae were used for imaging experiments. 

Experiments were performed with adar5G1 mutants and control (cantonized adar5G1) generously 

gifted from Robert A. Reenan (Brown University, Providence, RI, USA) and with control, cpx 

null, and Cpx7A rescue lines described in Chapter 2.  

 

Immunohistochemistry 

Larvae were dissected in hemolymph-like HL3.1 solution (in mM: 70 NaCl, 5 KCl, 4 MgCl2, 10 

NaHCO3, 5 trehalose, 115 sucrose, 5 HEPES, pH 7.18) and fixed in 4% paraformaldehyde for 18 

minutes. Larvae were washed three times for five minutes with PBST (PBS containing 0.1% Triton 

X-100), followed by a thirty-minute incubation in block solution (5% NGS in PBST). Fresh block 

solution and primary antibodies were added. Samples were incubated overnight at 4°C and washed 

with two short washes and three extended 20 minutes washed in PBST. PBST was replaced with 

block solution and fluorophore-conjugated secondary antibodies were added. Samples were 

incubated at room temperature for two hours. Finally, larvae were rewashed with PBST and 

mounted in Vectashield (Vector Laboratories, Burlingame, CA). Antibodies used for this study 

include: mouse anti-Brp, 1:500 (NC82; Developmental Studies Hybridoma Bank (DSHB), Iowa 

City, IA)); rabbit anti-Cpx, 1:5000 (Huntwork & Littleton, 2007); goat anti-rabbit Alexa Fluor 

488, 1:500 (A-11008; ThermoFisher Scientific, Waltham, MA, USA); goat anti-mouse Alexa 

Fluor 546, 1:500 (A-11030; ThermoFisher); DyLight 649 conjugated anti-HRP, 1:500 (#123-605-

021; Jackson Immuno Research, West Grove, PA, USA).  

 

Confocal imaging and imaging data analysis 

Immunoreactive proteins were imaged on a Zeiss Pascal confocal microscope (Carl Zeiss 

Microscopy, Jena, Germany) using 63X 1.3 NA oil-immersion objective (Carl Zeiss Microscopy). 

Images were processed with the Zen (Zeiss) software. A 3D image stack was acquired for each 

NMJ imaged (muscle 6/7 Ib/Is of abdominal segment A3) and merged into a single plane for 2D 

analysis using FIJI image analysis software (Schindelin et al., 2012). No more than two NMJs 
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were analyzed per larva. HRP labeling was used to identify neuronal tissue (NMJ) and quantify 

synaptic bouton number. Muscle 6/7 area was used to normalize quantifications.  

 

Purification of Complexin for in vitro phosphorylation assays  

QuikChange Lightning (Agilent) was used for site-directed mutagenesis of unedited Cpx7A to 

generate Cpx7AI125M,N130S (termed N130S) and Cpx7AI125M,T127A,N130S (termed T127A). 

Recombinant Cpx fused with GST was expressed in E. coli (BL21) and purified using glutathione 

sepharose 4B (Fisher Scientific). Peak fractions were concentrated and further purified by gel 

filtration as previously described (Cho et al., 2015). In vitro kinase assays were performed using 

purified recombinant Cpx proteins and the catalytic subunit of CK2 (C70-10G, SignalChem). 

Briefly, 10 mg of purified GST-fusion protein (unedited Cpx7A, N130S, or T127A ) was used per 

reaction and incubated with 2,500 units of recombinant kinase and [32P]ATP (Perkin Elmer). 

Reaction products were separated by SDS-PAGE and gels were stained with Bio-Safe Coomassie 

Blue (Bio-Rad), dried, and exposed to autoradiography film at room temperature. Mean integrated 

density of each band was quantified using FIJI and relative density of phospho-Cpx (pCpx) was 

calculated by normalizing to input band intensity determined by Coomassie staining.  

 

Experimental design and statistical analysis 

Statistical analysis and plot generation were performed using GraphPad Prism (San Diego, CA, 

USA). Appropriate sample size was determined using a normality test. Statistical significance for 

comparisons of two groups was determined by a Student’s t-test. For comparisons of three or more 

groups of data, a one-way ANOVA followed by Tukey’s Multiple Comparisons test was used to 

determine significance. For comparisons of two factors with three or more groups of data, a two-

way ANOVA was used followed by Tukey’s Multiple Comparisons test. The mean of each 

distribution is plotted in figures with individual datapoints also shown. Figure legends report 

mean±SEM, and n. Asterisks indicate the following p-values: *, p ˂ 0.05; **, p ˂ 0.01; ***, p ˂ 

0.001; ****, p ˂ 0.0001, with ns=not significant. 
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Figures 
 
Figure 1. Mutation of predicted CK2 consensus sequence alters Cpx7A phosphorylation. (A). 

Representative images of protein loading control (Coomassie blue, top panel) and CK2 

phosphorylation ([32P] incorporation on autoradiograph, bottom panel) for Cpx7A I125M, N130S 

(Cpx7AN130S) and for Cpx7A I125M, T127A, N130S (Cpx7AT127A) compared to unedited Cpx7A 

I125, N130 (Cpx7AN130) in in vitro phosphorylation assays. The absence (-) or presence (+) CK2 

in labeling reactions is denoted. Phosphorylation of Cpx7A isoforms by CK2 in vitro shows 

“priming” effect when predicted CK2 consensus sequence is mutated. (B) Quantification of [32P] 

incorporation for the indicated Cpx proteins in in vitro CK2 phosphorylation assays demonstrates 

reduction in Cpx phosphorylation when additional T127 site is mutated to a phospho-incompetent 

residue (T127A), suggesting that residues T127 and S130 are both required for proper Cpx 

phosphorylation. Data are shown as mean±SEM. 

Figure 2. ADAR is required for activity-dependent structural plasticity. (A) Immunostaining 

of developmentally-matched 3rd instar larval muscle 6/7 NMJs at segment A3 from control 

(Cantonized adar5G1) and adar mutant (adar5G1) animals with antibodies against Brp (green), Cpx 

(gray), and anti-HRP (magenta) after being raised in either  low (25 °C, blue, top panel) or high 

(29 °C, orange, bottom panel) temperature conditions. Scale bar=10 µm. (B) Basal synaptic growth 

of control and adar5G1 mutant animals is similar, quantified as a bouton number normalized to 

muscle 6/7 area. (C) Controls show activity-dependent structural plasticity, whereas adar mutants 

lack this plasticity. Control animals have an increase in bouton number when raised at a high 

temperature compared to low temperature rearing conditions. Data are shown as mean±SEM; 

*p˂0.05, **p˂0.01, ***p˂0.001, ****p˂0.0001, ns=not significant. 

Figure 3. Phospho-competent Cpx7A does not display activity-dependent structural 

plasticity. (A) Immunostaining from developmentally-matched 3rd instar larval muscle 6/7 NMJs 

at segment A3 from control (elavC155-GAL4, cpxPE (precise excision (Huntwork & Littleton, 2007), 

cpxSH1 (elavC155-GAL4, cpxSH1), Cpx7AN130 (elavC155-GAL4, cpxSH1, UAS-Cpx7AI125,N130), 

Cpx7AN130S (elavC155-GAL4, cpxSH1, UAS-Cpx7AI125M,N130S), and Cpx7AN130D (elavC155-GAL4, 

cpxSH1, UAS-Cpx7AI125,N130D) animals with antibodies against Brp (red), Cpx (green), and anti-

HRP (blue) after being raised in either  low (25 °C, blue, top panel) or high (29 °C, orange, bottom 

panel) temperature conditions. Scale bar=10 µm. (B) Quantification of activity-dependent 
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structural plasticity, quantified as a bouton number normalized to muscle 6/7 area. Control animals 

have an increase in bouton number when raised at a high temperature compared to low temperature 

rearing conditions. Data are shown as mean±SEM. 
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